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ABSTRACT 

Inactivity and age-related sarcopenia similarly lead to a loss of muscle mass and function. 

This has largely been attributed to deficits in the synthesis of proteins and organelles, yet the 

processes that govern the clearance of such constituents remain unexplored. The maintenance of 

the latter is integral, as damaged proteins/organelles perpetuate functional impairments within the 

tissue. The autophagy-lysosome system (ALS), which entails the selective tagging of damaged 

proteins and organelles, followed by their digestion in the lysosomes, is one such method. When 

confined to the mitochondria, the energy producing organelles, this process is termed mitophagy. 

Our work is focused on the regulation of intracellular degradation through the ALS, in both disuse 

and aging models, with implications for mitochondrial and tissue health. 

To examine the dynamic effects of muscle disuse, we unilaterally denervated the hindlimb 

muscle of rats for 1, 3 or 7 days. Our results indicate that autophagy and mitophagy flux are 

biphasic, being upregulated in the early time points (i.e., 1 and 3 days) and downregulated at the 

latter time point. Increases in lysosomal protein levels were promoted by the upregulation and 

nuclear activation of the transcriptional regulator of lysosomal protein synthesis (Tfeb). Utilizing 

electron microscopy, we measured an increase in vacuolar inclusions, indicative of lysosomal 

dysfunction with prolonged denervation. 

In aged muscle we similarly report elevations in ALS components and higher nuclear 

TFEB versus young mice. Uniquely, female mice had a greater abundance of ALS-related proteins 

and indices of autophagosomal turnover. This indicates that biological sex influences the capacity 

for autophagy. Paradoxically, catabolic events are also transiently upregulated in response to 

exercise, serving to “prune” the tissue’s faulty parts, including the mitochondria. Thus, we 

subjected young and aged mice to exhaustive exercise. Young male mice were able to activate 
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autophagy and lysosome biogenesis to a greater extent than female counterparts. This effect was 

blunted in aged mouse muscle, independent of sex. 

We have uncovered how autophagy and mitophagy are differentially regulated in 

denervated and aged muscle. Further, we were able to show that biological sex influences the 

regulation of the autophagy-lysosome system in young, aged, and exercised muscle. 
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Chapter One: Introduction 

Skeletal muscle is the largest organ system in the human body, and plays a significant role 

in locomotion, motor task execution and in the control of whole-body metabolism. As such, 

preserving healthy muscle throughout our lifespan is integral to the maintenance of quality of life. 

Importantly, muscle displays a high degree of plasticity, adapting to the demands placed upon it. 

These demands include contractile activity, or lack thereof, and metabolic cues. This plasticity 

contributes to the beneficial effects of exercise, but also the decrements in muscle quality observed 

with sedentarism and aging. Thus, understanding the consequences of these adaptations has 

implications for the increasing aging population, and for those who are restricted in physical 

activity due to sedentary behavior or injury. 

Chronic muscle disuse is commonly associated with loss of muscle mass (i.e., atrophy), 

function and metabolic efficiency. The natural aging process produces similar characteristics in a 

condition known as sarcopenia, which can be exacerbated by prolonged periods of inactivity. 

Fortunately, exercise can restore muscle health following periods of disuse, and can serve to slow 

age-related muscle wasting. Thus, further understanding of the molecular differences between 

young and old muscle, and the differential effects of physical activity and inactivity on these 

populations will guide the development of strategies to enhance skeletal muscle health with 

increasing age. 

 Skeletal muscle mitochondria are primarily responsible for energy production. When these 

organelles become dysfunctional there are detrimental effects on the muscle through both a lack 

of energy production and the damaging effects of reactive oxygen species. The volume of these 

organelles within muscle is regulated by the balance of opposing processes of their synthesis 

(biogenesis) and degradation, the latter via a specific form of autophagy, termed mitophagy. 
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Mitophagy contributes to the loss of mitochondrial volume and the preservation of their function 

through the removal of organelles that become defective. 

 Autophagy is a cellular quality control mechanism that digests and recycles impaired 

organelles and protein aggregates at the lysosomes. This process is required in a balanced manner, 

as overactivation has catabolic effects, whereas loss of autophagy prevents the removal of 

damaging constituents. Recently, lysosomes, acidic digestive organelles, have been established as 

a regulator of muscle quality through their ability to terminally degrade cellular components, such 

as mitochondria.  

With the rapid increase in the aging population, and with inactivity rates on the rise, it is 

essential to uncover the mechanisms responsible for the preservation of skeletal muscle health. 

Overall, investigating the disuse and age-induced responses in autophagy, mitophagy and the 

regulation of the lysosomes are avenues worthy of exploration. Furthermore, understanding the 

molecular control of the beneficial effects of exercise will guide future interventions aimed at 

mitigating the negative effects of age and disuse on the skeletal muscle health. Thus, the goal of 

this dissertation is to examine how disuse, in the form of neuromuscular denervation, and 

advancing age impact the autophagy-lysosome system in skeletal muscle, with the further aim of 

exploring how exercise may positively influence these processes. 
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CHAPTER 2: REVIEW OF LITERATURE  

2.1. Overview of Skeletal Muscle Form and Function: 

2.1.1. SKELETAL MUSCLE ANATOMY 

Skeletal muscle comprises approximately 40% of total body mass and is integral for 

locomotion and whole-body metabolic control (1, 2). Muscle is a “long” tissue that is attached to 

the bone on both ends via tendons. As such when contraction occurs, the muscle shortens, 

effectively pulling the attached bones together. Typically thought of as a layered tissue (3), 

bundled within a muscle are multiple fascicles, which contain myofibers (muscle cells). Each 

myofiber membrane is termed the sarcolemma, and within it the boundaries of this membrane are 

subunits called myofibrils, which contain the contractile apparatus. A series of sarcomeres 

(thousands to millions) make up myofibrils, of which boundaries are defined by z-lines (Figure 1). 

With actin and titin anchored to these z-lines, and myosin closely associated, each sarcomere has 

the machinery to contract when signaled to. As a cell, muscle fibers contain capillaries for nutrients 

exchange, and nervous innervation through neuromuscular junctions. 

 Inside and around the muscle fiber is an intricate network of membrane-bound structures 

termed transverse-tubules (TT) and sarcoplasmic reticulum (SR). The TT are invaginations of the 

sarcolemma, that allow for action potentials to penetrate the myofiber, and ultimately promote 

contraction (see below). These TT are flanked by SR, which act as a Ca2+ storage depot. This 

sophisticated anatomy allows for control of muscular contraction. 
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Figure 1. Schematic Depiction of a Skeletal Muscle Sarcomere. A sarcomere boundary 

is within two Z-Lines. Actin, the “thin filament”, made up of globular actin subunits, is 

tethered to the Z-Line. Myosin, the “thick filament” is contained within the mid-portion 

of the sarcomere. Each myosin contains two-heavy and four-light chains, making it a 

hexamer. Anatomically, the I-Band is a region where only actin can be seen 

microscopically, the A-Band is the region where both Actin and Myosin can be observed, 

the M-Line is the middle of the Sarcomere, and the H-Band is a region where only Myosin 

is observed. 

 

2.1.2. CONTROL OF MUSCULAR CONTRACTION 

Muscular contraction is an intricate process that begins at the -motorneuron. Depolarization 

at the pre-synaptic membrane will lead to the release of the neurotransmitter, acetylcholine (Ach), 

at the neuromuscular junction (NMJ). Ach diffuses across the synaptic cleft and binds to post- 

synaptic nicotinic Ach-receptors housed within the sarcolemma. This acts to open Na+ channels, 

and an influx of Na+ leads to an action potential at the sarcolemma. This action potential propagates 

down the TT, activating dihydropyridine receptors (DHRP). Through physical interaction with 

Ryanodine Receptors (RYR) of the SR, Ca2+ will be released into the sarcoplasm, where it can 

promote muscular contraction (4, 5). In a process called excitation-contraction coupling (ECC), 

Ca2+ will bind to troponin c, and effectively release its inhibition on myosin binding sites within 

the actin molecules, allowing for the complexes to interact and promote contraction through 

crossbridge cycling (4, 5). This process requires an abundance of energy in the form of adenosine 

triphosphate (ATP). Following the cessation of an action potential, the Ca2+ that has flooded into 
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the muscle will be reuptaken into the SR via the sarco/endoplasmic reticulum Ca-2+-ATPase 

(SERCA) pump (6). 

An important concept in control of muscle contraction is that of a motor unit, which 

is essentially an -motorneuron and all the muscle fibers it innervates. Thus, a single -

motorneuron will branch to create a variety of NMJs on several muscle fibers within a 

muscle. Since a muscle contains 100’s to 1000’s of muscle fibers, and it will have numerous 

motor neurons innervating a variety of these fibers. It has long been known that each muscle 

fiber in a motor unit has the same contractile and metabolic properties (7, 8), and that 

recruitment occurs based on the size recruitment principal (9, 10). 

2.1.3. MUSCLE METABOLISM 

Myofibers, like all cell types, rely on multiple metabolic pathways to create the ATP required 

for contraction and other maintenance events. These are categorized as the phosphocreatine/ 

creatine kinase (PCr/CK) system, glycolysis, and oxidative phosphorylation (OXPHOS) (Figure 

2). The PCr/CK system is primarily responsible for ATP production when there is a high metabolic 

demand in which ATP breakdown exceeds the ability to be regenerated by the other systems (11). 

These situations arise at the onset of activity or during high-intensity exercise. Essentially, this 

metabolic pathway utilized CK to create ATP from free ADP and creatine-bound Pi (PCr) (11). 

When muscle activity lasts longer than a few seconds, the energy required to regenerate ATP is 

derived from blood glucose and intramuscular glucose through its breakdown in glycolysis (12, 

13). This pathway produces ATP directly, but also produce NADH and pyruvate, which can be 

utilized in OXPHOS. Typically, OXPHOS is the predominant energy source when muscle activity 

is prolonged (i.e., running a marathon) at a lower intensity (12, 13). OXPHOS relies on 

mitochondria, the “powerhouse of the cell”, to produce mass quantities of ATP while utilizing 
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oxygen in the process (Reviewed in Chapter 2.3.1). Importantly, the relative contribution of these 

metabolic pathways differs based on the level (i.e., high intensity vs low intensity exercise) and 

duration (short-term vs prolonged) muscular activity, but also based on muscle fiber-type. 

 

Figure 2. Overview of Metabolism in Skeletal Muscle. During exercise, ATP is 

hydrolyzed into ADP + Pi by Myosin ATPase during contraction. Three systems will 

work to regenerate ATP. The first is mediate by the enzyme Creatine Kinase (CK), which 

will utilize the Pi from Phosphocreatine (PCr) to create ATP, leaving Creatine (Cr) to then 

be utilized to restore PCr. The second is via glycolysis, in which glucose from the blood 

or intramuscular glycogen (IMG) it utilized to generate ATP and pyruvate for the final 

system, which is OXPHOS in the mitochondria. In addition to pyruvate, fatty acids from 

the blood and intramuscular triglycerides (IMTGs) will be utilized by the mitochondrial 

electron transport chain (ETC) to create ATP in the presence of oxygen. 

 

2.1.4. MUSCLE FIBER TYPES 

Typically, muscle fiber type is categorized based on the innervation they receive, the 

isoform of the contractile properties they contain (i.e., myosin ATPase isoform), metabolic 

properties and/or color. Type I (slow and oxidative) fibers have high capillarization to foster 

nutrient exchange, an abundance of mitochondria to support OXPHOS, slow shortening velocity 

and easy excitability/recruit ability. Muscles belonging to this group are typically smaller, tonic, 
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and the most fatigue resistant. Conversely, Type II fibers can be categorized as IIa (fast, oxidative) 

and IIx (fast-glycolytic). IIa fibers are intermediary of I and IIx. Type IIx fibers have the greatest 

capacity for force generation due to their size, but they are also the most fatigable due to a low 

abundance of OXPHOS machinery. Muscle fibers that are IIx require the larges stimulus for motor 

neuron depolarization, and thus, are only recruited when high levels of force production is 

required. Interestingly, it has been noted that rodents (i.e., mice and rats), which are typically used 

in research settings, contain subtle differences in their fiber-type categorizations, containing Type 

IIb fibers (14). 

2.2. The Autophagy-Lysosome System: 

2.2.1. OVERVIEW OF THE AUTOPHAGY PATHWAY 

The literal definition of autophagy is self (auto) eat (phagy) in Greek, coined by Dr. 

Christian de Duve in the 1960s. Although discovered in the 1950s most of the seminal work in the 

autophagy field began when Dr. Dr. Yoshinori Oshumi studied the regulation of this process in 

yeast in the 1990s (15, 16), for which he won the 2016 Nobel Prize in Physiology or Medicine. 

Specifically, Dr. Oshumi’s group were the first to identify autophagy-related genes (Atg), and the 

field rapidly evolved shortly thereafter (17). 

Typically, autophagy is categorized as either 1) the non-selective process in which small 

cytoplasmic proteins are internalized into the lysosome via membrane invaginations, termed 

microautophagy (18); 2) chaperone mediated autophagy (CMA) the selective process that requires 

heat shock conjugate 70 protein (Hsc70) to bind to soluble proteins, and transport them to the 

lysosome-associated membrane protein (Lamp) type 2A receptor on lysosomes (19); or 3) 
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macroautophagy, the bulk degradation of macromolecules, protein aggregates and organelles. 

Although distinct, all are complete with the delivery of cargo to the lysosome.  

Autophagy is a major catabolic system within the cell, principally responsible for the 

selective degradation of long-lived proteins, protein aggregates, macromolecules and organelles 

via lysosomes (20). Although paradoxical in nature, this highly conserved process is protective in 

cells, aiding in the removal of damaged cellular components (i.e., macromolecules and organelles), 

and liberating their constituents for cellular processes (i.e., energy metabolism and biosynthesis). 

In steady state conditions, autophagy is continually ongoing. Importantly, autophagic breakdown 

is essential for the maintenance of cell health through the removal of damaged or dysfunctional 

cellular components, such as mitochondria via mitophagy. In skeletal muscle, inhibition of 

autophagy elicits atrophy, perturbations in sarcomere structure, neuromuscular junction decay, and 

weakness (21–25). Furthermore, a hallmark of various myopathies aberrant autophagy (26–32). 

Cumulatively, these findings highlight the importance of understanding the processes that govern 

this proteolytic system in skeletal muscle tissue. 

2.2.2. TRANSCRIPTIONAL CONTROL OF AUTOPHAGY 

 Gene expression of the autophagy-lysosome system is primarily mediated by two groups 

of transcription factors. The first is the forkhead box O (FoxO) family of transcription factors. Of 

the numerous FoxO isoforms (i.e., 1, 3, 4 and 6), FoxO3 is the most understood and studied in the 

context of skeletal muscle. Early studies demonstrated that 1) FoxO3 overexpression in vitro, 2) 

activation via mutagenesis and 3) activation in response to nutrient depravation in vivo induces 

atrogin-1, an E3-ubiquitin ligase, expression thereby promoting muscle atrophy through 

upregulation of the ubiquitin-proteasome pathway (33). The complexity of FoxO3 in inducing 

muscle atrophy was uncovered shortly thereafter, whereby two subsequent studies demonstrated 
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that FoxO3 promotes the expression of both proteasome- and autophagy-related genes, leading to 

muscle atrophy (34, 35). Furthermore, FoxO3 promotes mitophagy through Bcl3 and adenovirus 

E1b 19-kDa-interacting protein 3 (Bnip3) and Bnip3-like (Nix) gene expression (35). In fact, 

blunted FoxO3 activity prevents stimulus-induced atrophy of muscle fibers through perturbations 

in both proteasomal and autophagic pathways (33, 36–43). Although FoxO3 is the most well-

characterized, other FoxO family members have been shown to act in a similar manner within 

muscle (44), but the vitality of these in the regulation of autophagy is not fully elucidated. 

 The second class of transcription factors that is integral in the activation of the autophagic 

genetic program are members of the MiTE/TFE family, specifically Tfeb and Tfe3. A series of 

intricate studies performed by the groups of Andrea Ballabio and Rosa Puertollano helped to 

identify these transcription factors and their mechanism of action (45–49). Functionally, Tfeb and 

Tfe3 homodimerize and/or heterodimerize to interact with E-box and M-box elements in 

promoters (45, 50, 51) and regulate the expression of both lysosome and autophagy-related genes 

via their ability to activate the coordinated lysosome enhancement and regulation (CLEAR) 

network of genes (45–49). Although the work in skeletal muscle is limited, studies are beginning 

to explore these transcription factors in muscle physiology and pathophysiology. Uniquely, Tfeb 

can promote mitochondrial biogenesis in muscles, and the absence of Tfeb limits muscular 

endurance, which may be autophagy-independent (52). However, more work is required to 

understand this phenomenon and to determine if Tfe3 acts in a similar manner within muscle. 

2.2.3. AUTOPHAGY: FROM ACTIVATION TO EXECUTION 

The process of macroautophagy, herein referred to autophagy, can be broken down into a 

series of steps, including initiation/activation, nucleation, elongation/maturation, transport, fusion 

with lysosomes, and degradation (Figure 3). Although not fully characterized in muscle, the 
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information provided below serves as a framework, which has been utilized to study autophagy in 

this organ system. 

Autophagy begins with the induction of a pre-autophagosomal structure, mediated by the 

Ulk1 complex containing the yeast Atg1 homolog unc-51-like kinase (Ulk1), family-interacting 

protein 200kDa (FIP200), Atg13 and Atg101, which are integral in complex stabilization and 

function (53–58). For example, Atg101 prevents Atg13 and Ulk1 proteasomal breakdown through 

phosphorylation. Ulk1 functions as a serine/threonine kinase, the activity of which is negatively 

regulated by the mammalian target of rapamycin complex 1 (mTORC1), and positively regulated 

by AMP-activated protein kinase (AMPK) in both direct and indirect mechanisms (59–61). As 

such, the induction of autophagy is tightly controlled based on cellular demands, as discussed 

further below. The utility of Ulk1, and its isoform, Ulk2, in muscle have recently been 

demonstrated, whereby their deletion perturbs autophagy flux and promotes muscular weakness 

(62, 63). 

Activated Ulk1 stimulates the class III PI3K Complex I (PI3KC3-C1), which consists of 

vacuolar sorting proteins (Vps) 15 and 34, Atg14, Beclin1 and Ambra1 (64–66) to promote 

nucleation of the autophagosomal membrane. Specifically, the Ulk1 complex will enhance the 

lipid kinase activity of Vps34 through phosphorylation (67) leading to the production of the 

phospholipid phosphatidylinositol-3-phosphate [PI(3)P], which is utilized in the nucleation of 

autophagosomal membranes. This occurs whilst Ulk1-mediated phosphorylation of Beclin1 (67, 

68) and Ambra1 (64) help release the complex from the cytoskeleton for successful activity. At 

the present time, the source of this phagophore membrane is unknown, however there is evidence 

suggesting that it may originate from a variety of organelles and could differ in response to the cell 

the type and physiological conditions that active autophagy (69). More work is required to 
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Figure 3. Overview of the autophagy pathway. 1) Initiation of autophagy occurs during 

times of cellular stress. As such, AMPK is activated and can inhibit mTORC1 to suppress 

its inhibitory role on Ulk1 activity and autophagy. Furthermore, AMPK can directly 

phosphorylate Ulk1, thereby activating it. Functional Ulk1 can then phosphorylate and 

mobilize the 2) Nucleation complex, to create PI(3)P and begin the process of forming 

the phagophore, which will act as a scaffold for the mature autophagosome. 3) Maturation 

and elongation of the phagophore occurs through a series of conjugation reactions. Firstly, 

Atg4 creates LC3-I from pro-LC3. LC3-I is the processed by Atg7 and Atg3. The Atg5-

12-16L1 complex is created through its own conjugation reactions and acts to assist in 

the addition of PE to LC3-I to create mature, autophagosomal LC3-II. 4) As the 

membrane expands, cargo will be selected via the interaction of adaptor proteins with 

autophagosomal LC3-II. 5) Once autophagosomes are formed, they will transport to the 

lysosomes, where the 6) membranes will fuse and degradation will take place. 
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determine the membrane origin of autophagosomes in muscle. In addition, Atg9 rich membranes, 

originating from intracellular vesicles, are thought to donate lipids to promote further nucleation 

and expansion of the phagophore (69, 70). Expansion of the phagophore subsequently occurs 

through two ubiquitin-like conjugation systems. The first is mediated through the Atg12-Atg5-

Atg16L1complex. This complex is formed by E1-activating enzyme Atg7 and E2-conjugating 

enzyme Atg10, which work to link Atg12 to Atg5, which, when dimerized will recruit Atg16L1 

(71). This complex will then dimerize with an identical complex, which is essential for activating 

late-steps in the second conjugation system. The second conjugation system involves the 

conversion of yeast Atg 8 homolog, pro-microtubule-associated proteins 1A/1B light chain 3 (LC3) 

into its lipidated form LC3-I and subsequently its active, autophagosome embedded form, LC3-II. 

This begins with Atg4-mediated cleavage of pro-LC3 into LC3-I. Subsequently, Atg7, as an E1-

like enzyme, will activate and transfer LC3-I to the E2-like enzyme Atg3, where it will be 

conjugated to phosphatidylethanolamine (PE) by the initial Atg-12-5-16L1 complex (71, 72). LC3-

II will then embed itself in the autophagosomal membrane, where it contributes to expansion of 

the structure, acts as a receptor for cargo selection, and a marker for autophagosome membrane 

(73, 74). Both gamma-aminobutyric acid receptor-associated protein (GABARAP), and Golgi-

associated ATPase enhancer of 16kDa (GATE16) follow a similar mechanism of conjugation and 

play a role in autophagosome maturation like LC3 (73, 74). There is controversary in the muscle 

literature whereby some believe that slow muscle has a great abundance of autophagosomes and 

autophagic breakdown (75), whereas others believe the opposite (76, 77) in a basal state. However, 

these studies unanimously show that in response to exercise and starvation, fast muscle has a 

greater induction of autophagic breakdown (75–77). 
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As the autophagosome begins to mature, cargo selection will begin to take place. This 

process is highly selective and can be ubiquitin (Ub) -dependent or -independent, ultimately 

working to tether digestible components to the autophagosome (78–80). As the name suggests, 

Ub-dependent autophagy relies on the presence of a Ub chains on proteins, followed by the 

tethering of these proteins to autophagosomal embedded LC3-like proteins via a receptor. In 

ubiquitin-independent autophagy, autophagy receptors recognize cellular constituents such as 

proteins, lipids, and sugars directly. Such receptors include p62 (Sqstm1) (81), neighbor of BRCA1 

gene 1 (NBR1) (82), Optineurin (OPTN) (83, 84), and Toll-interacting protein (Tollip) (85). 

Uniquely, these receptors possess both Ub-binding domains (UBD) and LC3- interacting regions 

(LIR) allowing for the selective degradation of various intracellular components (86, 87). 

Once closure of the autophagosome occurs and its constituents are engulfed, the structure 

is destined for transport to the lysosomes. Movement of autophagosomes is via microtubule tracts 

and microtubule associated motor proteins (88, 89). This process is not well studied, especially in 

the context of skeletal muscle. However, it has been demonstrated that treatment with colchicine, 

a microtubule destabilizer, prevents autophagic vesicles from reaching the lysosome, and thus 

debris accumulates within the cell (90, 91), highlighting the importance of autophagosomal 

transport in the autophagy-lysosome system. Once delivered to the lysosome, the membranes of 

the two compartments will fuse, forming an autolysosome. This has vaguely been characterized in 

mammalian cells, but Ras-related protein 7 (Rab7) is responsible for tethering autophagosomes to 

microtubule motor proteins, whereas SNARE proteins are thought to be responsible for fusion 

events at the lysosome membrane in conjunction with Lamp proteins (88).  

Degradation will take place then take place at the lysosomes, highly acid organelles that 

contain an abundance of proteins to aid in the breakdown of autophagic substrates. Maintenance 
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of the proper pH (4.5-5.0) is integral for the functioning of these organelles, and vacuolar-type 

H+-ATPase (v-ATPase) is primarily responsible for this (92). It should be noted that there is an 

evolving understanding of acidification mechanisms that suggest other players involved (92). 

Integral lysosomal membrane proteins (Lmp), lysosome associated membrane proteins (Lamp) 

and lysosomal hydrolases make up the lysosome (i.e. proteases, glycosidases, lipases, and 

nucleases) (93, 94). This heterogeneity allows for the digestion of and array of intracellular 

compounds into their basic constituents. Typically thought of as the digestive organelle, an 

abundance of literature has implicated the lysosomes as a significant component in the monitoring 

and subsequent response to changes in the cellular milieu. For example, lysosomes are sensitive 

to changes in nutrient and amino acid availability, discussed briefly below (94, 95). Furthermore, 

lysosomes are important in organellar communication, for example, between them and the 

mitochondria (96–98), but more work is required to understand this phenomenon in skeletal 

muscle. 

Lysosomal membranes are generated via the endocytotic pathway, whereby internalized 

vesicles are delivered to early endosomes and subsequently late endosomes. These late endosomes 

will then receive enzymes and membrane proteins from the Golgi, to help establish the lysosome 

milieu (93, 94). This occurs concurrently with the production of lysosomal proteins, through the 

activation by Tfeb/Tfe3, as discussed earlier. Importantly, to ensure enzyme stability of these 

proteins, they are processed by the trans-golgi network (TGN) prior to their incorporation in the 

lysosome. Alternatively, some proteins make their way to lysosomes through secretion and re-

uptake via endocytosis (93, 99). 

 

 



15 
 

2.2.4. ACTIVATION OF THE AUTOPHAGY-LYSOSOME SYSTEM 

 Sensing of the cellular milieu is required to enhance the expression autophagic and 

lysosome related genetic programs and active the process. As such, FoxO3, Tfeb, Tfe3, and Ulk1 

undergo a serious of post-translational modifications (PTMs) which serve to coordinate this 

process (Summarized in Figure 4). As transcription factors, PTMs on FoxO3 and Tfeb/3 regulate 

their nuclear localization and activity, whereas PTMs on Ulk1 dictate relative activity in upstream 

autophagy induction. It is important to keep in mind that Ulk1 is furthest upstream in the pathway 

and thus more work is required to determine how other modifications within the autophagy 

pathway dictate the systems functional capacity. 

Under homeostatic conditions, FoxO3, Tfeb and Tfe3 remain primarily localized within 

the cytosol due to an intricate network of repressing PTMs. Specifically, AKT, which is active in 

fed states, promotes FoxO3 cytosolic localization via phosphorylation on a variety of residues 

(Thr32, Ser352, Ser315) (100). It was also recently shown that AKT represses Tfeb via 

phosphorylation (101), a mechanism which may also serve to inhibit Tfe3 as well. Furthermore, 

mTORC1, positioned downstream, is localized to the lysosome, where it acts to phosphorylate 

Tfeb on Ser211 (102) and Tfe3 on Ser321 (47), promoting the interaction of these proteins with 

14-3-3 in the cytosolic compartment, rendering them inactive (47, 102–104). mTORC1 also acts 

as an inhibitor of Ulk1 though direct interactions and phosphorylation (105).  

AMPK has been identified as a potent activator of FoxO3 (100, 106, 107), Tfeb and Tfe3 (108) 

through localization independent mechanisms. Additionally, AMPK acts to promote Ulk1 activity 

(107, 109). Thus, in a homeostatic milieu, whereby AMPK activity is low, its ability to active 

FoxO3, Tfeb and Ulk1-complex via phosphorylation is minimal. In contrast, under energy-stress, 

AMPK is active and enhances FoxO3 (100, 106, 107) and Tfeb (108) function, promoting the  
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Figure 4. Coordination of the Autophagy-Lysosome System. Proposed coordination 

of pathways that regulate the autophagy-lysosome System (ALS). ROS and cytosolic 

calcium ([Ca2+]IC) act as upstream signaling mechanisms that converge on the gene 

expression and protein activation of the ALS. AMPK is activated directly via 

compromised energy status (increase AMP:ADP), and indirectly through [Ca2+]IC via 

CaMKII (not shown). Elevated [Ca2+]IC may occur due to the damaging effects of 

elevated ROS on the sarcoplasmic reticulum and lysosomes. AMPK synchronously 

activates FoxO3, Tfeb and Tfe3 (Tfeb/3) through (1) direct phosphorylation of FoxO3, 

(2) activation of TSC1/2 and (3) inhibition of mTORC1. Simultaneously, AMPK 

activates autophagy induction through the Ulk1 complex and by alleviating mTORC1 

inhibition on this complex. In a similar cellular milieu, FoxO3 repression is alleviated 

via AKT inhibition. Increases in [Ca2+]IC activate the phosphatase CnA, which activates 

Tfeb/3. ROS also activate Tfeb/3 through oxidation, an added layer of coordination in 

this autophagy-lysosome system. 
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expression of autophagy-related genes. Similarly, AMPK elevates Ulk1-complex activation, and 

therefore autophagy initiation (107, 109). AMPK also represses mTORC1 activity both directly 

though phosphorylation, and indirectly through the activation of the mTORC1 inhibitor Tsc1/2 

(110). 

 In the context of skeletal muscle, the interplay of AMPK and mTORC1 has been 

investigated. First, Tsc1 deletion blocks autophagy induction, and promotes muscle atrophy which 

can be prevented via mTORC1 inhibition with rapamycin (111). This finding highlights the 

importance of mTORC1 in repressing autophagic induction in muscle. Furthermore, genetic 

deletion of AMPK leads to an attenuation of atrophy in disuse models (112, 113)  which is, at least 

in part, due to a failure to induce autophagy, amongst other things. 

 The activity of the autophagy lysosome system is also coordinatively regulated by a variety 

of intracellular cues. For example, reactive oxygen species (ROS) and Calcium (Ca2+) are both 

though to activate autophagic pathways. Specifically, in muscle it has been reported that ROS 

activate AMPK (114) and may thereby enhance FoxO3, Tfeb, Tfe3 and Ulk1 activity. ROS have 

also been shown to inhibit AKT signaling pathways (115, 116) and thus ultimately mTORC1. This 

in theory would alleviate its suppression on Ulk1 and FoxO3, further promoting autophagic 

induction. The role of ROS in the regulation of lysosome biosynthesis has also recently been 

uncovered, whereby ROS can oxidize Tfeb on Cys212 and Tfe3 on Cys322, triggering their 

nuclear localization in muscle cells (117). Furthermore, ROS are capable of oxidizing lysosomal 

transient receptor potential mucolipin 1 (Trpml1) on lysosomes (118) and ryanodine receptors 

(RyR) on the SR (119), which evokes Ca2+ release and elevations in intracellular calcium ([Ca2+]IC) 

facilitating crosstalk between Ca2+ signaling networks. [Ca2+]IC, a potent activator of CAMKK, 

which can activate AMPK and may in-turn act on Ulk1, FoxO3 and Tfeb/3. Importantly, [Ca2+]IC 
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activates the phosphatase calcineurin (CnA), which dephosphorylated Tfeb (120) and Tfe3 (121), 

thereby allowing for its nuclear localization and function. 

2.2.5. MEASUREMENTS OF AUTOPHAGY 

Autophagy is a dynamic process, with substrates being tagged and degraded consistently. 

Thus, measuring changes in the breakdown of autophagosomal substrates is a challenge, especially 

in-vivo. This challenge holds true in skeletal muscle as well. Since LC3-II and p62, amongst other 

adaptor proteins, are found embedded in the autophagosome, their protein levels are commonly 

reported to assess autophagy. If considered in conjunction with mRNA levels of these genes, an 

inference of autophagic breakdown can be made. Furthermore, using microscopic analysis, an 

increase in autophagy-puncta (i.e., LC3) or the colocalization of autophagosomal components and 

lysosomes have also been used to assess autophagy. Unfortunately, these snapshot measures fail 

to fully encapsulate the dynamic autophagic process, and only capture markers of autophagosomal 

number. For example, an increased number of autophagosomes could suggest increased autophagy 

flux or an accumulation of undigested ones. Similarly, a decrease in autophagosomes could suggest 

enhanced flux, as they could be degraded at a high rate.  

Over the past decade methods have been developed to assess autophagy flux more 

accurately, both in-vitro and in-vivo. Based on the premise that Atg-8 related family members 

(LC3-II, Gabarap etc…) and adaptor proteins are embedded in autophagosomal membranes and 

degraded when membranes fuse, measurement of these proteins in a “blocked” condition, in 

comparison to a “normal” condition, can produce an interpretation of “flux” (Figure 5, A). Thus, 

two widely used method consist of either 1) pharmacologically blocking autophagosome-lysosome 

fusion, such as with the microtubule destabilizer colchicine or the agent bafilomycin A, or 2) 

inhibiting lysosome activity, such as with leupeptin or pepstatin A (90, 122, 123). Such 
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methodologies come with limitations, such as off-target effects of these compounds on tissue 

physiology. Thus, assays utilizing autophagy reporters have become increasingly common (124). 

One such way to do is through dual/tandem fluorophore, such as with the mCherry-GFP-LC3 (125) 

or mRFP-GFP-LC3 (126–128) constructs. These allow for the simultaneous assessment of 

autophagosomes and autolysosomes (Figure 5, B). In these models, the RFP is resistant to 

lysosomal digestion, and thus pure-red puncta represent autolysosomes, whereas yellow/orange 

puncta represent autophagosomes. Most recently, pH sensitive probes have been developed to 

assess autophagy flux. One such example is Keima, a coral-derived fluorophore which fluoresces 

differentially when exposed to the neutral pH of the cytosol (green) vs that of the acidic lysosome 

(red), when excited at their associated wavelengths (129) (Figure 5, C). This has been adapted and 

developed into a mitochondrial specific probe, termed mt-Keima, through fusion to the COX VIII 

subunit (130, 131). Further utilization of such models will be essential to further elucidate the 

mechanisms of autophagy in skeletal muscle. 
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Figure 5: Methodologies in Assessing Autophagy Flux. Measuring autophagy via A) 

pathway inhibition; B) RFP-GFP tandem tagged LC3; and C) pH sensitive fluorophores. 

See text for details. 
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2.3. Mitochondria in Skeletal Muscle: 

2.3.1 MITOCHONDRIAL STRUCTURE AND FUNCTION 

Mitochondria are organelles that are primarily responsible for energy provision through the 

electron transport chain (ETC). These organelles also play an essential role within muscle through 

the production of reactive oxygen species (ROS), in Ca2+ handling (132), and in apoptotic 

signaling. Typically, mitochondrial content within a cell is determined based on the metabolic 

needs of the tissue. For example, within cardiac muscle, a highly oxidative organ that is 

consistently requiring ATP, 30% of cell volume is consumed by mitochondria (133). 

Comparatively, mitochondrial content in skeletal muscle is low, making up approximately 2 to 7% 

of muscle cell volume, depending on the fiber-type of the muscle (134–136). Just as muscle is said 

to exhibit plasticity, so do the mitochondria within it, whereby they adapt to the changing energy 

demands within the tissue, such as with exercise or inactivity (discussed below in more detail). 

Mitochondria are composed of two separate compartments, bordered by two lipid 

membranes (Figure 6). The outer mitochondrial matrix (OMM) creates a boundary between the 

cytoplasm and the internal portion of the organelle and contains protein import machinery termed 

translocate of the outer membrane (TOM). These allow for the entry of nuclear genomic products 

(discussed below). Within the confinement of the OMM is the intermembrane space (IMS), which 

encloses on the mitochondrial matrix via the inner mitochondrial membrane (IMM). The matrix 

contains an abundance of enzymes for the TCA/Krebs’ cycle, which provide cofactors for the ETC 

to create energy (discussed below). 

Within skeletal muscle, mitochondria exist in two discrete locations. These geographic 

populations of mitochondria were discovered in the 1980s, however, with modern microscopy 
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techniques, these organelle populations are being further characterized. The mitochondria that 

reside underneath the sarcolemma, termed subsarcolemmal (SS) mitochondria, provide energy for 

membrane and nuclear events (137–140), and lie in close proximity to capillaries for nutrient 

exchange (141). Conversely, intermyofibrillar mitochondria (IMF), which provide energy to fuel 

contraction, reside intertwined in a reticular network surrounding the myofibrils (139, 140, 142, 

143). Importantly, these subpopulations of mitochondria have distinct structural and biochemical 

properties whereby, SS have higher membrane potential (144) and ROS emission (145) and IMF 

have greater respiration (145, 146), protein import rates (147), protein synthesis (145), and 

OXPHOS-related proteins (148). The following subsections will highlight the various roles of 

mitochondria within cells, skeletal muscle included. 

Figure 6. Schematic of the Electron Transport Chain (ETC). The process of OXPHOS 

begins with the oxidation of the cofactor NADH at Complex I and FADH2 at Complex II. 

These oxidation reactions lead to electron transfer from Complex I and II to a carrier 

molecule, coenzyme Q (CoQ), which will subsequently shuttle the electrons to Complex 

III, Cytochrome C (CytoC) and ultimately Complex IV. The electrons accepted by 

Complex IV reduce oxygen into water (H2O). The shuttling of electrons is coupled to the 

transfer of protons (H+) from the Matrix to the IMS. This creates a membrane potential, 

which will be dissipated through Complex V in the presence of ADP and Phosphate (Pi), 

and ultimately fuel the production of ATP. Complex I and III are considered the primary 

sites of reactive oxygen species production (ROS), as electrons “leak” and react with O2 

to produce superoxide (O2
-). 
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2.3.1.1. Mitochondrial Respiration 

Energy production within mitochondria begins within the matrix, which houses the 

Krebs/TCA cycle enzymes. The process initiates, when acetyl coenzyme A is produced, in the 

mitochondria, as a byproduct of macromolecule breakdown. This two-carbon molecule will fuel a 

series of intricate TCA cycle reactions to not only create a small amount of ATP, but to also 

produce cofactors required for the ETC (Figure 6). These cofactors, nicotinamide adenine 

dinucleotide (NAD) and flavin adenine dinucleotide (FAD), are reduced into NADH and FADH2, 

respectively. Complex I of the ETC (NADH Dehydrogenase) oxidizes NADH into NAD+, gaining 

an electron, whilst simultaneously pumping a proton (H+) across to the IMS. This electron will 

ultimately be shuttled to Complex III (Cytochrome bc1 complex) via Coenzyme Q. FADH2 is 

oxidized at Complex II (Succinate Dehydrogenase), whereby the liberated electrons are also 

transferred to Complex III. The subsequent transfer of these electrons to Complex IV (Cytochrome 

C Oxidase) via Cytochrome C will also drive H+ into the IMS. At Complex IV, the terminal 

electron acceptor, oxygen is reduced to water, which will also promote the shuttling of H+ into the 

IMS. Thus, since O2 consumption is proportional to ETC activity it is utilized a measure of 

ETC/mitochondrial function (149–151). This shunting of H+ into the IMS generates a membrane 

potential between the IMS and the matrix. To dissipate this gradient H+ flow towards the matrix 

through Complex V (ATP Synthase), and the energy of transport fuels the production of ATP from 

its precursors, ADP and Pi. 

2.3.1.2. Mitochondrial Reactive Oxygen Species 

Unfortunately, this process of ATP production at the ETC is not flawless. In fact, a natural 

biproduct of this system is the production of ROS. This occurs via electrons that “slip” from the 

ETC followed by their subsequent transfer to oxygen (152). This is thought to occur mainly at 
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Complex I and Complex III of the ETC (153). Ultimately, this reduced O2 creates a highly reactive 

species O2●-, which is damaging to lipid membranes and proteins. ROS production is determined 

by the activity of these organelles. In isolated mitochondria, basal respiration (State IV), the 

absence of ADP creates less need for electron transport through OXPHOS. This creates a backflow 

of electrons that can react to form O2●-, and per O2 being consumed, ROS production is high. 

Supply of ADP to isolated mitochondria (active respiration, State III) increases absolute ROS 

production, simply as byproduct of more flux through the system. However, mitochondria in these 

states are far more efficient, and thus per O2 consumed, these is less ROS production. 

Luckily, mitochondria contain innate antioxidant enzymes, such as manganese superoxide 

dismutase (MnSOD), which catalyzes the conversion of O2●- to O2 and hydrogen peroxide (H2O2) 

(154), and due to its ability to permeate membranes, can function as a signaling molecule (155, 

156). Although historically thought of as damaging to cells via their membrane, protein and DNA 

damaging effects, in moderation, ROS can act as a signaling molecule (157, 158). As is the case 

in muscle with physical exercise, whereby there is evidence that antioxidant supplementation may 

impair the adaptive potential of the tissue (159). Thus, it is evident that ROS, within reasonable 

limits, can be beneficial, yet sustained ROS production, from the mitochondria or elsewhere can 

be damaging and promote aging (160). 

2.3.1.3. Cell Death via Apoptosis 

 While mitochondria provide energy, they are also regulators of apoptosis, which is a form 

of programmed cell death. Although the intricacies of this process are outside of the scope of this 

thesis, the concept is an important one, especially in the context of aging and denervation in 

skeletal muscle, as discussed in the appropriate sections. Mitochondria house proteins such as 

cytochrome c, apoptosis-inducing factor (AIF) and endonuclease G (Endo G). Briefly, when 
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mitochondria become dysfunctional, the mitochondrial permeability transition pore (mtPTP) in the 

OMM will reconfigure to become “open”. This will allow for the entry of water, causing organelle 

swelling and the subsequent release of these proteins from the mitochondria to the cytosol. In the 

cytosol, these proteins trigger a series of caspase-dependent or caspase-independent events, which 

ultimately lead to the fragmentation of DNA and cell death (161). However, since myocytes are 

multi-nucleated, the result of these apoptotic events are quite unique, whereby they lead to the loss 

of a population of nuclei, that may lead to less gene-expression capability in the local region. This 

is hypothesized to ultimately promote atrophy in the local environment (162, 163), however there 

is some controversy in this (164). 

2.3.2. MITOCHONDRIAL LIFE CYCLE 

Mitochondrial content and function within muscle are depends on organellar turnover. This 

process is dictated by the balance between the synthesis of new, health mitochondrial organelles 

via biogenesis, and the recycling of damaged or dysfunction mitochondria through a specific form 

of autophagy, termed mitophagy. These ongoing processes ensure that the mitochondrial reticulum 

within muscle is producing ATP and generating ROS at sufficient levels to maintain tissue 

homeostasis. Under steady-state conditions, this removal process is balanced by an equal rate of 

synthesis, or biogenesis, such that mitochondrial content within the cell remains unchanged. 

However, an imbalance in these processes can have wide-spread ramifications on the metabolic 

and functional health of the muscle, as seen with aging and prolonged periods of inactivity (165–

167). The goal of this section is to summarize the basic principles that govern mitochondrial 

content and network formation, which has implications in skeletal muscle aging and disuse, topics 

covered later in this thesis. 
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2.3.2.1. Mitochondrial Dynamics: Fusion and Fission 

 Skeletal muscle mitochondria exist in a reticular network, which optimize the metabolic 

capacity of the tissue (168, 169). Furthermore, mitochondria are dynamic organelles that undergo 

constant remodeling. Network formation and expansion is mediated by fusion of existing 

mitochondrial membranes, which is under the control of the proteins mitofusin 1/2 (Mfn1/2) and 

optic atrophy protein 1 (Opa1) (170). However, segments of the network often become 

dysfunction, and the removal of these segments is through mitochondrial fission (171). This is 

controlled through a series of events, mediated by dynamin-related protein 1 (Drp1), mitochondrial 

fission protein 1 (Fis1), mitochondrial fission factor (Mff), and mitochondrial dynamics proteins 

of 49 and 51 kDa (MiD49/51) (170). This fission of poorly functioning mitochondrial segments 

primes the sequestered organelle for degradation in mitophagy(172, 173). 

 Maintaining this balance between fusion and fission is necessary in skeletal muscle. To 

uncover the essential nature of mitochondrial dynamics in skeletal muscle biology, a series of 

studies were conducted to examine the impact of 1) the merit of creating a greater reticular network 

in muscle to enhance metabolic capabilities and 2) the vitality of generating a more fragmented 

mitochondrial pool to accelerate mitophagy with aims of enhancing of mitochondrial quality in 

muscle. Of the major findings, knockout of Fis1 in adult mice, created a more reticular network. 

But contrary to the expected, this deletion impaired mitochondrial function and perturbed 

mitophagy (174). Very recently, both the groups of Dr. Gouspillou and Dr. Sandri showed that 

knockdown of the other pro-fission protein, Drp1, impaired mitochondrial health, autophagy and 

ultimately led to significant muscle fiber denervation and thus atrophy (175, 176). Thus, creating 

a more reticular mitochondrial network is not feasible to enhance the tissues functionality. In 

contrast creating a more fragmented mitochondrial pool, through the overexpression of both Fis1 
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and Drp1 promoted atrophy (177). Similar results were seen when creating a more fragmented 

mitochondrial pool through Mfn2 (178, 179) and Opa1 deletion (180). In combination, these 

results suggest that a balance of fusion and fission is required to maintain a healthy mitochondrial 

pool, which has implications for muscle health. 

2.3.2.2. Mitochondrial Biogenesis: Signaling Mechanisms 

Each mitochondrion possesses numerous copies of its own circular DNA (mtDNA), which 

is approximately 16.5 kb in size (181). However, of the approximately 1200 proteins found within 

the mitochondria, only 37 genes, 13 of which are proteins are encoded by the mitochondrial 

genome (182). The remaining proteins within the organelle are transcribed from nuclear genes 

encoding mitochondrial proteins (NuGEMPs). Thus, mitochondria are created through an intricate 

process that requires the coordination of both the nuclear and mitochondrial genomes. This 

process, in addition to import of NuGEMPs into mitochondria and fusion of mitochondrial 

membranes, is a prerequisite to enlargement of the organellar network. In muscle, this would favor 

oxidative metabolism and enhance endurance capacity. 

At the level of the nuclear genome, many transcription factors are required to contribute to 

NUGEMP expression. These include nuclear respiratory factors 1 and 2 (NRF-1/2), peroxisome 

proliferator-activated receptor (PPAR) family members (  ) and estrogen-related receptor 

(ERR) family members (  ) (183–186). Proteins that are generated via the action of these 

transcription factors are then imported into mitochondria. Perhaps the largest discovery was that 

of the cold-inducible protein, peroxisome proliferator-activated receptor gamma coactivator 1 

alpha (PGC-1) (187). As a transcriptional co-activator, PGC-1a activates the previously 

mentioned transcription factors. Both over-expression (188, 189) and knockdown (190–194) 
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studies have shown that PGC1- is a critical upstream regulator of the muscle oxidative phenotype. 

Importantly, activation of PGC-1 and ultimately mitochondrial biogenesis, occurs in response 

to a variety of stimuli, many of which are induced with endurance style exercise (195, 196), as 

discussed in more detail below. 

A group of critical NuGEMPs help coordinate the two genomes include are transcription 

factor A of the mitochondria (Tfam) (197), mitochondrial RNA polymerase (POLRMT) and 

mitochondrial transcription factors B1 and B2 (TFB1/2M) (198, 199). These function in mtDNA 

transcription and replication (198, 199). Tfam has been studied extensively in muscle biology. 

Briefly, Tfam contains a high-mobility group domain, which can induce a U-turn confirmation of 

mtDNA fostering the recruitment of TFB2M and POLRMT to the H and L promoters of mtDNA, 

thereby promoting transcription of mtDNA-regulated genes (200, 201). As expected, Tfam 

transcript, protein, and mitochondrial import are enhanced when mitochondrial biosynthesis 

pathways are stimulated in muscle (202–206). The tumor suppressor p53 is another coordinator of 

the two genomes, acting as a transcription factor in both the nuclear and mitochondrial genomes. 

It also functions, in conjunction with Tfam, to stabilize mtDNA (207–209). 

Mitochondrial biogenesis can be stimulated via the convergence of multiple signaling 

pathways. The pathways essential in the field of muscle biology will be discussed briefly here, as 

they have implications for muscular aging and adaptation to both exercise and disuse. The most 

potent inducer of synthesis of mitochondria is through perturbations in cellular energy status. 

Hallmarks of this state are AMP-mediated AMPK activation and NAD+ mediated Silent mating 

type information regulation 2 homolog 1 (Sirt1) activation. Studies have shown that 

pharmacological activation of AMPK (210, 211) or Sirt1 enhances mitochondrial content (212–

214). AMPK’s mechanism of action is through the activating phosphorylation of PGC-1 (215, 
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216), as well as through the activation of USF-1, a transcription factor that binds to the PGC-1 

promoter (114, 216). Conversely, Sirt1 deacetylates PGC-1, promoting its nuclear localization 

(217–219). In fact, loss of AMPK leads to a failure to induce mitochondrial biogenesis in response 

to starvation (220, 221) or contractile activity (222), and limits endurance capacity due to reduced 

mitochondrial volume (220). Further, Sirt1 deletion reduces mitochondrial content and endurance 

capacity of muscle (223), cumulatively highlighting the importance of these proteins in exercise-

induced adaptations. 

Ca2+ is constantly in flux within skeletal muscle as it undergoes cycles of contraction and 

relaxation. Thus, researchers hypothesized that it would be a great target for inducing oxidative 

phenotypes. This was found to be the case, whereby pharmacological enhancement of Ca2+ in 

muscle cells increased mitochondria-related transcription and protein content in muscle cells (224–

226). It was also uncovered that this was due to 1) Ca2+/calmodulin dependent protein kinase II 

(CaMKII) and 2) calcineurin A (CnA) activation, which in turn upregulates PGC-1a transcription 

via activation of the transcription factors cAMP response element-binding protein (CREB), and 

MEF2, respectively (227–232). Furthermore, CaMKII also promotes p38- mitogen activated 

protein kinase (p38-MAPK) activation to potentially induce mitochondrial biogenesis (233). 

Importantly, electrical stimulation-induced mitochondrial biogenesis is prevented when muscle 

cells are co-treated with Ca2+ chelators (222, 226), highlighting that Ca2+ signaling contributes to 

mitochondrial biogenesis with exercise. 

ROS are also implicated in promoting the synthesis of mitochondria through induction of 

PGC1- expression (114, 234, 235). This occurs through 1) ROS-induced activation of AMPK 

(114), 2) activation of p38-MAPK, which stabilized PGC1- (236–238) and activates the 

transcriptional regulators of PGC-1a, MEF2 (239) and ATF2 (240), via phosphorylation and 3) 
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USF-1 activity (114). Exercise stimulates p38-MAPK (222, 241–243), and its inhibition reduced 

the exercise-induced PGC-1 promoter activity (244). Importantly, antioxidant treatment in 

stimulated cells had a similar effect (222), suggesting that ROS is activating p38-MAPK to induce 

mitochondrial biogenesis with exercise. 

2.3.2.3. Mitochondrial Degradation: Mitophagy 

Mitochondrial health within muscle depends on the maintenance of a functional organellar 

pool within the tissue. Thus, not only do new, healthy, mitochondria need to be created, but those 

that are damaged must be removed to prevent the perpetuation of these damaging effects (i.e., 

sustained ROS). This section highlights important pathways that regulate mitophagy (Figure 7) 

and their importance of skeletal muscle. 

The canonical mitophagy pathway is controlled by the serin/threonine kinase, PTEN-

induced putative kinase 1 (Pink1) and the E3-ubiquitin ligase Parkin. This system has been 

primarily classified by Dr. Richard Youle’s group in a series of studies beginning in the mid-

2000’s. Briefly, in a healthy mitochondrion, where protein import is functioning well, Pink1 is 

predominantly imported into the mitochondria and degraded in the matrix via mitochondrial 

protein peptidase (Mpp) and Lon protease (LonP) (245) or the intramembrane protease presenilin-

associated rhomboid-like protease (PARL) (246, 247). Following mitochondrial stress, 

particularly an accumulation of damaged matrix proteins (248) or a loss of membrane potential 

(246, 249–251), protein import is reduced and Pink1 accumulates on the OMM where it undergoes 

activating autophosphorylation (252). Active Pink1 phosphorylates both Parkin (249–251, 253) 

and Ubiquitin (254–257) leading to polyubiquitination of OMM proteins (VDAC, Mfn1/2, TOMs, 

Ubiquitin), which will act in a feedforward way to recruit more Parkin and Ubiquitin to membrane 

(249–251, 258, 259). In addition, ubiquitination of Mfn1/2 primes it for degradation, likely to 
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Figure 7. The Mitophagy Pathway. When a portion of the mitochondrial network 

becomes dysfunctional, with a low membrane potential () and/or excessive ROS 

production (green mitochondria), it will undergo 1) fission, mediated by Fis1 and Drp1. 

The fragmented mitochondrion will then undergo 2) tagging. Briefly, Pink1, which is 

normally imported into healthy mitochondria and degraded by proteases (PARL, MPP, 

LonP), will no longer be imported and will therefore accumulate on the outer 

mitochondrial membrane (OMM) and undergo autophosphorylation. This “active” Pink1 

will then phosphorylate and activate both Parkin and Ubiquitin (Ub). Parkin, which acts 

as an E3-ubiquitin ligase, will poly-ubiquitinate OMM proteins. This will lead to 3) 

tethering of the mitochondrion to the autophagosome via adaptor proteins that interact 

with them and phagophore-embedded LC3-II. Alternatively, the mitophagy receptors 

Bnip3, Nix and Fundc1 are OMM embedded and will undergo phosphorylation and tether 

to the phagophore via LC3-II. Finally, the autophagosome-bound mitochondrion will be 

shuttled to the lysosomes where 4) fusion of the membranes and degradation of the 

dysfunctional organelle will occur. 
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to prevent re-fusion of the damaged mitochondrion (260). Ultimately, these ubiquitin chains act as 

a scaffold or adaptor proteins such as p62, optineurin and Ndp52, to tether mitochondria to the 

autophagosome for degradation (261–263). 

The vitality of this mitophagy pathway in skeletal muscle has been demonstrated in a series 

of studies. Firstly, Parkin knockout in drosophila promotes muscle degeneration and cell death  

(264). Furthermore, silencing of Parkin in cultured myotubes reduces mitochondrial respiration 

(265), induces insulin insensitivity (265) and increases susceptibility to mitochondrial stressors 

(266). In Parkin-null mice, mitochondria appear fragmented (267), corresponding to impaired 

respiratory capacity (267–269) and reduced mitophagy flux (268, 269). Importantly, these mice 

fail to moderate mitophagy in response to acute and chronic endurance exercise (268, 269). 

Interestingly, unlike mitochondrial dynamics-related proteins, overexpression of Parkin prevents 

aging-induced loss of muscle mass (270). Cumulatively, these reports highlight the importance of 

this mitophagy system in skeletal muscle. 

 Receptor mediated mitophagy is a far simpler process, that does not rely on ubiquitin for 

tethering to the autophagosome. Instead, mitophagy receptors, which are normally localized to the 

mitochondrial membrane (271–274), are phosphorylated, allowing for their interaction with 

autophagosomal proteins of the Atg8 family (LC3-II, Gabarap etc…) (271, 275, 276). These 

receptors include Bnip3 (277–279), Bnip3-like protein (Nix) (276, 280, 281), and Fun 14 domain 

containing protein (Fundc1) (271, 282). It is un unclear if these mechanisms occur simultaneously 

or independently with one another and Parkin-mediated mitophagy, however, there is evidence to 

suggest that Bnip/Nix promote mitochondrial Drp1 localization, which would enhance fission and 

aid in Parkin recruitment (283–285). It is important to note that Fundc1 can be activated by Ulk1 

(282), linking upstream autophagy to mitophagy induction. 
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 The complexities of these mitophagy receptors have only briefly been explored in skeletal 

muscle. Yet, in 2010, the Sandri group first observed that both Bnip3 and Nix overexpression in 

muscle promoted atrophy (177), suggesting that mitophagy is fine-tuned in skeletal muscle 

homeostasis. Since then, others have found that Bnip3 knockout in muscle cells perturbs 

myogenesis likely a result of the accumulation of dysfunction mitochondria (286). Interestingly, 

both Nix and Fundc1 knockout in cardiac progenitor cells promoted cell death (287), which may 

similarly impact skeletal muscle. Furthermore, Fundc1 muscle specific knockout impairs 

mitochondrial function and exercise capacity (288), whereas its inhibition in stimulated C2C12 

myotubes prevented mitophagy induction (289). Cumulatively, these results indicate that 

mitochondrial degradation is fine-tuned to the maintenance of muscle mass. 

2.3.3. BENEFITS OF EXERCISE ON MITOCHONDRIAL HOMEOSTASIS  

Acute exercise stimulates several mechanisms that enhance mitochondrial content and 

quality, as summarized in Figure 8. First, acute exercise is a potent inducer of mitochondrial 

biogenesis. For example, work from our lab has recently shown that in-situ contractile activity 

enhances PGC-1 promoter activity (241), explaining the abundance of findings that measure 

exercise-induced elevations in PGC-1 transcript (205, 231, 241, 290). Furthermore, endurance 

exercise rapidly activates PGC-1 nuclear localization and function (291). This enhancement 

promotes the synthesis of NuGEMPs. These changes are due to activation of the pathways 

highlighted above (Chapter 3.2.2.). Briefly, with endurance exercise, ATP is utilized, which leads 

to accumulation of the metabolite AMP, thereby activating AMPK. This AMPK activation with 

exercise has been shown in a variety of studies (222, 241, 242, 290, 292–294), which are intensity, 

duration, and modality dependent (292, 295). With these metabolic changes occurring in the 

working muscle, NADH is oxidized to NAD+, and thereby activates PGC-1 (296–298). 
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Furthermore, Ca2+ is constantly in flux within contracting and relaxing muscle, and in culture it 

has been shown the treatment with calcium chelators prevents contractile activity-induced 

mitochondrial biogenesis (226, 231), which is though Ca2+ ability to activate transcription factors 

such as MEF2 and CREB. Finally, ROS levels are primarily enhanced with prolonged and high-

intensity exercise, which may not be from mitochondrial origin (299). These ROS will activate 

p38, of whose activity is elevated following acute exercise (294), and ultimately enhance the 

transcription factors USF and ATF2 function in promoting PGC-1a transcription and protein 

activation. Importantly, endurance-style training has been shown to increase the expression of PIM 

components and enhance the kinetics of protein import into the mitochondria (203, 300, 301).  

This upregulation of biogenesis explains the elevated mitochondrial content observed in 

trained / chronically contracted skeletal muscle (302, 303). However, they do not account for the 

commonly observed reduced predisposition for ROS production within trained skeletal muscle 

(304–307). Thus, to understand such changes, we must turn our attention to mitochondrial quality 

control mechanisms, specifically fission and mitophagy. Acute exercise leads to an elevation in 

mitochondrial Drp-1 protein likely to remove poorly functional portions of the organellar network 

(294). Importantly, endurance exercise serves as a stimulus to enhance mitophagic protein levels 

in whole muscle and isolated mitochondrial samples (269, 294, 308–311) and activate mitophagy 

flux (269, 294, 312). Nonetheless, these acute changes manifest as an overall reduction in basal 

mitophagy flux in trained skeletal muscle (305, 307, 313, 314). In fact, in response to acute 

exercise following training, there is a blunted mitophagy activation (268, 315), suggesting that 

there is a higher quality of the organelle pool, thus diminishing the necessity for mitophagy. Over 

time, as with a training regime, these subtle changes will manifest in an expansion of the reticular 

mitochondrial network, reducing diffusion distance for substrates, proving a larger capacity of 
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OXPHOS. These adaptations ultimately contribute to the enhancement of endurance and metabolic 

capacity of the tissue. 

 

Figure 8. Exercise-Induced Mitochondrial Quality Control. In response to contractile 

activity a cascade of events simultaneously promotes mitochondrial biogenesis and 

mitophagy to enhance the organellar pool within the muscle. Signaling is mediated by: 1) 

Ca2+ release from the SR and subsequent activation of CaN and CaMK which enhance 

the activity of transcription factors (TFs) for mitochondrial biogenesis, and autophagy-

lysosome system via Tfeb/3 and FoxO3; 2) NAD+ is produced and activates Sirt1, which 

deacetylates and enhances PGC-1 activity and NuGEMP expression; 3) ATP is 

hydrolyzed to ADP and AMP, which activate AMPK to facilitate PGC-1a activity, TF 

function, and autophagy induction via Ulk1, FoxO3 and Tfeb; and 4) ROS are produced, 

leading to the activation of p38-MAPK, which upregulates the activity of biogenesis 

stimulating TFs. NuGEMPs such as TFAM and ETC proteins are imported via the PIM 

and promote the expression of mtDNA-regulated genes, and are assembled into the 

organelle, respectively. Simultaneously, dysfunctional portions of the mitochondrial 

network undergo fission and subsequent mitophagic degradation with the autophagic 

machinery promoted by exercise. 
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2.4. Skeletal Muscle Aging: 

Based on the 2016 Canadian Census, the proportion of seniors aged 65 and older has been 

rapidly increasing over the past 40 years (316). Seniors currently represent greater than 15% of 

Canadians and are projected to account for more than 25% of the Canadian population by 2036, 

(316). In addition, life expectancy is at an all-time high (316). Unfortunately, advanced age is 

associated with declines in quality of life, which are related to a higher incidence of falls, 

hospitalization, and co-morbidities (317). Accordingly, this increased proportion of aged 

individuals will impose a strain on the health care system moving forward. With aging there are 

multifactorial changes that occur and understanding the intricacies of such changes is integral. 

Although much is understood about mechanisms involved, these is a lack of clear evidence about 

cause and effect in aging muscle. Thus, characterization of the molecular differences between 

young and old muscle will guide the development of strategies to enhance skeletal muscle health 

with increasing age. 

2.4.1. PHENOTYPIC CHANGES IN AGED SKELETAL MUSCLE 

 With aging there is a progressive decline in muscle mass and quality (1, 318), which is 

commonly referred to as “sarcopenia” (319, 320). It is thought that somewhere in an adults mid-

30’s, they begin to lose as much as 3-5% of muscle mass each decade, and that this process 

accelerates after approximately 60-years old, where muscle mass may decline by upwards of 15% 

per decade (321, 322). Interestingly, the impact of sarcopenia prevalence of sarcopenia is greater 

in men than women (323–327) and functional deficits are more prominent in the hindlimb versus 

the forelimb muscles (320, 326). These changes in muscle architecture have a significant impact 

on locomotion and thus quality of life. Although the etiology of such changes remains unclear, one 

thing is for certain – age-related changes in skeletal muscle size and function are multifactorial, 



37 
 

with both intrinsic and extrinsic regulation (323). Importantly, sarcopenia is exacerbated by 

prolonged periods of inactivity (318, 319, 328). Fortunately, however, exercise can restore muscle 

health following periods of disuse and slowing age-related muscle wasting (167, 328–330). 

2.4.1.1. Slowing of Muscle with Age 

 With aging there is a “slowing” of muscle (320, 331). Motor unit reorganization, favoring 

a fast-to-slow transformation is reported in age-related sarcopenia. Specifically, in early muscular 

aging, there is a transition from IIB to IIX, and with advanced age, there is a further transformation 

leading to an increased number of IIA and I fibers (331). Further, Type II fiber cross sectional area 

is decreased dramatically versus the relatively unchanged Type I fiber area (326, 332, 333). This 

corresponds to greater loss of force in Type II fibers versus Type I (334). These changes have been 

attributed to age-related remodeling of motor units, resulting in preferential denervation of Type 

II fiber, and re-innervation of Type I fibers, leading to an increased number of muscle fibers per 

motor unit (331, 335, 336). However, it is important to note that controversy around this point 

exists due to the recent discovery of co-expressing fibers of slow origin that may express fast MHC 

(337). Thus, slow myofiber atrophy could be occurring in aging muscle, and modern 

methodologies may help understand this phenomenon. 

The slowing of muscle is also due to the loss of ECC efficiency, as a product of changes at 

multiple steps along the way. First, the neuromuscular junction (NMJ) becomes fragmented, 

disorganized, and “loose” compared to that of a young, healthy muscle (320, 338, 339). Second, 

in aged muscle there is perturbed RyR and SERCA function, which slows Ca2+ release and 

reuptake, leading to less Ca2+ transients with contraction (340–345). Finally, contractile protein 

function is altered with age (346), which may be due to oxidative modifications that disrupt cross-

bridge cycling and a loss of elastic properties (347).  
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2.4.1.2. Factors Contributing to the Aged Muscle Phenotype 

As summarized below, and depicted in Figure 9, there are several factors contributing to 

the aged muscle phenotype. First and foremost, there is an infiltration of fat in aged muscle (348–

350), which can promote inflammation and insulin sensitivity in aged muscle (351). There are also 

accumulations of connective tissue in senescent muscle, reducing the quality of the tissue (352–

354). Although the etiology of these changes is unclear, it is thought that inflammation and 

metabolic insufficiencies are responsible. Furthermore, mitochondrial abnormalities are also 

linked to fiber atrophy with age, as discussed in more detail in Chapter 4.3. 

Changes in circulating factors have also been proposed in regulating age-induced muscle 

wasting. First, inflammation can produce muscle atrophy (355–359) and there is evidence that in 

aging there are elevated circulating pro-inflammatory markers (IL-1, IL-6, TNF-), upregulated 

intramuscular inflammatory signaling (349, 360, 361), and reduced anti-inflammatory cytokines 

(IL-10, IL-15) (361). In addition, anabolic hormones such as growth hormone (GH) and insulin-

like growth factor 1 (IGF-1) are essential in muscle mass maintenance. As GH is responsible for 

the production of IGF-1 in the liver, and thus it is not surprising that with age, both hormones are 

concomitantly reduced (362, 363). Furthermore, reductions in testosterone and estrogen, and 

elevations in myostatin are also proposed to impact muscle mass and function with age (364–366). 

In the context of aging, these changes foster muscle degeneration through perturbed protein 

synthesis, enhanced degradation, and elevated apoptotic pathways.  

Muscle atrophy is a hallmark characteristic of sarcopenia, the result of a progressive loss 

of muscle protein over time. Such changes could be achieved by an imbalance between muscle 

protein synthesis and the pathways that mediate protein degradation. Muscle stem cells (MuSCs) 

respond to anabolic stimuli, such as resistance exercise, to promote enhanced myonuclear number, 
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and thus hypertrophy. In aged muscle however, literature suggests that there is MuSC exhaustion 

(338, 367), and this loss is greater in Type II fibers, but relatively unchanged in Type I (368). This 

may contribute to the more pronounced Type II atrophy with age. There is also evidence of 

anabolic resistance in the muscle from elderly individuals. In healthy muscle insulin stimulates 

glucose uptake/utilization and protein synthesis. In aged muscle, the action of insulin is blunted, 

suggestive of anabolic resistance (349, 369). This is further supported by blunted post-meal-

induced increases in muscle protein synthesis (370), and reduced hypertrophy with resistance 

training (371). This perturbed stimulus-induced anabolism may explain the atrophy phenotype of 

aged muscle.  

Muscle protein is maintained through the balance of synthesis and degradation. As detailed 

above, aged muscle exhibits anabolic resistance. On the other side of the story, protein degradation 

in myofibers is regulated by the ubiquitin proteasome system (UPS), calcium-activated proteases 

(i.e., calpain and caspase) and the autophagy lysosome system. The autophagy-lysosome system 

in aged muscle is discussed extensively in Chapter 4.2.2. of this literature review, and an overview 

of these other proteolytic systems is covered in Chapter 4.5. As Ca2+ levels are sustained in aged 

muscle (see below for details), it is not surprising that the activity of the calpain system is enhanced 

with age (372). Furthermore, UPS activity is also increased in sarcopenic muscle (373). Central to 

this thesis is the autophagic process, and literature searches reveal that much remains to be 

elucidated regarding the signaling toward, and the activity of, autophagy-lysosome regulatory 

proteins, which is covered extensively below. 
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Figure 9. Factors Implicated in Muscle Aging. Muscle structure and function are 

altered with age. This is due to an array of changes that occur in the local environment 

and within the muscle, which ultimately promote a loss of muscle mass and function. See 

text for details. 

 

2.4.2. THE AUTOPHAGY-LYSOSOME SYSTEM IN AGED MUSCLE 

2.4.2.1 Upstream Autophagy 

 There is ample evidence that show that both FoxO3 (313, 374) and Tfeb (313) protein is 

elevated in aged muscle. If functional, these proteins would support the expression of ubiquitin-

proteosome and autophagy genes in old muscle. Unfortunately, regarding FoxO3, there are no 

clear indications of whether AKT-mediated, inhibitory, FoxO3 phosphorylation is altered in age 

(375, 376). Furthermore, there are inconsistencies in findings in relation to its nuclear localization 

(376, 377). These inconsistencies in FoxO3 localization with age may be explained by the lack of 

consensus on whether AKT activity is elevated, reduced or unchanged in aged muscle (376–381). 

FoxO3 deacetylation by histone deacetylase 1 (HDAC1) (100, 382, 383) and co-activation by 

CARM1 (36, 37) enhance FoxO3 function, mechanism that have not been explored in aged muscle. 

Like AKT, there are reports that have observed lower basal (384, 385), unchanged AMPK (386–

388) signaling in aged muscle in a basal state. The consequence of this on FoxO3 are not 

understood, yet in a very recent report, aged human and rat muscle were shown to contain lower 
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basal AMPK-activating-Ulk1 phosphorylation (62). Importantly, mTORC1 activity is sustained in 

aged muscle (381, 389, 390), corresponding to increased inhibitory Ulk1 phosphorylation in aged 

skeletal muscle (378, 381, 390). Importantly, even less is understood in regard to Tfeb and Tfe3, 

and the ramifications of the differences measured upstream of these proteins. There are, however, 

a number of studies that have reported increases in both (reactive oxygen species) ROS (165, 391, 

392) and [Ca2+]IC  (119, 391, 393, 394), yet the impact of these changes on the autophagy-lysosome 

system in aged muscle remain unclear. Cumulatively, the lack of data signify that more work is 

necessary to understand the influence of age on the autophagy-lysosome system at the genetic and 

activation levels. 

2.4.2.2. Autophagy Flux 

There are inconsistencies in the understanding of autophagic resolution in aging muscle, 

which may be due to the use of “snapshot” measures of autophagy, looking at autophagosomal 

transcript and protein levels. For example, one report by Dr. Leeuwenburgh’s lab shown evidence 

of normally functioning autophagosome formation, with impairments in the processing and 

degradation of autophagosomes. These interpretations stem from observed accumulations in 

Beclin-1, LC3-I and LC3-II, without changes in upstream autophagy markers Atg7, Atg9 of Lc3 

transcripts (395). Furthermore, various studies in rodents have shown elevations in the mature 

autophagosomal marker LC3-II, the LC3-II/I ratio, the LC3 processing protein Atg-7, and the 

adaptor protein p62 (178, 396–399). In humans, Fry et al., measured elevations in upstream 

autophagy proteins such as Beclin1 and Atg7, but no changes in LC3-II/I (400), whereas Balan at 

al reported increase in LC3-II with age (401). These results would signify a greater capacity for 

autophagy, and although this may be true, interpreting such findings is challenging as these data 

could also indicate blunted autophagic breakdown. In contrast to these studies, others have failed 
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to report an increase in Beclin1 or Atg7 in humans (402) or LC3-II/I and p62 protein in aged mice 

(378), which would signify no changes in autophagy in aged muscle. The age-induced autophagy 

execution may be fiber-type specific, as in young, healthy muscle, oxidative muscle has greater 

basal autophagy flux than predominantly fast muscle (75), a phenomenon that requires 

investigation in aged muscle. Importantly, two independent reports by Baehr et al., and Carter et 

al., which utilized colchicine to assess autophagy flux in Fisher344BN rats, show enhanced 

autophagy flux in the aged cohort vs young counterparts (313, 403). Thus, it appears that 

autophagy flux is elevated in muscle with age, at least up until the point of cargo delivery to 

lysosomes. 

2.4.2.3. Lysosomes in Aged Muscle 

Within aging tissue, there is a progressive increase in “the age pigment”, scientifically 

termed lipofuscin. These granules are composed of indigestible material of lysosome origin and 

are commonly observed in post-mitotic tissue (404, 405). Lipofuscin occurs when oxidized lipids, 

carbohydrates and proteins become resistant to lysosomal hydrolysis. This phenomenon is linked, 

at least in part to the mitochondria in what is termed the “Lysosomal Theory of Aging”. In this 

theory, dysfunctional lysosomes prevent the terminal degradation of autophagic substrates, and 

thus, dysfunctional, ROS-producing mitochondria accumulate, and lead to the hyper-oxidation of 

proteins, which then accumulate within the tissue, in a feedforward mechanism (404, 405). It is 

hypothesized that these harmful substances can accelerate cell death via apoptosis. Importantly, 

skeletal muscle is not exempt from such changes, as these lipofuscin granules are visible in both 

rodent (313, 399) and human (406) skeletal muscle. Thus, reports of increased lysosome content 

in aged muscle (313, 407) may not be indicative of enhanced lysosome function, but rather an 

accumulation of dysfunctional organelles. In support of this hypothesis, there is evidence of 
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reduced lysosome-related transcript in aged muscle (395). Furthermore, apoptosis, and 

myonuclear degeneration is observed in the muscle of aged rodents (408), and these apoptotic sites 

are localized in regions where mitochondrial degeneration is present (409), further linking 

lysosome dysfunction to mitochondria and ultimately sarcopenia. It has also recently been 

proposed that lysosome-dysfunction and the ensuing release of cathepsins can promote apoptosis 

(410), a phenomenon which remains unclear in skeletal muscle aging. Furthermore, as discussed 

earlier in this review of literature, the role of Tfeb in aged muscle remains relatively unexplored, 

and more work is necessary to determine how Tfeb impacts aged skeletal muscle. With these points 

in mind, some important questions remain: 1) whether the functional lysosomes that exist within 

muscle are sufficient to degrade autophagic substrates; 2) whether upregulating lysosome 

content/function can enhance autophagic/mitophagic capacity and improve the function of the 

tissue; and 3) whether the presence of lipofuscin perturbs autophagosome degradation in skeletal 

muscle. 

2.4.3. MITOCHONDRIA IN AGED SKELETAL MUSCLE 

Mitochondria play an integral role in age-related muscle wasting. Alterations in 

mitochondrial content, structure and function are evident in aged skeletal muscle. Specifically, 

mitochondrial content, as measured by enzymatic activity, protein markers and mtDNA, is reduced 

in old skeletal muscle (411–415). Electron micrographs provide visual evidence that IMF 

mitochondria have diminished size and SS-mitochondria have reduced depth (416). Furthermore, 

mitochondria appear swollen and fragmented (178, 414, 416) with cristae disruption (399). 

Functionally, mitochondria are impaired within aging muscle. These changes include reduced 

mitochondrial respiration (241, 269, 313, 417, 418), deficits in maximal ATP production rate (350, 

413), uncoupling of oxygen consumption from ATP synthesis (350, 419, 420), and loss of 
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membrane potential (421). It remains controversial if this is due to age or activity level differences 

between young and old (422). Beyond the respiratory deficits observed in aged muscle, 

mitochondrial ROS, in single fibers (421), as well as in SS and IMF subfractions (423) is elevated. 

Further, there are greater indices of oxidative stress in aged muscle (424, 425). Since the 

mitochondrial targeted antioxidant SS31 prevents aging-induced mitochondrial ROS production 

and oxidative damage (421), one could assume that mitochondrial ROS are contributing to age-

related sarcopenia. However, this remains controversial as other sources of ROS may be promoting 

such changes. Nonetheless, elevated damage can lead to SR abnormalities (discussed in Chapter 

2), and NMJ instability, ultimately impacting the quality of aged muscle (426). 

Importantly, mitochondrial dysfunction is theorized to contribute aging because of a 

gradual accumulation of organellar damage from ROS. Further, mtDNA lack histones and DNA 

repair mechanisms. Thus, this proximity to ROS generation makes mtDNA susceptible to damage. 

This perpetuates a vicious cycle of forming faulty ETC complexes, which produce more ROS, 

thereby damaging cellular components (i.e., proteins, genomic DNA). Supporting this theory, 

overexpression of mitochondrial catalase extends lifespan in mice (427). Regarding muscle, 

regions of fibers that exhibit mitochondrial dysfunction have the greatest mtDNA damage and 

muscle atrophy with age (162, 428–430). Further, mitochondria play an integral role in mediating 

apoptosis through enhancing mtPTP pore opening and release of pro-apoptotic proteins. 

Ultimately, this can lead to myonuclear decay and loss of a cytoplasmic domain, resulting in fiber 

atrophy. In fact, indices of apoptosis are enhanced with age (162, 411, 413, 414, 423, 431–433), 

which may be more pronounced in fast-twitch muscle (141). Overall, mitochondrial abnormalities 

perpetuate damage and promote apoptosis, which ultimately contribute to muscle atrophy. 
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2.4.3.1. Mitochondrial Biogenesis in Aged Muscle 

The diminished content of mitochondria in aged muscle is due to, at least in part, reduced 

expression of PGC-1 mRNA and protein (241, 411, 413, 423, 435, 436). These changes have 

commonly been observed in both slow and fast muscle. Very recently it was shown that these 

reductions may be explained by reduced PGC-1a transcriptional activity and mRNA stability 

(241). In addition, nuclear PGC-1 is lower in aged skeletal muscle (411, 437). Importantly 

overexpression of PGC-1 in mice preserves muscle integrity with age (438). In fact, these mice 

retain many characteristics of young mice (438), pointing to the importance of this regulator in 

muscular longevity. Alternatively, lack of PGC-1 hinders aged muscle from adapting to exercise 

(439). In contrast to PGC-1, Tfam is elevated in aged muscle, even with reduced mitochondrial 

content (436, 440, 441), which may lead to mito-nuclear imbalance. 

Although these regulators have been characterized, very few studies have clarified the 

upstream regulatory mechanisms involved. For example, as mentioned above, there may be 

reduced baseline AMPK activity in aged muscle, and this would provide a probable explanation 

for reduced PGC-1 activity. Various stimuli have been used to activate AMPK in aged muscle 

and the response is blunted (241, 386–388), which over the course of time may impair 

mitochondrial biogenesis. Furthermore, lower basal NAD+ and Sirt1 protein are reported in aged 

muscle (415, 437, 442). This acts to downregulate signaling toward organelle biogenesis through 

hindered Sirt1 activity. In fact, restoration of NAD+ through caloric restriction or the NAD+ 

precursor, NMN, restore mitochondrial homeostasis (415), highlighting the importance of NAD+ 

in age-related mitochondrial dysregulation. Furthermore, since markers of oxidative stress and 

Ca2+ are elevated in muscle, one would expect p38-MAPK and CaMK-II activation to be higher, 
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yet this is not the case in aged muscle (386). The implications of this remain unclear in the 

regulation of mitochondrial biogenesis in aged muscle. 

2.4.3.2. Mitochondrial Dynamics in Aged Muscle 

Although controversial (443), an overwhelming number of studies have reported a greater 

abundance of mitochondrial fission, relative to fusion proteins in aged skeletal muscle (398, 399, 

416, 436, 444). Importantly, in these reports’ inconsistencies have been found regarding the 

absolute change in the expression of fusion and fission proteins. Overall, however, this imbalance 

in organellar dynamics would explain the commonly observed mitochondrial fragmentation 

described above. It is important to note that this effect may be fiber-type specific, as the pro-fusion 

protein, Mfn2 is reduced to a larger extent in the tonic soleus muscle versus the predominantly 

fast-twitch TA muscle (178). If this pattern holds true, whereby there are fiber-type dependent 

changes in dynamics with age favoring fragmentation in slow muscle, then the ramifications on 

mitophagy would be vast, likely priming the mitochondria for a greater rate of basal mitophagy. 

Overall, as mitochondrial dysfunction is apparent in aged muscle, and as fission precedes 

mitophagy, it is not surprising that there is evidence of fragmented mitochondria in aged muscle, 

which may prime this organellar pool for mitophagy. 

2.4.3.3. Mitophagy in Aged Muscle 

 As with measurements of autophagy, there are inconsistencies within the literature on 

whether mitophagy is in fact up- or down- regulated in aged skeletal muscle. Specifically, in 

examining Pink1-Parkin-mediatied mitophagy, we and others have reported decreases in Parkin 

protein in both whole muscle (270) and isolated mitochondria (269) in 18-month-old mice. 

Alternatively, others have reported, in older mice (24 mo) and rats (36 mo) elevations in Pink1, 
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Parkin and Ubiquitin (398, 399). These data together may implicate an age-specific mitophagic 

response regarding Pink1-Parkin-mediated mitophagy. With respect to Bnip3 and Nix, studies 

have failed to measure any change in these mitophagy receptors (398, 402, 445), however, 

phosphorylation of these proteins would clarify their involvement in mitophagy within aged 

muscle. 

 Work that has been published in recent years from our lab has measured increased LC3-II 

(399) and p62 (399, 446) in isolated mitochondrial fractions from aged rodents. These data would 

suggest either enhanced rate of targeting and degradation or perturbed efficiency of mitophagic 

breakdown. Utilizing a colchicine-flux-assay, we have uncovered that mitophagy flux is enhanced 

in aged rodent muscle (269, 313). However, the remaining presence of impaired organelles 

suggests that the production of mitochondrial dysfunction is greater than the rate of removal. This 

may contribute to the propagation of further dysfunction. Thus, restoring mitophagy in aged 

muscle may hold therapeutic benefit in slowing age-related sarcopenia. 

2.4.4. IMPLICATIONS OF EXERCISE IN AGED MUSCLE 

 Physical activity and exercise have a dramatic impact on whole body health for aging 

individuals. For example, regular, moderate exercise can reduce age-induced inflammation (447, 

448), improve whole body metabolism (449) and cardiovascular fitness (450). All these changes 

may have positive consequences in aged skeletal muscle. Focusing on skeletal muscle specifically, 

exercise is a stimulus that acts to remodel skeletal muscle. As discussed in more detail below, the 

ability of aged muscle to adapt to exercise is hindered. Thus, understanding the mechanistic 

differences responsible is important in developing novel treatments for age-related sarcopenia.  
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As discussed in Chapter 3.3, endurance exercise simulates mitochondrial biogenesis and 

induces quality control mechanisms. Over the course of a training regime, these changes enhance 

the quality of the organellar pool and creates a more metabolically adept tissue. This seems to be 

the case within aged muscle as well as lifelong physical activity improves mitochondrial integrity 

and aerobic performance that are attenuated with age (451, 452). Importantly, there is reduced 

adaptive plasticity in response to acute contractile activity in aged muscle due to an attenuation of 

kinase signaling (AMPK, p38, CaMK-II) that converge on mitochondrial biogenesis (241, 386–

388). Yet, contractile-activity induced enhancement of PGC-1 promoter activity is no different 

in young and aged muscle (241).. Supportive of these acute differences in mitochondrial 

biogenesis, there is evidence of a diminished response with chronic activity in comparison to 

young (386, 453). However, although the response is blunted, training in aged muscle upregulates 

upstream kinases, PGC-1 protein, PGC-1 nuclear localization and ultimately mitochondrial 

content to that of young muscle (411, 436). Unfortunately, few studies have investigated protein 

import in aging muscle, a requirement for biogenesis. However, one investigation found that with 

chronic contractile activity, protein import machinery was not enhanced, unlike in young muscle. 

Further, enhanced import of the matrix protein OCT was blunted (414). 

Mitochondrial quality control mechanisms are also altered with exercise training. For 

example, the ratio of fusion:fission proteins are normalized with endurance training in rodents 

(436). Further, in human, physical activity increase fusion protein levels (401). This likely 

facilitates the formation of a more reticular organellar network. With regard to mitophagy, acute 

exercise fails to elicit the same level of mitophagic breakdown to that young muscle (269). 

However, chronic contractile activity was able to reduce mitophagy flux to the same extent as 

young muscle (313), suggestive of an overall enhancement of these organelles and their quality 
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control in aged muscle with training. Importantly, chronic contractile activity and endurance 

exercise programs have been shown to normalize myonuclear decay, increase anti-apoptotic 

proteins and slow protein release from mitochondria, which ultimately reduce age-related DNA 

fragmentation (395, 414, 434, 454, 455). This change likely preserves myonuclear content and 

domain size, thereby slowing atrophy in aged muscle. 

 In young muscle, contradictory findings have been observed in the regulation of autophagic 

breakdown in muscle in response to acute exercise, but most reports suggest elevated autophagy 

(456–458). However, utilizing appropriate flux measures, it has been uncovered that one bout of 

exercise does in fact stimulate autophagic breakdown in young muscle (294, 459). It remains to be 

seen if autophagy flux changes in aged muscle with acute endurance-style exercise, and thus work 

of this kind would be valuable to the field. However, since kinase signaling is attenuated in 

exercised old muscle, one would presume that exercise-stimulated autophagy would be blunted. 

Supportively, with fasting, there is perturbed AKT and mTORC1 pathway inactivation, and 

ultimately lower activation of Ulk1 versus young-exercised counterparts (381). Similarly, in 

response to one bout of electrical activity there is blunted mTORC1 activation (460). 

Cumulatively, these findings may implicate a blunted autophagy potential in aged muscle 

following acute exercise.  

With exercise training, in young animals, there are increases in autophagy in fast, but not 

slow muscle (75). Further, in humans, indices of autophagy are greater following training (401). 

However, Carter et al., failed to measure any changes in LC3-II autophagy flux with chronic 

contractile activity. With aging, exercise training increases static measures of autophagy and 

mature autophagosomes in rodents (378, 395, 456, 461). Furthermore, physically active elderly 

individuals have increased autophagy-related mRNA (451, 462). This upregulation of autophagy 
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may stimulate improved removal of damaged cellular constituents. However, this area requires 

clarification, and modern flux measurements will allow for us to better understand how exercise 

training influences autophagy flux rates within aging muscle. 

Lysosomes also undergo adaptation to exercise training in young animals. In an acute 

exercise setting, both Tfeb promoter activity and nuclear localization are enhanced (463). It is 

unknown if acute excise stimulates lysosome biosynthesis in aged muscle, a fundamental process 

worth investigating. These acute regulatory changes in lysosome biosynthetic pathways in young 

animals explain the elevated lysosome content following chronic contractile activity (65, 155, 

156). With age however, this response is blunted, whereby not all lysosome proteins increase 

(313). This may have significant ramifications on the ability of aged muscle to sufficiently degrade 

autophagic substrates. Therefore, future studies should aim to examine aging-related alterations in 

the lysosomal system in skeletal muscle with exercise. These findings may lead to a possible 

pharmaceutical target for improving aging-related muscle dysregulation. 

2.5. Skeletal Muscle Atrophy:  

 Atrophy is simply defined the reduction in tissue size as a result of a loss of cytoplasmic 

volume. This deficit entails a loss of proteins and organelles. Although atrophy is commonly 

observed in various conditions such as with starvation, diabetes, cachexia, sarcopenia and more, 

the objective of this chapter is to address muscle atrophy regulation in disuse and denervation. 

Ultimately, the goal of a developed understanding of the molecular process that govern atrophy is 

for the development of novel therapeutic targets that prevent or slow muscle wasting. 

 

 



51 
 

2.5.1. PHENOTYPIC CHANGES IN ATROPHYING MUSCLE 

Atrophying skeletal muscle undergoes a shift toward reliance on glycolytic metabolism. 

This is in part due to changes in mitochondrial architecture, as discussed further below in Chapter 

2.5.4. Sarcomere structure is concomitantly altered, characterized by z-line streaming in both 

denervation and disuse models (464, 465). There is also an apparent fiber-type-specific atrophy, 

whereby Type I fibers are more sensitive to denervation and disuse atrophy (466–468). This 

contrasts the predominant Type II atrophy observed in multifactorial wasting model (i.e., 

sarcopenia and cachexia). The basis for this selectivity in fiber type atrophy remains unresolved, 

but it is nonetheless clear that force production is lost in denervation and disuse atrophy (469). In 

denervation, muscle atrophy is biphasic, whereby there is a rapid decline in muscle mass over the 

first two weeks followed by a more gradual reduction in the rate of loss (470–472). Immobilization 

is similar, with deficits in muscle mass as early as 2-days following disuse in humans (473). 

Further, the rate of muscle loss is greatest in the first 7 days (474). Importantly, the overall rate of 

change is greater in denervation models of atrophy (475). As highlighted in Chapter 2.5.4, this bi-

phasic atrophy is correlated with mitochondrial volume loss, implicating these organelles in 

mediating some aspects of the degree of disuse-atrophy. 

2.5.2. PROTEIN DEGREDATION IN MUSCLE ATROPHY 

 Muscle mass is regulated by two opposing processes, the synthesis of proteins and 

organelles, and their degradation. It is an imbalance in these fundamental processes that ultimately 

promotes hypertrophy or atrophy of the tissue. Protein synthesis is largely mediated by growth 

factors such as IGF-1 and insulin, which stimulate intracellular signaling cascades that converge 

on AKT and mTOR to promote the synthesis of proteins (476–478). Simultaneously, this series of 

events impedes protein breakdown by indirectly inhibiting FoxO transcription factors (476, 477). 
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In response to prolonged inactivity, there is a net loss of proteins, resulting in atrophy (479, 480). 

Although decrements in protein synthesis have typically been hypothesized to produce this change 

(481), in various atrophic conditions the mTORC1 pathway activity is enhanced (479, 482–485). 

This staggering finding suggests that protein degradation pathways have a greater contribution to 

muscle atrophy, which will be detailed within this chapter.  Several proteolytic systems converge, 

acting as a cohesive unit to produce atrophy of muscle with prolonged disuse and denervation 

(486). These include the ubiquitin-proteasome system (UPS) and the autophagy-lysosome system, 

calpains and caspases. 

The UPS requires the targeting of proteins via the addition of polyubiquitin chains followed 

by docking at the multiunit proteasome and subsequent degradation (79, 487). Ubiquitination 

requires an E1 ubiquitin activating enzyme which primes ubiquitin (Ub). Next, an E2 conjugating 

enzyme will receive the Ub and with the help of an E3 ubiquitin ligase, thus Ub will be transferred 

to the target protein. It is these E3 ligases that create specificity (488). Muscle ring finger 1 

(MuRF1) and muscle atrophy F-box (Atrogin1/MAFbx) are the most characterized E3-ub-ligases 

in skeletal muscle due to their exclusive expression in this tissue (488, 489). Other more recently 

identified E3 ligases that play a role in atrophy include Trim32, TRAF6, MUSA1, SMART and 

Nedd4-1 (488, 489). Not surprisingly, an overwhelming number of studies have reported increases 

in the expression of these E3-ligases and proteasome-related content in denervation or muscle 

inactivity (34, 35, 40, 41, 43, 116, 390, 472, 490–499). One study did also note a correlation 

between the phases of muscle loss and expression of atrogenes, whereby the upregulation of these 

genes is most pronounced at periods associated with rapid muscle atrophy (i.e., early post-

denervation), followed by a normalization during a period where atrophy is slowed (i.e., late post-

denervation) (472). Finally, the UPS has been shown to be vital for the atrophy process, since mice 
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deficient in MuRF1, MAFbx or TRAF6 are protected against muscular inactivity-induces loss of 

muscle mass (500–502). 

Activation of UPS-related gene expression is mediated by multiple factors. For example, 

inflammatory cytokines such as TNFs, TWEAK or IL-1 converge to activate the NF- pathway, 

stimulating expression of atrogenes (489). Further, ROS can promote NF- and FoxO expression 

(503). Importantly, these cytokines are enhanced with denervation (494, 496, 504), and muscle 

disuse (505) and likely promotes activation of the UPS-program. Furthermore, IGF-1 signaling 

cascades activate AKT, leading to repression of FoxO3. Thus, if IGF-1 is lessened, which seems 

to be the case with muscle disuse (506–509) and denervation (509–512), and insulin resistance 

develops, this may also contribute to atrophy. The pro-inflammatory cytokine IL-6 is also 

upregulated in denervation (494) and disuse atrophy (513) and is implicated in the control of signal 

transducers and activators of transcription 3 (STAT3) to promote atrophy-related gene expression. 

Finally, the AKT inhibiting cytokine TGF- is upregulated in denervation atrophy (475, 514) and 

hindlimb unloading (515), but not immobilization (475). This molecule signals via Smad proteins. 

Ultimately, this pathway can regulate FoxO3 activity and UPS activation. Based on the premise 

that inflammation is a major contributor to disuse-induced atrophy, the group of Hualin Sun has 

recently published a series of studies, whereby they found that targeting these pathways 

pharmacologically blunts denervation-atrophy  (359, 494–496, 516). As discussed in Chapter 

4.5.4., perturbations in mitochondrial homeostasis are also implicated in the induction of atrophy 

with chronic disuse, and these systems may be co-regulated. 

 Calpains are Ca2+-induced cysteine proteases, cleaving proteins, thereby priming the 

segments for degradation by other proteolytic systems. Importantly, these substrates consist of 

myofibril proteins and apoptotic factors (517). Calpains also mediate inflammatory signaling (NF-
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 activation and TNF- expression) (518, 519), and are implicated in the inactivation of AKT 

(520), both of which may perpetuate atrophy in skeletal muscle, as addressed above. Since ROS 

promote Ca2+ overload in muscle, mitochondrial dysfunction is implicated in the activation of 

calpains (see Chapter 2.5.4.). Of the many Calpains that exist in eukaryotic cells, calpains 1 and 2 

are implicated in skeletal muscle (517). Calpains are activated with hindlimb casting and 

unloading. Importantly, both pharmacologic (521) and genetic inhibition (522, 523) of calains 

perturb the atrophy of muscle. These effects are more pronounced in slow muscle, likely a product 

of the accelerated muscle atrophy in these muscle types (522, 523). Similarity, caspases are Ca2+-

induced proteases, and are typically thought of for their role in apoptosis. Caspases cleave proteins 

which can alter their function or target them for breakdown. For example, in muscle, caspase 3 

cleaves myofilament proteins for degradation by the UPS (524). It has been documented that 

activation of caspase occurs with both immobilization (521) and denervation (525, 526). Caspase 

inhibition attenuates atrophy (521, 525), however this seems to be due to an effect on apoptosis 

rather than actin cleavage and degradation (525). 

These proteolytic mechanisms are implicated in the degradation of a wide array of proteins. 

However, they alone cannot degrade all long-lived proteins, aggregates, or organelles. Thus, these 

systems are coordinated with the autophagy lysosome system to promote atrophy, likely through 

the simultaneous induction of their genetic programs through shared upstream signaling 

mechanism. 

2.5.3 THE AUTOPHAGY LYSOSOME SYSTEM IN ATROPHY 

 As highlighted in Chapter 2.2, the autophagy process is responsible for the degradation of 

long-lived organelles and protein aggregates via the lysosomes. Regarding its involvement in 

muscle atrophy, early reports by Dr. Stefano Schiaffino and colleagues found, via electron 
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microscopy, that in response to denervation there is increased presence of autophagic vacuoles 

(527).Work since this time has focused on the regulation of autophagy in a variety of conditions. 

Importantly, as addressed in Chapter 2.2., perturbations in autophagy alone are capable of eliciting 

muscle atrophy. Earlier work showed that activating autophagy via genetic manipulation (i.e., 

constituently active FoxO3) promotes atrophy (34). However, silencing LC3 prevented this 

atrophy, implying that blocking autophagy may help preserve muscle mass in atrophy conditions 

(528). Thus, studies have explored the merit of blocking autophagy in muscle wasting, such as 

denervation. Contrary to what was expected, blocking autophagy via genetic manipulation (i.e., 

TSC1/2, Atg7 knockout) in denervation models led to defective muscle performance and the 

accumulation of damaged/dysfunctional constituents, which ultimately accelerates muscle wasting 

(22, 529). Thus, balanced autophagy is required for muscle mass maintenance and the merit of 

targeting autophagy in slowing atrophy is an avenue commonly explored. 

2.5.3.1. Upstream Autophagic Signaling 

 As discussed extensively in Chapter 2.2, autophagy is fine-tuned via interactions of kinases 

and their associated signaling pathways, which ultimately leads to activation of 1) genetic 

programs that produce proteins required enhanced autophagic capacity, 2) upstream autophagy 

(i.e., formation of autophagosomal membranes) and 3) autophagic degradation. This section is 

intended to detail the divergent responses regarding autophagy in denervation and disuse-atrophy. 

In both denervation and immobilized muscle there is evidence of increases in FoxO3 

transcript and protein (40, 43, 490–492). These changes likely support autophagy-related, and 

proteasomal gene expression. The importance of FoxO3 in promoting atrophy has been observed, 

whereby its inhibition reduced the extent of muscle atrophy in denervation and disuse models (41, 
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43, 383, 493, 530). This is at least in part due to a normalization of autophagy, leading to preserved 

muscle mass and function. 

 AKT is a core negative regulator of FoxO3 activity in skeletal muscle. Based on a variety 

of reports, it seems that AKT activity is reduced early in the denervation-response and is then 

progressively activated (39, 112, 475, 529, 531). This would presumably lead to early activation 

of FoxO3, through alleviation of its repression. However, phosphorylation on the inhibitory FoxO3 

sites do not match these AKT activity changes (112, 475, 494), thus, other mechanisms may 

regulate FoxO3 in denervation. Despite these observations, nuclear FoxO3 content is upregulated 

following 3 days of denervation (40), which may serve to upregulate in autophagy gene expression. 

In contrast to denervation-atrophy, immobilization studies indicate that AKT activity is reduced 

as early as 1 day-post immobilization (499) and is sustained at lower levels in more prolonged 

interventions (116, 475, 497, 532, 533). This correlates with reduced inhibitory FoxO3 

phosphorylation and enhanced nuclear FoxO3 at 3-days post-immobilization (43). Thus, AKT 

activity and its impact on FoxO3 appears to be stimulus dependent. 

 AMPK is another core regulator of both FoxO3 and Ulk1 activity. In denervated muscle, 

there is a time-dependent activation of AMPK whereby it is decreased early post-denervation (6-

24hr) (491) and is then enhanced and sustained after 3 days (36, 112, 531). Correspondingly, these 

changes are coupled with increased AMPK-mediated phosphorylation of FoxO3 at 3 days post-

denervation (31), as well as Ulk1 activating phosphorylation (36, 529, 531, 534). This would be 

indicative of 1) sustained autophagy activation and 2) inhibition of mTORC1 to preserve muscle 

mass. Like denervation, short-term disuse (i.e., 24 hr hindlimb suspension) reduces AMPK activity 

(499, 535). However, it remains unclear whether prolonged inactivity enhances (490, 536) or 

reduces (492, 537) AMPK. Nonetheless, AMPK-mediated Ulk1 activation and Atg13 are 
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increased following 6 and 12 hours of hindlimb suspension (538), but not with prolonged disuse 

(539), suggesting an early activation of autophagy. 

 Another core regulator of muscle size is mTORC1. As with the above signaling molecules, 

there are divergent responses in the regulation of mTORC1 activity with denervation and disuse 

models. In the denervation literature, enhanced mTORC1 activity is evident as early as 24-hours 

post-nerve transection and is sustained for at least 28 days (39, 111, 475). This correlates with 

elevated Ulk1 inactivating phosphorylation (529, 531), a mechanism which may serve to preserve 

muscle mass with denervation. This effect was only observed in fast muscle, and this may explain 

the greater autophagy and atrophy in slow muscle with denervation (111). Alternatively, with 

prolonged disuse, mTORC1 activation is reduced in slow muscle (116, 537), but remains 

unchanged in fast muscle (116, 475). This finding also supports the greater atrophy in slow muscle 

with disuse. Similarly, in humans no change in mTORC1 activity was measured following 2-weeks 

of immobilization (539, 540). As no changes in mTORC1 are measured in these studies, it is not 

surprising that many have failed to report changes in mTORC1-inactivating Ulk1 phosphorylation 

in disuse models (390, 475, 539). 

2.5.3.2. Autophagic Clearance 

 The upstream processes discussed above are important and contribute to the upregulation 

of autophagy-related mRNA and protein in denervation (34–36, 359, 399, 475, 493–496, 531, 534, 

541) and disuse models (41, 390, 490, 497, 498, 542–544). This upregulation in autophagic 

proteins likely support an enhanced capacity for autophagy. However, they are not necessarily 

indicative of changes in autophagic resolution. Thus, measurements of autophagosomal content 

(i.e., LC3-II) and flux have been made. Our group has shown decrements in both LC3-II and p62 

flux following 7-days of denervation in the mouse tibialis anterior muscle (541). Similarly, Castets 
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et al., uncovered decreases in LC3-II flux at 7-days post denervation, but these investigators report 

elevations at 14 days onwards (529). The lower autophagy flux at 7-days may be mechanism to 

preserve muscle prior to the accumulation of damage that requires autophagic breakdown, or that 

the endogenous autophagy machinery is insufficient to support breakdown early post-denervation. 

More work is required to understand the early time-dependent changes in autophagy flux (i.e., 

prior to 7 days), as therapeutic treatments may vary based on time post-nerve injury.  

Following short-term 3-day immobilization, autophagy flux, as assessed by both an LC3-

II colchicine assay and mRFP-GFP-LC3 assay was found to be reduced (390). In another report 

utilizing colchicine, LC3-II flux was increased whereas p62 flux was decreased following 10 days 

of immobilization (532). As p62 and LC3-II are not mutually exclusive, these findings may suggest 

differential control of autophagic breakdown in muscle with disuse. 

As highlighted in Chapter 2.2., autophagy flux in response to caloric restriction and 

exercise is greater in fast muscle, and this fiber type difference may influence autophagy in 

denervation and disuse models. In this vein, muscle specific deletion of the autophagy inhibitor 

TSC, accelerates muscle loss in slow muscle in the late stages of denervation (i.e., 28 days) (529). 

Alternatively, in fast muscle, TSC deletion accelerated muscle loss early in the denervation time 

course (i.e., 7 days) (529). These results indicate a differential regulation of autophagy in the 

progression of atrophy in slow versus fast muscle. Ultimately, with advancing scientific 

methodologies, more work is required to fully understand the impact of 

immobilization/disuse/denervation on autophagy flux, and to delineate the time-dependent 

changes in these disuse models. 

 



59 
 

2.5.3.3. Lysosomal Regulation 

It has long been known that skeletal muscle disuse is matched with elevations in lysosomal 

content and proteolysis (545–548). However, as the molecular underpinnings of the autophagy-

lysosome system have been uncovered, a budding interest in the investigation into lysosomes and 

muscle disuse has ensued. A variety of the methods used to assess disuse have cumulatively 

displayed results showing enhanced lysosome content, however future work must investigate the 

function of these lysosomes, as there have been indications of autophagy impairments in some of 

these models, as discussed above. For example, following 9-days of hindlimb suspension in rats, 

the soleus muscle contains elevated cathepsin mRNA (93). Further, 7 days of unilateral hindlimb 

immobilization led to elevated transcripts encoding LAMP2 in both the gastrocnemius and tibialis 

anterior muscles (543). Others have shown that 7 days of hindlimb casting increases cathepsin L 

transcript in the soleus and plantaris muscles of rats (116), and 14 days of casting elevated 

cathepsin L activity in the gastrocnemius muscle of mice (549). In mechanical ventilation models 

of muscle disuse, the diaphragm muscle exhibited elevated Cathepsin L and Cathepsin B mRNA 

and Cathepsin L activity (41, 498). Work from our group has reported that in muscle from 7 day 

denervated mice, there are accumulations in lysosomal protein (541), which could be explained by 

the increased total Tfeb protein that we observed (541). As such, there may be an increased drive 

for lysosome biogenesis to meet the denervation-induced autophagic demands placed on the 

muscle. However, we and others have also reported lysosomal impairments in 7-and-14-day 

denervated muscle, evident by the presence of lipofuscin (359, 399). These results suggest 

hindered lysosome function. Thus, the accumulation of lysosomal proteins could be explained by 

the build-up of dysfunctional organelles. As addressed in Chapter 2.4, lysosome impairment can 

lead to membrane instability, swelling and ultimately apoptosis through the release of cathepsins 
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(410). Thus, in denervation/disuse atrophy, if lysosome function is indeed impaired, these 

organelles may contribute to myonuclear apoptosis both directly, and indirectly through a lack of 

mitochondrial degradation (see mitochondrial apoptosis in Chapter 2.3.1.3). Thus, it is evident that 

functional assessment of lysosomes in disuse/denervated muscle is necessary. Ultimately, this 

work will allow us to explore the vitality of treating muscle wasting with lysosome-based 

therapies. 

Further work is also required to understand the transcriptional control of lysosome 

biosynthetic pathways in disuse/denervation models. No direct assessments have been made 

measuring the signaling mechanisms discussed above (i.e., AMPK, mTORC1, AKT etc…) in 

denervation/disuse models. Further, as discussed above, ROS and associated damage is elevated 

in denervation (550–552) and disuse models of atrophy (116, 553, 554), and this is associated with 

high concentrations of cytosolic Ca2+ (555, 556). Both can act as signaling mechanisms that can 

promote Tfeb/3-mediated lysosome biogenesis. Thus, future work should aim to explore the 

requirement of these upstream signaling molecules and kinases in lysosome biosynthesis, and their 

role in the atrophy process. 

2.5.4. MITOCHONDRIA IN MUSCLE ATROPHY 

 Contrary to chronic exercise, prolonged disuse is characterized by a reduction in 

mitochondrial content, ultimately shifting the metabolic phenotype of muscle toward that of a more 

glycolytic fiber (26,39). Just as muscle atrophy is biphasic, so too are the declines in mitochondrial 

content. Specifically, there is a rapid deficit in mitochondrial content over the first 5 days, followed 

by a more gradual loss through to 42 days of denervation (470). Importantly, loss in muscle mass 

is preceded by changes in mitochondrial content (557), suggesting that mitochondrial 

dysregulation may play a role the atrophy program in inactive muscle. 
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As discussed in more detail below, even with these decrements, the remaining 

mitochondrial pool is fragmented, and ROS production and ROS-induced damage are enhanced in 

disuse models (470, 552, 558–561). It is worth noting that these studies explored ROS production 

in isolated mitochondria preparations, indicating that these organelles contribute to 

disuse/denervation-induced oxidative stress, but may not account for the full oxidative phenotype 

in disuse/denervated muscle. Nonetheless, the bioproduct of sustained ROS production is vast, 

including 1) loss of mitochondrial membrane stability (562), 2) opening of the mitochondrial 

permeability transition pore (mPTP) (470, 563), 3) loss of membrane potential (561), and 4) 

damage to membranes, proteins, organelles, and nucleic acids (564–566). In light of this, indices 

of apoptosis including the increased expression of apoptotic proteins, upregulation the Bax:Bcl-2 

ratio, cytochrome c release,  AIF release and faster mtPTP kinetics are observed in denervation 

and disuse models (470, 526, 561, 563, 567, 568). Furthermore, it is these damaging effects that 

are thought to contribute to induction of the atrophy program through activation of proteolytic 

pathways. Thus, targeting mitochondrial dysfunction may provide therapeutic benefit in slowing 

atrophy. 

Since oxidative stress can promote atrophy via impairing protein synthesis and activating 

proteolysis in muscle through autophagy, UPS, calpains, caspases and apoptosis (569, 570), 

multiple studies have investigated whether targeting mitochondrial ROS can slow / prevent muscle 

wasting in disuse models. For example, preconditioning and treatment with the antioxidant 

resveratrol reduced the extent of atrophy with hindlimb immobilization (571). Similarly, vitamin 

E reduced soleus muscle atrophy following 14 days of hindlimb unloading through blunting of 

caspase activity, calpain activity and UPS induction (572). However, these results were not 

reproduced when an antioxidant cocktail containing vitamin E was used (573). Furthermore, 



62 
 

Trolox, a vitamin E derivative did not prevent denervation atrophy (574) and n-acetyl cysteine 

(NAC) did not prevent disuse atrophy (575). These results must be interpreted carefully, as these 

compounds are not mitochondrial-specific, and have widescale system effects. However, the 

importance of mitochondrial ROS and the utility of targeting it has been shown in a series of 

studies where SS31 was used. For example, treatment with SS31 prevented atrophy following 7-

day of casting (116). This was due to normalization of indices of autophagy, atrogene expression, 

and calpain activity (116). Furthermore, SS31 treatment normalized AKT signaling (116), which 

has implications on FoxO3 and Tfeb/3 activation. Similar effects were seen in the soleus and 

plantaris muscles with 14-days of casting in mice (559). Overall, there is strong evidence that 

specifically targeting mitochondrial oxidant production may be protective in atrophy. 

2.5.4.1. Mitochondrial Biogenesis in Atrophying Muscle 

During chronic disuse, loss of muscle mass is closely associated with declines in 

mitochondrial content. Research into alterations in mitochondrial biogenesis have developed an 

understanding of how atrophy stimuli promote a downregulation in mitochondrial volume. Early 

reports have shown rapid 80% reductions in PGC-1 transcript at 1-day post-denervation (472). 

We and others have also documented rapid declines in the levels of the PGC-1 and Tfam in the 

first 3-5-day of denervation (470, 576). Recent transcriptomic analysis confirmed deficits in the 

expression of mitochondrial genes in both denervation (577) and hindlimb suspension (578). Not 

only do fewer mitochondrial proteins get made, but the import machinery (579, 580) responsible 

for NuGEMP incorporation, and the rate of import (558) are reduced with chronic disuse. These 

changes ultimately result in the reduced mitochondrial content (166, 382, 581, 582). 
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PGC-1 also plays an integral role in regulation in muscle atrophy pathways. For example, 

PGC-1 overexpression attenuates muscle atrophy due to both increases in mitochondrial 

biogenesis, and inhibition of the FoxO3 and the UPS (583). More recently, Vainshtein et al., 

reported a similar blunting of denervation-atrophy in PGC-1 transgenic mice, but unlike the UPS 

measurements in the previous report, this study measured greater elevations in autophagy-

lysosome proteins (541). In this same study, it was reported that lack of PGC-1 attenuated 

autophagic signaling and autophagy flux in denervated muscle (541). Furthermore, in hindlimb-

unloading models of muscle inactivity, PGC1- overexpression prevented atrophy, due to a 

blunted induction of the UPS, autophagy and mitochondrial fragmentation (584, 585). 

Cumulatively, this implies that PGC-1 regulates muscle atrophy beyond its role in mitochondrial 

biogenesis. Finally, PGC-1 also controls the expression of cardiolipin (CL) biosynthetic 

enzymes. CL is integral phospholipid that is integral in mitochondrial membrane stability and 

protein import. As such, chronic muscle disuse downregulates CL content in muscle (579, 580), 

leading to poor ETC performance and the production of ROS (586), which can perpetuate more 

muscle damage. 

2.5.4.2. Mitochondrial Dynamics in Atrophying Muscle 

The mitochondrial pool in inactive muscle, whether induced via disuse or denervation, 

becomes not only lessened, but increasingly dysfunctional. Dissimilar to the aging literature, there 

is far more consensus on the impact of disuse and denervation on changes in organelle dynamics. 

With denervation for example, there are decreases in the fusion:fission  regulatory protein ratio 

(134), including reports of enhanced fission protein content (Drp1, Fis1) and of decreased fusion 

proteins (Mfn1 and Opa1) (531, 567), promoting a fragmented phenotype. Similarly, in 
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immobilization models, there is a substantial decrease in fusion proteins after 3 days of 

immobilization (135) and a moderate decrease in pro-fusion Mfn2 protein over the course of 3 

weeks, whereas the pro-fission protein Fis1 doubled by 2-weeks (542). These protein changes may 

be due, in part, due to the transcriptional control of PGC-1 Mfn2 (587). Cumulatively, these 

results suggest that mitochondrial dynamics are altered in a time-dependent manner, resulting in a 

fragmented organellar pool that may potentiate mitophagy in disuse and denervation chronic 

muscle disuse. Uniquely, mitochondrial dynamics may be a therapeutic target in denervation-

atrophy. This reasoning comes from multiple reports that show overexpression of the fusion 

proteins Mfn1 (567) and Opa1 (136) preserved mitochondrial and muscle homoeostasis. 

Furthermore, activating mitochondrial fission alone induces muscle atrophy (177), thus, the 

fragmentation observed in chronic disuse models may be causative in muscle wasting. 

2.5.4.3. Mitophagy in Atrophying Muscle 

This enhanced organelle fission signature in skeletal muscle atrophy would likely support 

mitophagy. In fact, in both fast and slow muscle there are reports of elevated Parkin mRNA and 

protein at 7- (94, 137) and 14-days post-denervation (359, 494–496, 534). Although one study 

failed to measure any denervation-induced change in mitochondrial Parkin (137), there are 

multiple reports of increased Pink1 and Parkin in isolated mitochondria from denervated animals 

(399, 531, 567). In addition, p62 (399, 531, 541), an adaptor protein specific to Pink1/Parkin 

mitophagy, and ubiquitin (541) are present in isolated mitochondria from denervated rodents. 

These results suggest increased capacity for Pink1/Parkin-mediated mitophagy with denervation. 

In fact, Pink1/Parkin-mediated mitophagy may contribute to atrophy, as Parkin null mice retain 

soleus mass after denervation, even with higher indices of mitochondrial dysfunction (137). In 

contrast, there is scare literature with respect to mitophagy receptors in denervation, apart from 
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observed increases in whole muscle BNIP3 protein by the group of Dr. Hualin Sun (494–496). 

Cumulatively, these data indicate that mitochondria are tagged for degradation during denervation, 

however more work is required to determine localization of mitophagy receptors with denervation, 

and their role in the contribution of denervation-atrophy. In isolated mitochondria from denervated 

animals, there is evidence of increased LC3-II (399, 531, 541) suggestive of autophagosomal 

engulfment. When flux was assessed via colchicine, Vainshtein et al., observed enhanced 

mitophagy flux at 7 days post-denervation (541), whereas Tamura et al., measure reduced LC3-II 

flux in 10 day denervated muscle (531). Thus, the regulation of mitophagic targeting and flux 

differ throughout the course of denervation. More research is required to investigate the 

immediate-early response of muscle mitophagy to denervation. 

In contrast, with disuse atrophy there is far more controversy surrounding the regulation of 

mitophagy. For example, one report measured elevated gene expression and protein levels of 

mitophagy receptors Bnip3 and Nix, but not Fundc1 or Pink1/Parkin with 3 days of hindlimb 

suspension (590). Alternatively, 7-days of unilateral immobilization increased the protein levels 

of Bnip3, Nix and Fundc1 in the gastrocnemius muscle, but only Nix in the TA muscle (543). 

Furthermore, Kang et al., measured mitophagy receptors over the course of 1-3 weeks of hindlimb 

immobilization and found decreases in whole muscle Bnip3 after 1 week of immobilization, which 

was sustained at a later, 3-week timepoint (542). Furthermore, in isolated mitochondria there were 

declines in Pink1 at 3-weeks of immobilization, whereas mitochondrial-Parkin was elevated in the 

first 2 weeks of immobilization and reduced to control levels at 3-weeks (542). Recently, it was 

also reported that 28 days of hindlimb suspension in rats had no impact on Pink1, Parkin or Bnip3 

protein (544). Furthermore, 12 hours of mechanical ventilation, used as a model muscle disuse, 

led to increases in Pink1, Bnip3 and Nix mRNA(41, 498). In many of these studies, the lack of 
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appropriate mitophagy flux measures fails to encapsulate the dynamics of this process. However, 

the trend in the data referred to above seems to suggest that mitophagy is enhanced. 
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Chapter Three: PhD Objectives and Hypotheses 

Based on the review of literature it can be concluded that autophagy, mitophagy and 

lysosomes are essential for the maintenance of skeletal muscle quality. With both chronic disuse 

and advancing age there are deficits in mitochondrial quality and perturbations in the regulation of 

autophagy in skeletal muscle. However, multiple facets of these molecular mechanisms remain 

undefined in these contexts. Further, the influence of biological sex on these processes is not yet 

determined. With many remaining questions, the purpose this dissertation was to investigate the 

mechanisms that regulated impairments in mitochondrial quality and autophagy in both 

denervation and advanced age, and how acute exercise can enhance these processes. Based on the 

rationale presented above, my thesis will have the following objectives: 

 

OBJECTIVE #1: 

To determine the temporal regulation of autophagic and mitophagic flux in SS and IMF 

mitochondria and regulation of lysosomes in response denervation. 

Hypotheses: 

1) Autophagy and mitophagy flux will be enhanced in denervated skeletal muscle as 

decrements in mitochondrial content are observed with denervation; 

2) Indicators of lysosome biosynthesis will be upregulated with denervation to assist with the 

increased autophagic demand; 

3) Lysosome dysfunction will be apparent in denervated skeletal muscle. 
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OBJECTIVE #2: 

To assess whether young male and female mice exhibit a differential regulation of autophagy, 

mitophagy and lysosome biogenesis in skeletal muscle in a basal state and with exercise. Further, 

we wanted to explore the influence of age and biological sex on these pathways, and if the exercise-

stimulated pathways differed amongst groups. 

Hypotheses: 

1) No differences in mitochondrial content decay will be observed between aged male and 

female mice; 

2) Female mice will have greater levels of autophagy and mitophagy than male mice, 

irrespective of age; 

3) Exercise will stimulate autophagic clearance and lysosome biogenesis in young muscle, 

but the absolute level of activation will be lower in aged skeletal muscle, irrespective of 

biological sex. 
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Chapter 4: 

Time-dependent changes in autophagy, mitophagy and lysosomes in skeletal muscle during 

denervation-induced disuse 
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Key Point Summary: 

-Denervation is an experimental model of peripheral neuropathies as well as muscle disuse, and it 

helps us understand some aspects of the sarcopenia of aging. 

-Muscle disuse is associated with reduced mitochondrial content and function, leading to metabolic 

impairments within the tissue. Although the processes that regulate mitochondrial biogenesis are 

understood, those that govern mitochondrial breakdown (i.e., mitophagy) are not well 

characterized in this context. 

-Autophagy and mitophagy flux up to the point of the lysosome were increased in the early stages 

of denervation, along with mitochondrial dysfunction, but were reduced at later time points when 

the degree of muscle atrophy was highest. 

-Denervation led to progressive increases in lysosomal proteins to accommodate mitophagy flux, 

yet evidence for lysosomal impairment at later stages may limit the removal of dysfunctional 

mitochondria, stimulate reactive oxygen species signaling, and reduce muscle health as 

denervation time progresses. 
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Abstract: 

Deficits in skeletal muscle mitochondrial content and quality are observed following denervation-

atrophy. This is due to alterations in the biogenesis of new mitochondria as well as the degradation 

of dysfunctional organelles via mitophagy. The regulation of autophagy and mitophagy over the 

course of denervation (Den) remains unknown. Further, the time-dependent changes in lysosome 

content, the end-stage organelle for mitophagy, remains unexplored. Here, we studied autophagic 

as well as mitophagic flux in subsarcolemmal (SS) and intermyofibrillar (IMF) mitochondria from 

rat muscle subjected to Den for 1, 3, or 7 days. We also assessed flux at 1-day post-denervation in 

transgenic mt-keima mice. Markers of mitochondrial content were reduced at 7 days following 

Den, and Den further resulted in rapid decrements in mitochondrial respiration, along with 

increased ROS emission. Autophagy flux was upregulated at 1- and 3-days post-Den but was 

reduced compared to time-matched sham-operated controls at 7-days post-Den. Mitophagy flux 

was enhanced in SS mitochondria as early as 1- and 3-days of Den but decreased in both SS and 

IMF subfractions following 7 days of Den. Lysosome protein content and transcriptional regulators 

TFEB and TFE3 were progressively enhanced with Den, an adaptation designed to enhance 

autophagic capacity. However, evidence for lysosome dysfunction was apparent by 7 days, which 

may limit degradation capacity. This may contribute to an inability to clear dysfunctional 

mitochondria and increased ROS signaling, thereby accelerating muscle atrophy. Thus, therapeutic 

targeting of lysosome function may help to maintain autophagic flux and muscle health during 

conditions of muscle disuse or denervation. 
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Introduction: 

Skeletal muscle is a large organ system, making up approximately 40% of body mass in 

lean individuals. Primarily thought of for its role in locomotion, muscle is also responsible for 

determining whole body metabolic rate. In a unique way, muscle displays a high degree of adaptive 

plasticity to meet the metabolic demands placed upon it. This is due to the extensive malleability 

of mitochondria within muscle. The volume of these organelles is regulated by a balance of 

opposing processes of organelle synthesis (i.e., biogenesis) and degradation (i.e., mitophagy). 

Mitochondrial biogenesis is an intricate process, largely mediated by the enhanced transcription 

of genes in both the nuclear and mitochondrial genomes, followed by the assembly of these gene 

products into functional complexes within the organelle (1, 2). In opposition, mitophagy requires 

the removal of damaged mitochondrial segments produced by the fission of dysfunctional 

mitochondria (3). These mitochondrial fragments are tagged for removal via the autophagy-

lysosome system (3, 4). This occurs through either Pink1-Parkin-mediated mechanisms, or via 

receptor-mediated pathways (i.e., BNIP3, NIX) that act to tether the mitochondria to 

autophagosomes for engulfment and subsequent degradation by the lysosomes (4). Therefore, 

mitophagy contributes to both the loss of mitochondrial volume, as well as the maintenance of 

organelle quality (2). This is best exemplified when mitophagy in inhibited, wherein dysfunctional 

organelles accumulate to the detriment of cellular health (5), leading to an inability to preserve 

muscle mass and contractile function (6). 

It has long been known that mitochondria within skeletal muscle reside in two 

geographically distinct regions (7). The mitochondria that populate the area beneath the 

sarcolemma are termed subsarcolemmal (SS). This fraction of the organelle pool is thought to 

provide energy for membrane and nuclear events and represent 10-20% of total mitochondrial 



119 

 

volume in muscle (7, 8). In contrast, intermyofibrillar (IMF) mitochondria are far more abundant 

and exist in a reticulum (7–9). IMF mitochondria are essential for providing energy to support 

contraction. These two populations of mitochondria also possess distinct biochemical properties, 

(10), and divergent responses to stimuli such as exercise and disuse. Specifically, the SS 

subfraction are thought to be more labile compared to the IMF organelles (11–14). Although much 

is known about the regulation of biogenesis in these two mitochondrial fractions, their response to 

denervation remains unexplored in the context of mitophagy. 

Chronic muscle disuse leads to a loss of muscle mass (i.e., atrophy), accompanied by 

weakness and metabolic inefficiency (15–17). This is propagated, in part, by the accumulation of 

dysfunctional mitochondria (18, 19). Following prolonged periods of muscle disuse, there is 

evidence of suppressed mitochondrial biogenesis (20–23) and organellar fragmentation (24–27). 

Concomitantly, there are accumulations of mitophagic proteins in both denervation and disuse 

models (25, 28). Although informative, these latter studies cannot provide insight into whether 

changes in mitophagy protein content are due to 1) the upregulation of mitochondrial targeting to 

the autophagosome, 2) the accumulation of tagged mitochondria without terminal breakdown at 

the lysosomes (i.e., reduced flux), or 3) the tagging and subsequent clearance of mitochondria at 

the lysosome level (i.e., enhanced flux). Additionally, there is little knowledge regarding the time 

course of mitophagy changes that occur during the atrophy process. 

Lysosomes act as an end-stage organelle for the autophagy pathway, and dysfunction 

within the lysosomal system hinders autophagosomal degradation (29, 30). As mitochondria rely 

on lysosomal proteolysis, alterations in lysosome health have profound implications for 

mitophagy. The regulation of lysosomal and autophagy genes is mediated transcriptionally by the 

MiTF/TFE family of proteins, specifically transcription factor EB (TFEB) (31–34). We have 



120 

 

previously reported that denervation-induced atrophy leads to the accumulation of TFEB and 

lysosomal proteins in mouse muscle, which is accompanied by reduced autophagy flux (35). This 

is suggestive of an impaired ability to clear cellular debris. Therefore, the terminal degradation of 

mitochondria in the lysosomes may represent the limiting factor in the preservation of 

mitochondrial quality.  

The purpose of this study was to examine the time-dependent changes in the regulation of 

autophagy and mitophagy flux during denervation-induced muscle disuse, as well as the role that 

the lysosomes have in mediating these changes. To provide a clear indication of autophagy and 

mitophagy flux, we used a rat model of muscle denervation and employed treatment with saline or 

colchicine. To further assessed mitophagy in a non-inhibited state, we utilized transgenic mt-keima 

mice. We hypothesized that mitochondrial dysfunction and elevated mitophagy flux would 

precede decrements in mitochondrial content. Further, we hypothesized that these changes would 

occur concomitantly with an upregulated lysosome protein content to meet the increasing demands 

of autophagy. 
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Materials and Methods: 

Animals and Denervation 

All animal procedures were conducted in accordance with the standards set by the Canadian 

Council on Animal Care and were approved by the York University Animal Care Committee 

(Protocol # 2017-23). Adult Sprague-Dawley (350-450g, 3-4 months old) rats were obtained from 

Charles River Laboratories (St. Constant, QC, Canada). Animals were provided chow and water 

ad libitum. Rats underwent surgical procedures to induce denervation (Den) of the tibialis anterior 

(TA) and extensor digitorum longus (EDL) muscles. Briefly, following isoflurane anesthetization, 

the common the peroneal nerve was exposed and transected in the left hindlimb, whereas the right 

served as a sham operated internal control. After administration of sterile ampicillin, the incision 

was sutured, and the skin was closed with metal clips. Animals were given amoxicillin in their 

drinking water (0.3mg/L for up to 7 days) and Meloxicam (2mg/kg Day 1, 1mg/kg Day 2, 

0.5mg/kg Day 3) subcutaneously for pain management, following the surgery rats were randomly 

assigned to Den for 1, 3, or 7 days, respectively. At each of these time points, animals were held 

under anesthesia, and the TA and EDL muscle were excised from the denervated and contralateral 

limb to be used for various biochemical analysis. Animals were then euthanized via cardiotomy. 

Autophagy and Mitophagy Flux 

To determine autophagy and mitophagy flux, sterile colchicine (COLCH; 0.4mg/kg/day; Sigma, 

Oakville, ON, Canada) or vehicle (SAL; 0.9%saline) were administered via intraperitoneal 

injections 24 and 48 hours prior to sacrifice, which is sufficient to inhibit autophagy for the 

measurement of flux (36). Animals were randomly assigned to the treatment groups. To determine 

flux, western blotting of LC3-II was performed in whole muscle extracts or isolated SS or IMF 
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mitochondrial subfractions (as described below). Protein abundance was quantified using Image J 

and values were corrected for the corresponding loading controls. To determine flux, the SAL 

values were subtracted from the mean COLCH value for the corresponding time point (i.e., Mean 

CONCOLCH – CONSAL). 

Whole Muscle Protein Extracts 

The proximal one third of the TA muscle was snap frozen in liquid nitrogen following excision 

from the animal and stored at -80oC. The tissue was pulverized to a fine powder at the temperature 

of liquid nitrogen. Protein extracts were made by diluting (10x) a small amount of powder (~15-

20mg) in Sakamoto buffer (20mM HEPES, 2mM EGTA, 1% Triton X-100, 50% Glycerol, 50 mM 

ß-Glycerophosphate) containing both phosphatase (Sigma) and protease (Roche Mississauga, ON, 

Canada) inhibitors and rotated end-over-end for 1 hour at 4oC. Samples were then sonicated on ice 

(3 seconds x 3 times) and centrifuged (14,000g) for 15 minutes at 4oC. The supernatant fraction 

was collected and stored at -80oC until further analysis. 

Quantitative PCR 

Total RNA was isolated from frozen, whole muscle TA. Briefly, TRIzol® reagent was added to 

frozen TA muscle samples (∼25mg) and mixed with chloroform using a Qiagen TissueLyser II. 

Samples were centrifuged at 4°C at 16,000 g for 15 min. The upper aqueous phase of the sample 

was transferred to a new tube along with isopropanol and left for 1 hour at −80°C to precipitate. 

Samples were thawed and centrifuged at 4°C at 16,000 g for 10 min. The resultant supernate was 

discarded, and the pellet was resuspended in 30 μl of molecular-grade sterile H2O (Wisent Bio 

Products, Saint-Jean-Baptiste, QC, Canada). The concentration and purity of the RNA were 

measured using a NanoDrop 2000. SuperScript III reverse transcriptase (Invitrogen, Carlsbad, CA) 
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was used to reverse-transcribe 1.5 g of total RNA into cDNA in a 20 L reaction. Forward and 

reverse primers for the genes of interest were created and optimized for specificity and 

concentration (Table 1). mRNA expression was measured with SYBR Green chemistry (PerfeCTa 

SYBR Green SuperMix, ROX, Quanta BioSciences, Gaithersburg, MD). Each well of a 96-well 

plate contained SYBR Green SuperMix, forward and reverse primers (20 μM), sterile H2O, and 

10ng of cDNA. All real-time PCR amplification was detected using a StepOnePlus Real-Time 

PCR System (Applied Biosystems, Foster City, CA) and a final reaction volume of each well was 

25μl. Samples were run in duplicates to ensure accuracy and negative control wells contained H2O 

in place of cDNA. Gene expression was normalized to both GAPDH and S12 and then quantitated 

utilizing the 2-ΔΔCT method relative to time matched controls. 

Mitochondrial Isolation 

To isolate subsarcolemmal (SS) and intermyofibrillar (IMF) mitochondrial subfractions, the distal 

2/3 of the muscle (~500-600mg) was minced, homogenized mechanically, and underwent 

differential centrifugation as previously described (10, 37, 38). The final mitochondrial pellets 

were resuspended in ice-cold buffer (100 mm KCl, 10 mm MOPS, 0.2% BSA). Fresh mitochondria 

were utilized for assessment of respiration and ROS production. The remaining mitochondrial 

samples were supplemented with phosphatase inhibitor cocktails as well as protease inhibitors and 

stored at –80°C for Western blotting procedures. 

Mitochondrial Respiration 

To assess mitochondrial respiration (O2/min/mg), SS and IMF subfractions were incubated in a 

Clark Oxygen Electrode system (Strathkelvin Instruments, North Lanakshire, UK) with 250uL of 

VO2 Buffer (250mM sucrose, 50mM KCl, 25mM Tris-HCl, 10mM K2HPO4, 0.2% BSA, pH=7.4) 
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at 30oC. Following background respiration, Complex-I supported basal respiration (state 4) was 

measured with the addition of 10mM glutamate. Subsequently, Complex-I supported active 

respiration (state 3) was measured following the addition of 0.44mM ADP. Finally, NADH was 

added to the chamber to test mitochondrial integrity. All values were corrected for background 

respiration within the chamber (i.e., following the addition of mitochondria, but prior to the 

addition of glutamate). 

Mitochondrial ROS Production 

To assess mitochondrial reactive oxygen ROS production, 50mg of freshly isolated SS and IMF 

mitochondria were incubated in VO2 buffer supplemented with 50mM H2DCFDA (D399, Thermo 

Fisher Scientific) in a white polystyrene 96-well plate. Fluorescent emission (480-520nm) was 

measured for 30 minutes at 37oC in a Synergy HT microplate reader (Biotek, Winooski, VT). ROS 

production was assessed with the addition of 10mM glutamate in the absence (state 4) or presence 

(state 3) of 0.44mM ADP. Data were analyzed with KC4 software V3.0 and normalized to the 

corresponding respiration. 

High Resolution Respiration and ROS Emission 

High-resolution respirometry (Oroboros O2k, Austria) was used to measure oxygen consumption 

in permeabilized muscle fibers from the distal-lateral portion of the TA muscle of rats that 

underwent 1 day of denervation. Briefly, the muscle was excised, and fibers were mechanically 

separated in ice cold BIOPS buffer (2.77mM CaK2EGTA, 7.23mM K2EGTA, 7.55mM Na2ATP, 

6.56mM MgCl26H2O, 20mM Taurine, 15mM Na2Phosphocreatine, 20mM Imidazole, 0.5mM 

Dithiothreitol, 50mM MES-Hydrate, pH 7.1). Subsequently, the fibers were permeabilized in 

BIOPS supplemented with 40ug/uL saponin at 4oC for 30 minutes with gentle rocking and washed 
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in Buffer-Z (105mM K-MES, 30mM KCl, 10mM KH2PO4, 5mM MgCl2•6H2O, 1mM EGTA, 

5mg/ml BSA) with gentle rocking. Fibers were then incubated in the chamber with oxygenated 

Buffer-Z supplemented. with 10µM Amplex-Red to simultaneously measure ROS-production, as 

well as 1µM Blebbistatin to prevent tetanus of the muscle (39), 25U/ml Cu/Zn SOD1 to convert 

O2- to H2O2 and 2mM EGTA. Following oxygenation and measurement of background values, 

substrates were titrated to assess respiration and ROS production simultaneously. Substrates were 

titrated as follows: 5mM glutamate + 2mM malate (Complex I – State 4/Basal), 5mM ADP 

(Complex I – State 3/Active), and 10mM succinate (Complex I+II – State 3/Active). To test for 

mitochondrial membrane integrity, cytochrome c was added to the chamber. Any increase in 

respiration following its addition was indicative of damaged mitochondria, and the samples were 

excluded from the data set. Respiratory function was determined by oxygen flux rates (pmol/s·ml) 

minus background rates and corrected to fiber mass (pmol/s·ml/mg). ROS-emission was calculated 

by taking the rate of ROS-emission (pmol/s) and correcting it by the weight (mg) of tissue and 

subsequently, the corresponding respiration rate. 

Cytosolic and Nuclear Fractionation 

Nuclear and cytosolic fractions from fresh TA muscles of rats that underwent 1 day of denervation 

were obtained using the NE-PER extraction reagents (38835, Thermo Scientific Scientific) with 

minor modifications. Briefly, 50~100 mg of the TA muscle was minced on ice and homogenized 

using a Dounce homogenizer in cytosolic extraction reagent (CER) I. Homogenates were then 

vortexed and let to stand on ice for 10 minutes. Following the addition of CER II solution, samples 

were briefly vortexed and centrifuged (16,000g) for 10 min. The cytosolic fractions (supernates) 

were then collected. The remaining pellets, containing nuclei and cellular debris, were washed in 

cold 3 times in 1×PBS and subsequently resuspended in nuclear extraction buffer (NER). Nuclear 
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fractions were then sonicated for 3 seconds x 3 times, and incubated on ice for 40 min. These 

samples were vortexed every 10 min during the incubation, and subsequently underwent 

centrifugation (16,000g) for 10 min. The resulting supernatant nuclear fractions were collected. 

Both the cytosolic and nuclear fractions were stored at -80°C until further analysis. 

Western Blotting 

All protein concentrations were determined using the Bradford method. Equal amounts of protein 

(~20-30µg) were loaded and separated via SDS-PAGE and transferred onto nitrocellulose 

membranes (Bio-Rad, Mississauga, ON, Canada). Membranes were blocked with wash buffer 

(0.12% Tris-HCl, 0.585% NaCl, 0.1% Tween, pH 7.5) supplemented with 5% skim milk (w/v) at 

room temperature for 1 hour with gentle agitation. Membranes were then incubated with primary 

antibodies overnight at 4oC. The following day, membranes were washed 3x5minutes in wash 

buffer and incubated for 1 hour at room temperature with the appropriate HRP-conjugated 

secondary antibody and subsequently washed 3x5 minutes in wash buffer. The protein density was 

visualized using enhanced chemiluminescence (1705061, Bio‐Rad) with an ImageStation 

4000MM Pro (Carestream, Concord, ON, Canada). Band densities were quantified by ImageJ 

software (NIH) and normalized to corresponding loading controls. Antibodies are detailed in Table 

2. 

mt-Keima Mice to Assess Acute Changes in Mitophagy Using Confocal Microscopy 

Mice overexpressing mt-Keima, a mitochondrial-targeted probe that fluoresces green when 

exposed to the pH of the cytosol, and red when exposed to the pH of the lysosomes, were used to 

further assess acute changes in mitophagy flux, (40, 41). Increases in the red:green fluorescence 

are indicative of mitophagy flux (40, 41). These mice were a generous gift from Dr. Toren Finkel 
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and Dr. Nuo Sun and bred in-house according to standard procedures. At ~4 months old, mice 

underwent unilateral sciatic denervation for 1 day and the contralateral limb was sham operated 

and served as an internal control. Following 24 hours, images were captured using confocal 

microscopy. Briefly, mice were held under anesthetic (isoflurane), and the TA muscle from the 

sham-operated or denervated limb was excised and placed in ice cold 1xPBS, cut longitudinally, 

and a portion was placed on a cover slip, dampened with 1xPBS. The muscle was then visualized 

and imaged at 20x magnification using an inverted Nikon Eclipse TE2000-U Fluorescence 

microscope coupled to a Nikon C2 confocal microscope. Images were taken via sequential 

excitation of 488nm (green) and 561nm (red) and emission of 500-550nm or 575-625nm for green 

and red, respectively. Settings for all images and quantifications were consistent throughout the 

study. The individual green and red channels were exported and quantified on a pixel-by-pixel 

basis using ImageJ software (NIH). Red pixels were quantified as a fraction of total red and green 

pixels. For each of 4 biological replicates, 8 images were taken at random resulting in 32 data 

points/group. 

Electron Microscopy of Vacuolar Inclusions 

Muscle cubes (~2 mm2) from three saline-treated 7-day sham operated and 7-day denervated TA 

muscles were placed in a 2% glutaraldehyde solution in 0.1 mm sodium cacodylate, pH 7.3 and 

stored at 4oC until further use. Samples were embedded, stained and cut the samples using 

standardized procedures at the Advanced Imaging Centre at The Hospital for Sick Children. 

Images were captured on a FEI Tecnai 20 transmission electron microscope. Briefly, for each 

biological replicate, 3 myofibrils were selected at random, and 3 images were taken per myofibril 

at 9600x magnification. Thus, each data point represents one of these images quantified (Figure 

6B and C). Vacuolar inclusions were selected by the presence of a membrane surrounding a 
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heterogenous electron-lucent and electron-dense region. To analyze the vacuolar inclusions, 

ImageJ was utilized. Specifically, sample images were calibrated using the embedded scale bar. 

Subsequently, the “Freehand Section” tool was utilized to trace each inclusion. The number of 

inclusions and area (nm2) of each was recorded and normalized to the area of the entire image 

(m2). To ensure no experimenter bias, the quantifier was blinded to the random selection of 

images from each group. 

Statistical Analysis 

Statistics were assessed using GraphPad Prism Software (Version 9). In saline-conditions, the 

impact of denervation over the course of 1-, 3- or 7-days values for figures was represented as 

Den/Sham at each timepoint. To assess the independent and combined effects of denervation and 

time, statistics were run on raw values, which are found in the Statistical Summary Table. To 

assess the independent and combined effects of denervation and time in the autophagy and 

mitophagy flux data, sham and denervated values were plotted over the course of 1, 3 and 7 days. 

All time-course data were analyzed by a repeated measures two-way ANOVA with a subsequent 

Fisher LSD post-hoc test comparing time-matched Sham and Den values. # represents a significant 

effect of time, † represents a significant effect of denervation and ¶ represents the interaction of 

time and denervation at p<0.05. A Fisher LSD post-hoc test was used to compare time-matched 

control and denervated values, with significance represented by * at p<0.05. In Figures 5 and 7, 

each quantified data point was not paired, thus a Students’ unpaired t-test was utilized, and * 

represents a significant difference. All data are shown as Means ± SD. 
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Results: 

Denervation leads to time-dependent changes in muscle mass.  

In the both the tibialis anterior (TA) (time: p<0.0001, denervation: p<0.0001, interaction: 

p<0.0001; Fig 1A) and extensor digitorum longus (EDL) (time: p<0.0001, denervation: p<0.0001, 

interaction: p<0.0001; Fig 1B) main effects of time, denervation, and an interaction of the two 

variables were observed. Den for 3 days elicited significant (5%) reductions in both TA (p=0.0004) 

and EDL (p=0.0054) mass in comparison to time-matched sham. 7 days of Den reduced the mass 

of both muscles by ~25% (p<0.0001) 

Denervation promotes reductions in mitochondrial content within muscle.  

To determine the time-dependent changes in mitochondrial content with Den, we 

quantified the levels of various mitochondrial proteins derived from the expression of both the 

nuclear and mitochondrial genomes (Figs. 2A, B). An interaction between time and Den was found 

for the mitochondrial-encoded COX subunit I (COX-I) (p=0.0012), the nuclear-encoded COX 

subunit IV (COXI-IV) (p=0.0055) and the nuclear-encoded Complex III subunit UQCRC2 

(p=0.0054). Main effects of time were uncovered for both UQCRC2 (p=0.0394) and the Krebs’ 

Cycle enzyme Citrate Synthase (p=0.0265). No difference was observed in these proteins at 1- or 

3-days post-Den, however, all proteins were reduced by 15-40% at 7-days post-Den in comparison 

to time-matched sham tissues (COX-I: p<0.0001, COX-IV: p=0.0010, UQCRC2: p=0.0004, 

Citrate Synthase: p=0.0671). 

Denervation leads to functional deficits in skeletal muscle mitochondria.  

To determine if these changes in mitochondrial content were matched with alterations in 

the function of these organelles, we assessed respiration (Fig. 2C) and ROS-production (Fig. 2D) 



130 

 

in isolated subsarcolemmal (SS) and intermyofibrillar (IMF) mitochondria. In SS mitochondria, 

Complex-I supported State 4 (basal) and State 3 (active) respiration underwent denervation-

induced reductions (State 4: p=0.0034, State 3: p=0.0007) that were influenced by time (State 4: 

p=0.0241, State 3: p=0.0034). Post-hoc analysis revealed 53% reductions in State 4 (p=0.0036) 

and 27% decrease in State 3 (p=0.0506) as early as 3 days of Den. This deficit was more 

pronounced at 7 days of Den with 34% and 60% reductions in basal (p=0.0091) and active 

(p<0.0001) respiration. State 4 (basal) and State 3 (active) ROS-emission in SS mitochondria 

underwent denervation-induced reductions (State 4: p<0.0001, State 3: p=0.0011). Furthermore, 

time influenced the magnitude of the denervation response (State 4: p=0.0061, State 3: p=0.0263). 

State 4 ROS-emission in SS mitochondria was not altered at 1 day, but underwent a significant, 

3.2-fold increase following 3-days of Den (p<0.0001), which was sustained at 7 days (p=0.0016). 

State 3 ROS-emission in SS mitochondria was significantly upregulated by 2.6-fold following 3-

days of Den (p=0.0271) and further by 5.7-fold following 7-days of Den (p=0.0007). 

In IMF mitochondria, both State 4 (p=0.0483) and State 3 (p=0.0027) respiration were 

reduced by denervation. Post-hoc analysis revealed a trend for decrease in State 4 respiration at 7-

days post-Den (p=0.0598). Significant 30% reductions were observed in State 3 respiration at 1 

(p=0.0139) and 7 (p=0.0249) days of Den in comparison to time-matched Sham controls. Overall, 

State 4 (p=0.0350) and State 3 (p=0.0004) ROS-emission were enhanced with Den. Post-hoc 

analysis of Den versus time-matched Sham animals exposed a significant 2.1-fold increase in State 

4 ROS-emission at 3 days (p=0.0085), a 1.8-fold increase in State 3 ROS-emission at 1 day 

(p=0.0280) and a 2.0-fold increase at 7 days (p=0.0029). 

To further understand the alterations in mitochondrial ROS signaling observed as early as 

1-day post-Den in isolated mitochondria, we also assessed respiration and H2O2 production in 
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permeabilized fibers from 1-day Sham and Den TA muscle. No changes in respiration (Statistical 

Summary Table) between Sham and Den fibers were observed, but our data revealed a significant 

2.2-fold increase in ROS emission per mg of muscle in ADP-stimulated, Complex-I supported 

respiration (p=0.0133; Fig. 2E). 

Autophagy-related protein expression is elevated with denervation.  

To evaluate how denervation affected the autophagy-lysosome system, we measured 

autophagy proteins in whole muscle TA samples (Figs. 3A-D). Main effects of Den and 

interactions of Den and time were uncovered in the upstream autophagy regulators Beclin1 (Den: 

p<0.0001, Interaction: p<0.0001) and ATG-7 (Den: p<0.0001, Interaction: p=0.0011) and the 

autophagy adapter protein p62 (Den: p<0.0001, Interaction: p<0.0001) (Figs. 3A, B). At 3 days 

post-Den, Beclin1 was significantly upregulated 1.2-fold (p=0.0182), and further elevated by 2.0-

fold by 7 days post-Den (p<0.0001). ATG-7 protein content underwent a 1.3-fold increase at 3 

days (p=0.0106) and a further 1.8-fold increase following 7 days of Den (p<0.0001). p62 was 

significantly enhanced by 3.4-fold at 3 days (p<0.0001), and by 2.3-fold following 7 days of Den 

(p<0.0001) in comparison to the time-matched Sham condition.  

In saline-injected animals we assessed LC3-I, II, II/I and total LC3 protein from sham-

operated and Den TA muscle (Fig 3C, D). A significant impact of denervation (p<0.0001), time 

(p=0.0186) and an interaction of the two variable (p<0.0001) was measured in autophagosomal 

precursor protein, LC3-I. Specifically, LC3-I was reduced by 20% below control levels following 

1 day of Den (p=0.0346) and was then subsequently elevated to 2.9-fold of control at 7-days of 

Den (p<0.0001). Mature LC3-II underwent denervation-induced increases (p<0.0001) that were 

time-dependent (p=0.0002). A trend for a 1.5-fold increase in LC3-II was measured at 3 days 

(p=0.0521), whereas 7 days of Den significantly upregulated protein levels by 2.1-fold (p<0.0001). 
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A time dependent decrease in LC3-II/I with denervation was measured (p=0.0086). One day of 

Den elevated LC3-II/I by 1.5-fold (p=0.0247), indicative of increased mature:immature 

autophagosomes, but this was reduced below control by 21% at 7-days post-Den (p=00241). Total 

LC3 protein underwent independent denervation- (p<0.0001) and time- (p<0.0341) induced 

changes, and an interaction of the two variables was observed (p<0.0001). Specifically, LC3 

protein was gradually elevated with Den, and significantly increased by 2.5-fold at 7-days 

(p<0.0001) in comparison to sham-operated controls. 

To determine if some of these changes could be explained by alterations in gene expression, 

we measured Lc3 and p62 mRNA (Fig. 3F). Both Lc3 (Den: p=0.0108, Interaction: p=0,0332) and 

p62 underwent denervation-induced increases that were dependent on time (Den: p<0.0001, Time: 

p=0.0004, Interaction p<0.0001). p62 was 1.6-fold greater in 1-day Den muscle (p=0.0036), and 

further increased to 3.8-fold greater in 3 (p<0.0001) and 7-day (p<0.0001) Den muscle when 

compared to time-matched sham-operated control. Lc3 was elevated 65% at 7-days post-

denervation (p=0.0002) but was unchanged at earlier time points. 

Skeletal muscle autophagy flux is altered with denervation.  

To evaluate autophagy flux, we examined the levels of LC3-II protein in the TA muscles 

of saline- and colchicine-treated animals subjected to 1, 3 or 7 days of Den (Fig. 3C, E). Significant 

time-dependent changes in autophagy flux were observed in response to denervation (time: 

p<0.0001, interaction: p=0.0005). Post-hoc analyses revealed a significant 1.3- and 1.5-fold 

increases in autophagy flux following 1 (p=0.0333) and 3 (p=0.0111) days of Den, respectively. 

Flux was reduced by 28% following 7 days of Den, relative to sham muscle (p=0.0121). 
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Mitophagy in SS and IMF subfractions is altered during denervation.  

To determine if the functional changes observed in mitochondria coincided with changes 

in mitophagy, we assessed the autophagosomal marker LC3-II in isolated SS (Figs. 4A, B) and 

IMF mitochondria (Figs. 4D, E). In both the SS (Den: p<0.0001, Time: p=0.0030, Interaction: 

p=0.0046) and IMF (Den: p<0.0001, Time: p=0.0042, Interaction: p=0.0009) subfractions, a time-

dependent increase in LC3-II accumulation with denervation was observed in saline-treated 

animals. There was no change in LC3-II protein at the early 1-day Den timepoint. In the SS 

subfraction there was 1.9-fold more LC3-II at 3-day Den (p=0.0419), and a 3.3-fold increase was 

found at 7-day Den (p=0.0091). In the IMF subfraction, there was a 2.2-fold increase at 3-day Den 

(p=0.0139) and 2.5-fold increase at 7-day Den (p=0.0007). 

To evaluate mitophagy flux, we examined the levels of LC3-II protein in these isolated 

mitochondria, in saline- and colchicine-treated animals subjected to 1, 3 or 7 days of Den (Figs. 4 

C, F). Colchicine treatment successfully increased LC3-II accumulation in both SS and IMF 

mitochondria (See Statistical Summary Table). A time-dependent denervation effect was observed 

in SS (Den: p=0.0008, Time: p<0.0001, Interaction p<0.0001) and IMF (Den: p<0.0001, Time: 

p<0.0001, Interaction: p<0.0001) mitochondria. In SS mitochondria post-hoc analysis revealed an 

20% increase in mitophagy flux at 1-day post-Den (p=0.0450) and a 40% increase at 3 days post-

Den (p<0.0001). This was followed by a 20% reduction in mitophagy flux at 7 days (p=0.0123). 

In contrast, the IMF subfraction flux remained unchanged at earlier time-points, and only showed 

significant 55% reductions in flux at 7 days post-Den (p<0.0001). 

Mitophagy flux assessed via mt-keima is upregulated after 1-day of denervation.  

To further evaluate transient, early changes in mitophagy flux, transgenic mt-keima mice 

were utilized and underwent sciatic nerve denervation for 24-hours, with the contralateral limb 
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acting as a sham-operated control (Fig. 5A, B). Representative images are depicted in Figure 5A. 

We observed a 1.3-fold increase in red fluorescence (i.e. mitolysosomes) (p=0.0176), indicative 

of upregulated mitophagy flux  

Lysosomal protein markers are enhanced with denervation.  

To assess the end-stage of the autophagy pathway, we evaluated lysosomal protein content 

(Figs 6A, B). The protein levels of vesicular ATPase (V-ATPase), a H+ pump that help maintain 

the acidic pH of the lysosomes, and lysosome-associated membrane proteins (Lamp)-1 and -2 all 

increased as a product of denervation (V-ATPase: p<0.0001, Lamp1: p=0.0110, Lamp2: 

p<0.0001). This response was significantly influenced by time for Lamp1 (p=0.0045), and a trend 

toward an interaction was measured in V-ATPase (p=0.0779) and Lamp2 (p=0.0909). Post-hoc 

analysis revealed increases in V-ATPase by 1.6-1.7-fold at both 3 (p=0.0046) and 7 (p=0.0002) 

days post-Den. Lamp 2 increased similarly at 3 (p=0.0031) and 7 days (p=0.0004). The increase 

in LAMP-1 was significant following 7 days of Den (p=0.0003).To understand the basis for the 

upregulation of these lysosomal proteins we measured the levels of TFEB and TFE3, two 

transcription factors that are primarily responsible for the transcription of lysosomal genes (Fig 

6C, D). Both proteins increased with Den as a main effect (TFEB: p=0.0017, TFE3: p<0.0001). 

TFEB protein was upregulated by 1.4-fold following 3 days of Den (p=0.0332) and 2.3-fold 

following 7-days of Den (p=0.0046) . TFE3 protein was increased as early as 1-day post-Den 

(p=0.0471) and which was sustained at 1.7-fold of control at day 3 (p=0.0015), and further 

increased by 2.1-fold by 7 days of Den (p<0.0001). A trend for an increase in nuclear (active) 

TFEB by 1.2-fold as early as 1-day post-Den was measured (p=0.0710, Fig 6E, F).  
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Lysosomal dysfunction is evident in 7 day denervated muscle. 

 We sought evidence for the functionality of lysosomes by using TEM to measure the 

presence of vacuolar inclusions in 7-day sham and Den muscle. Representative images are 

depicted in Figure 7A. Following 7 days of Den there was a 3.8-fold increase in area of inclusions 

(p<0.0001; Fig. 7B), as well as a 2.3-fold increase in their number (p<0.0001; Fig. 7C) compared 

to sham-operated control. 
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Discussion: 

Skeletal muscle inactivity promotes a concomitant loss of mass and function. Denervation 

(Den) is a commonly utilized model to mimic disuse-atrophy (42) and it recapitulates, in a time-

compressed manner, age-related neuromuscular denervation (43, 44). Within the first week of Den 

there is an accelerated loss of mitochondrial volume, followed by a more gradual rate of loss in 

organelle content with prolonged Den (42, 45). Since mitochondrial content is regulated by the 

opposing processes of biogenesis and mitophagy, organelle decay could be due to either 

decrements in biogenesis and/or elevations in mitophagy. In the case of denervation-induced 

atrophy, it is well established that mitochondrial biogenesis is reduced (22), yet far less is known 

about the regulation of mitophagy. Thus, the primary goal of this study was to investigate the time-

dependent influence of denervation on mitophagy, and how the lysosomes, which act as end-stage 

organelles, are impacted. We hypothesized that mitophagy signaling would be enhanced 

throughout the course of denervation, prior to the alterations in mitochondrial content, and that 

lysosomal proteins would be elevated to meet these demands. 

Since mitophagy is activated by signals that alter mitochondrial function (2, 46), our first 

objective was to look towards the chronological effects of Den-induced adaptations in organelle 

function that accompanied the progressive loss in muscle mass observed. Utilizing isolated 

subsarcolemmal (SS) and intermyofibrillar (IMF) mitochondria allowed us to determine if these 

two distinct populations undergo similar or differential changes. Our results indicate that IMF 

mitochondria display respiratory dysfunction as early as 1 day following Den, and further that both 

organellar subfractions display impairments at 3 days following Den, which was maintained at 7 

days. These respiratory changes occurred concomitant with elevated ROS-emission as early as 1-

day post-Den in IMF mitochondria. This early dysfunction observed in isolated organelles was 
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surprising, so we wanted to recapitulate these findings in an experimental system that does not 

remove mitochondria from their cellular environment. Therefore, we measured H2O2 emission 

using Amplex Red oxidation in permeabilized muscle fibers. Similarly, we found that H2O2 

emission was elevated in complex-I supported active respiration at 1-day post-Den. Interestingly, 

these deficits in mitochondrial function preceded any loss of mitochondrial protein content 

observed at 7-days post Den. This finding is suggestive of a time-dependent inability of the muscle 

to efficiently clear the dysfunctional organelles following the onset of denervation.  

Since mitochondria are removed through mitophagy, the organelle-specific degradation 

pathway of the autophagy-lysosome system, we first measured autophagy-related protein content 

over the course of denervation.  We show an increase in upstream autophagy-related proteins such 

as Beclin-1 and Atg-7 as early as 3-days post-Den. We also measured an upregulation of LC3-II 

(47), and p62, the autophagosome adaptor protein (47–49), as early as 3-days post-Den. At 7-days 

post-Den there was a further increase in these proteins, along with LC3-I. This result at 7-days is 

similar to previously published studies (25, 35, 50). 

The LC3-II/I ratio is commonly used as an indicator of the ratio of mature:immature 

autophagosomes (51). Here we report a decrease in LC3-I at 1 day of Den, without change in LC3-

II. This ultimately elevated the LC3-II/I ratio. In corroboration with the lack of change in p62 

protein, but elevations in its transcript, we interpret this as enhanced autophagosome clearance at 

the early 1-day timepoint. Further, our observed time-dependent decrease in LC3-II/I below 

control levels at 7-days post-Den, in conjunction with elevations in p62 at 3- and 7-days post-Den 

would suggest that the early enhancement in autophagy was followed by a later decrement. To 

assess this directly via flux measurements, we administered the microtubule destabilizer colchicine 

to a subset of animals for 2-days prior to sacrifice to inhibit autophagosomal breakdown. This is a 
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commonly utilized method to assess flux in rodent muscle (36). Colchicine treatment led to the 

accumulation of LC3-II protein levels in whole muscle samples, confirming that flux was inhibited 

in all conditions. Interestingly, although LC3-II flux was enhanced following 1 day, and further at 

3 days of Den, flux fell below control by 30% at 7 days post-Den. These data at 7-days corroborate 

previous findings in Den mouse TA muscle (35). Thus, our interpretation based on the static 

measures (LC3-II/I ratio, p62) reflect a similar result as our flux data.  Based on our findings, 

autophagy is dynamic over the course of denervation and this catabolic pathway may form part of 

the initial signaling stages of muscle atrophy. 

Previous work has demonstrated elevated mitophagy signaling following both denervation 

(25, 35), and immobilization (28, 52).We similarly observe a greater abundance of LC3-II in both 

SS and IMF subfractions by 3 and 7 days of Den. Although informative, these previous findings 

fail to provide a clear indication of flux. Thus, we also assessed LC3-II mitophagy flux in both SS 

and IMF mitochondria. Our results suggest a differential regulation of mitophagy in these two 

subfractions in the early (i.e., 1 and 3 day) Den response. Specifically, SS mitochondria from 

denervated muscle exhibited greater flux than sham-operated control, whereas this was not 

observed in the IMF subfraction. These observations support the notion that SS mitochondria are 

more labile in response to both exercise (11–14) and disuse (12, 19).  

 A limitation of assessing both autophagy and mitophagy flux with colchicine is that it 

dissociates autophagosome transport to the lysosome, overlooking the importance of lysosomes in 

regulating this degradation process. To overcome these issues, transgenic models have been 

developed, such as the mt-Keima mouse, to evaluate mitophagy flux in vivo (40, 41). This method 

is highly sensitive to transient changes in mitophagy. Thus, we utilized these transgenic animals 

to verify our short-term (1 day) measures of mitophagy flux using the colchicine method in our rat 
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model. We observed an increase in red:green fluorescence following 1 day of denervation, 

matching our mitophagy flux data measured in SS mitochondria at the same time point. 

 Since lysosomes act as the end stage for autophagosome-bound substrate degradation, it is 

plausible that these organelles undergo alterations in response to Den. In this study we show 

evidence of an adaptive increase in the lysosomal protein content early as 3 days post-Den (v-

ATPase and LAMP2), whereas all lysosomal proteins measured (v-ATPase, LAMP1, LAMP2) 

were elevated by 7 days post-Den. The transcription factors TFEB and TFE3 regulate lysosomal 

content in skeletal muscle and other tissues (31–34). We observed elevations in these proteins 

within denervated skeletal muscle as early as day 1-day post-Den, which were sustained 

throughout our time course. Further, we noted enhanced nuclear localization of TFEB as early as 

1-day post-Den, which may provide a transcriptional explanation for the elevations in lysosomal 

abundance. We interpret this upregulation in lysosome protein as an adaptation to increase the 

capacity for autophagosomal degradation. However, the perturbation in both auto- and mitophagy 

“flux” at 7-days, leads us to believe that the lysosomes are not functioning normally.  

 We have previously reported evidence of lipofuscin, non-digested lysosomal contents, in 

electron micrographs following denervation (25), suggestive of organellar impairments. Thus, we 

wanted to quantify the presence of vacuolar inclusions as an index of lysosome function. The 

increase we quantified in both inclusion area and number at 7 days of Den suggest that the end-

stage of the autophagy system is, in fact, impaired in Den muscle. While we understand that this 

is not a complete indicator of lysosome function, the presence of these inclusions, which are not 

apparent in sham-operated muscle, are suggestive of impaired autophagic breakdown at the 

lysosomes. Cumulatively, these observations indicate that denervated skeletal muscle accrues 

defective lysosomes which may not be able to meet the demands placed upon them by the 
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elevations in autophagy-bound substrates, such as mitochondria. We believe that this provides and 

explanation for the presence of mitochondria that have reduced respiratory capacity and more ROS 

generation as denervation ensues.  

 Notably, these findings are different from aged skeletal muscle, wherein mitophagy flux is 

enhanced, concomitant with lysosomal abundance (27). These data indicate a differential response 

to natural aging and denervation-induced muscle atrophy with respect to the autophagy pathway. 

The etiology of musculoskeletal aging is multi-factorial (53). Thus, the denervation model utilized 

may not sufficiently recapitulate the aging process leading to sarcopenia. Despite this, 

neuromuscular denervation and remodeling is considered an important aspect of muscular aging. 

Therefore, findings from our report may more accurately resemble fibers from regions of muscle 

that undergo denervation with age. Future work aiming to understand the functional alterations in 

lysosomes under conditions of muscle disuse brought about by Den and aging seems warranted. 

  As summarized in Figure 8, the results of the present study support our hypothesis that 

mitochondrial dysfunction and elevations in mitophagy flux precede decrements in mitochondrial 

content and occur simultaneously with the upregulation in lysosomal protein abundance. 

Furthermore, the early mitochondrial dysfunction likely contributes to the signaling involved in 

driving muscle wasting during disuse (18, 19). However, contrary to our initial hypothesis, auto- 

and mitophagy flux were downregulated as Den-induced atrophy progressed. This finding, in 

corroboration with the observed lysosome irregularities, suggests that enhancing lysosome 

function may provide substantial benefits in ameliorating denervation-induced atrophy. Further 

studies in other models of muscle disuse will be helpful to delineate the effects of inactivity on the 

autophagy-lysosome system, and its impact on muscle health. 
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Figure Legends: 

Figure 1. Muscle mass over the course of denervation. 

A. Tibialis anterior (TA) muscle mass corrected for body mass at 1-, 3- and 7-days post-

denervation. Data are presented as Den/Sham (1/3/7 days, N=13/9/13). A Two-Way ANOVA was 

performed on saline-data, # represents a time effect, † represents a denervation effect, and ¶ 

represents an interaction effect at p<0.05. A Fisher LSD post-hoc test was performed and * 

represents a significant difference between time matched Sham and Den muscle. 

B. Extensor digitorum longus (EDL) muscle mass corrected for body mass at 1-, 3- and 7-days 

post-denervation. Data are presented as Den/Sham (1/3/7 days, N=9/9/13). A Two-Way ANOVA 

was performed on saline-data, # represents a time effect, † represents a denervation effect, and ¶ 

represents an interaction effect at p<0.05. A Fisher LSD post-hoc test was performed and * 

represents a significant difference between time matched Sham and Den muscle. 

Figure 2. Mitochondrial content and function over the course of denervation. 

A. Western blot images for mitochondrial protein targets in 1, 3- and 7-day sham and denervated 

TA muscle. GAPDH was used as a loading control. 

B. Quantification of COX-I, COX-IV, UQCRC2 and Citrate Synthase protein in Sham and Den 

TA muscle. Data are represented as Den/Sham (COX-I; 1/3/7 days, N=7), (COX-IV; 1/3/7 days, 

N=9), (UQCRC2; 1/3/7 days, N=7), (Citrate synthase; 1/3/7, N=7). A Two-Way ANOVA was 

performed on saline-data, # represents a time effect, † represents a denervation effect, and ¶ 

represents an interaction effect at p<0.05. A Fisher LSD post-hoc test was performed and * 

represents a significant difference between time matched Sham and Den muscle. 
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C. Basal (State 4) and active (State 3) respiration in isolated subsarcolemmal (SS) and 

intermyofibrillar (IMF) mitochondria. Data are represented as Den/Sham (SS State 4; 1/3/7 days, 

N=7/7/6), (SS State 3; 1/3/7 days, N=7/7/6), (IMF State 4; 1/3/7, N=6), (IMF State 3; 1/3/7, N=6). 

A Two-Way ANOVA was performed on saline-data, # represents a time effect, † represents a 

denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD post-hoc test 

was performed and * represents a significant difference between time matched Sham and Den 

muscle. 

D. Basal (State 4) and active (State 3) reactive oxygen species emission (ROS) in isolated 

subsarcolemmal (SS) and intermyofibrillar (IMF) mitochondria. Data are represented as 

Den/Sham (SS State 4; 1/3/7 days, N=7/7/6), (SS State 3; 1/3/7 days, N=7/7/6), (IMF State 4; 

1/3/7, N=6), (IMF State 3; 1/3/7, N=6). A Two-Way ANOVA was performed on saline-data, # 

represents a time effect, † represents a denervation effect, and ¶ represents an interaction effect at 

p<0.05. A Fisher LSD post-hoc test was performed and * represents a significant difference 

between time matched Sham and Den muscle. 

E. H2O2 emission in 1 day sham and denervated permeabilized muscle fibers following titration 

of Pyruvate/Malate (+Pyr/Mal), ADP (+ADP), and Succinate (+Succ) (n=6). A Student’s paired t-

test was performed for raw time-matched Sham vs Den values, *p<0.05. 

Figure 3. Autophagic protein expression and flux over the course of denervation. 

A. Western blot images for autophagy protein targets in 1, 3- and 7-day Sham and denervated TA 

muscle. GAPDH was used as a loading control. 

B. Quantification of Beclin1, Atg-7 and p62 in Sham and Den TA muscle. Data are represented as 

Den/Sham (Beclin-1; 1/3/7 days, N=11), (Atg-7; 1/3/7 days, N=10), (p62; 1/3/7 days, N=7/7/10). 
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A Two-Way ANOVA was performed on saline-data, # represents a time effect, † represents a 

denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD post-hoc test 

was performed and * represents a significant difference between time matched Sham and Den 

muscle. 

C. Western blot images for the autophagy protein LC3-II in 1, 3- and 7-day Sham and Den TA 

muscle from saline and colchicine treated animals. Aciculin was used as a loading control. 

D. Quantification of LC3-I, LC3-II, LC3-II/I and Total LC3 in Sham and Den TA muscle from 

saline treated animals. Data are represented as Den/Sham (All Markers; 1/3/7 days, N=10/10/14). 

A Two-Way ANOVA was performed on saline-data, # represents a time effect, † represents a 

denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD post-hoc test 

was performed and * represents a significant difference between time matched Sham and Den 

muscle. 

E. Quantification of LC3-II autophagy flux in Sham and Den TA muscle from sham and 

denervated animals (1/3/7 days, N=7/7/11). A Two-Way ANOVA was performed, # represents a 

time effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD post-hoc test was 

performed and * represents a significant difference between time matched Sham and Den muscle. 

F. Fold mRNA change in p62 and lc3. Data are represented as 2-DDCT (All Markers; 1/3/7 days, 

N=5). A Two-Way ANOVA was performed on saline-data, # represents a time effect, † represents 

a denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD post-hoc test 

was performed and * represents a significant difference between time matched Sham and Den 

muscle. 
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Figure 4. Mitophagy flux in subsarcolemmal and intermyofibrillar mitochondria over the 

course of denervation. 

A. Western blot images for LC3-II in isolated subsarcolemmal (SS) mitochondria in 1, 3- and 7-

day sham and denervated TA muscle from saline and colchicine treated animals. 

B. Quantification of LC3-II protein in isolated SS mitochondria. Raw values are represented 

(Saline; 1/3/7-day, N=7/7/7) (Colchicine; 1/3/7 Day, N=7/7/6). A three-way ANOVA was 

performed for raw data to test for independent and combined effects of colchicine, denervation 

and time (see statistical summary for details). A Two-Way ANOVA was performed on saline-data, 

# represents a time effect, † represents a denervation effect, and ¶ represents an interaction effect 

at p<0.05. * represents a significant difference between time matched Sham and Den muscle. 

C. Quantification of LC3-II mitophagy flux in SS mitochondria from sham and denervated animals 

(1/3/7 days, N=7/7/7). A Two-Way ANOVA was performed, # represents a time effect, † 

represents a denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD 

post-hoc test was performed, and  represents a significant difference between time matched Sham 

and Den muscle. 

D. Western blot images for LC3-II in isolated intermyofibrillar (IMF) mitochondria in 1, 3- and 7-

day sham and denervated TA muscle from saline and colchicine treated animals. 

E. Quantification of LC3-II protein in isolated IMF mitochondria. Raw values are represented 

(Saline; 1/3/7-day, N=6/6/7) (Colchicine; 1/3/7 Day, N=6/6/6). A three-way ANOVA was 

performed for raw data to test for independent and combined effects of colchicine, denervation 

and time (see statistical summary for details). A Two-Way ANOVA was performed on saline-data, 
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# represents a time effect, † represents a denervation effect, and ¶ represents an interaction effect 

at p<0.05. * represents a significant difference between time matched Sham and Den muscle. 

F. Quantification of LC3-II mitophagy flux in IMF mitochondria from sham and denervated 

animals (1/3/7 days, N=7/7/7). A Two-Way ANOVA was performed, # represents a time effect, † 

represents a denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD 

post-hoc test was performed, and * represents a significant difference between time matched Sham 

and Den muscle. 

Figure 5. Mitophagy flux following 1 day of denervation in mt-keima mice. 

A. Representative mt-keima images for sham-operated and 1-day denervated TA muscle. 

B. Mitophagy index as calculated by red:green fluorescence. Each data point represents the 

quantification from one image taken with a 20x objective from a region within the TA muscle. 4 

biological replicates were used, and 8 images were taken per replicate (n=32). A student’s unpaired 

t-test was performed for raw time matched Sham vs Den values, * represents a significant effect 

at p<0.05. 

Figure 6. Lysosome protein expression and TFEB localization over the course of denervation. 

A. Western blot images for lysosomal protein targets in 1, 3- and 7-day sham and denervated TA 

muscle. 

B. Quantification of Lamp1, Lamp2, and v-ATPase in Sham and Den TA muscle. Data are 

represented as Den/Sham (Lamp1; 1/3/7 days, N=5), (Lamp2; 1/3/7 days, N=7), (v-ATPase; 1/3/7 

days, N=6). A Two-Way ANOVA was performed on saline-data, # represents a time effect, † 

represents a denervation effect, and ¶ represents an interaction effect at p<0.05. A Fisher LSD 
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post-hoc test was performed and * represents a significant difference between time matched Sham 

and Den muscle. 

C. Western blot images of the autophagy lysosome transcription factors TFEB and TEF3 in 1, 3- 

and 7-day sham and denervated TA muscle. 

D. Quantification of TFEB and TFE3 in Sham and Den TA muscle. Data are represented as 

Den/Con (TFEB; 1/3/7 days, N=9), (TFE3; 1/3/7 days, N=7). A one-way ANOVA was performed, 

# represents a time effect at p<0.05. A Two-Way ANOVA was performed on saline-data, # 

represents a time effect, † represents a denervation effect, and ¶ represents an interaction effect at 

p<0.05. A Fisher LSD post-hoc test was performed and * represents a significant difference 

between time matched Sham and Den muscle. 

E. Western blot images of TFEB in nuclear and cytosolic fractions of TA muscle following 1 day 

of denervation. 

F. Nuclear TFEB Protein in sham and 1-day denervated TA muscle. Data are represented as a % 

of total TFEB protein. A student’s paired t-test was performed. 

Figure 7. Vacuolar inclusions in saline injected animals following 7-day of sham-operation 

or denervation TA muscle. 

A. Represented TEM images from each group. The presence of inclusions is denoted by the white 

arrowhead. 

B. Quantification of the area of inclusions in each group. Each data point represents the 

quantification from one image at 9600x magnification from a region within a myofibril. 3 

biological replicates were used, and 3 myofibrils were imaged per replicate (n=9). A student’s 
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unpaired t-test was performed for raw time matched Sham vs Den values, * represents a significant 

effect at p<0.05. 

C. Quantification of the number of inclusions in each group. For the saline groups, 3 biological 

replicates were used, and 3 myofibrils were imaged per replicate (n=9). A student’s unpaired t-test 

was performed for raw time matched Sham vs Den values, * represents a significant effect at 

p<0.05. 

Figure 8. Summary of the temporal changes that occur with denervation. 

Surgical nerve transection leads to time-dependent changes in mitochondrial, autophagic, and 

lysosomal homeostasis. At the early stages of denervation-atrophy, mitochondrial function is 

reduced, concomitant with an upregulation in auto/mitophagy flux. No changes in mitochondrial 

or lysosome content are apparent. At the intermediate stages of denervation, mitochondrial 

function is greater, and auto/mitophagy flux are enhanced further. The onset of enhancement in 

lysosome content is apparent. No changes in mitochondrial content are yet detected. When 

denervation is prolonged, deficits in mitochondrial content and function are observed. 

Auto/mitophagy flux are reduced, and lysosome protein levels are further upregulated. Arrow 

direction denotes up or down regulation; arrow thickness denotes relative extent of the change; 

“=” denotes unchanged values; “?” denotes unknown.   
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Tables: 

Table 1: List of forward and reverse primers. 

  Forward Primer Reverse Primer  

p62 5'-GATAAGAGTGGTACTCAGCCAA -3' 5'-GTTATCCGACTCCATCAGTT-3' 

lc3 5'-GCACAGCATGGTGAGTGTAT-3' 5'-AGGTTTCTTGGGAGGCATAGA-3' 

Gapdh 5'-CTCTCTGCTCCTCCCTGTTCT-3' 5'-GGTAACCAGGCGTCCGATAC-3' 

S12 5'-ATGGACGTCAACACTGCTCT-3' 5'-ATGCAAGCACGCAGAGAT-3' 

 

Table 2: List of antibodies.  

Antibody Manufacturer Product # Lot # 
Primary 

Dilution 

Exposure 

Time 

(min) 

COX-I Abcam Ab1405 GR3338268-8 1:1000 3 

COX-IV Abcam Ab14744 GR3319143-9 1:1000 1 

UCQRC2 Abcam Ab14745 GR3216455-3 1:1000 1 

Citrate Synthase Abcam Ab96600 GR3183619-6 1:1000 1 

Beclin 1 Cell Signaling 3738 3 1:1000 3 

Atg-7 Sigma A2856 078M4843V 1:1000 3 

p62 Abcam Ab56416 GR3285986-1 1:2500 2 

LC3-I/II Cell Signaling 4108 3 1:1000 5 

VDAC Abcam Ab14734 GR3391163-2 1:3000 1 

Lamp1 Abcam Ab24170 GR3235632-1 1:1000 5 

Lamp2 Abcam Ab13524 GR228675-1 1:1000 5 

V-ATPase B1/2 SantaCruz sc-55544 I1018 1:1000 3 

TFEB Bethyl A303-673A 7 1:1000 7 

TFE3 Sigma HPA023881 000010514 1:500 7 

GAPDH Abacm ab8254 GR3317834-1 1:100,000 0.5 

Aciculin Gift   1:5000 1 

a-tubulin Calbiochem CP06 D00175772 1:5000 1 

H2B Cell Signaling 2934 4 1:500 5 
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Abstract: 

Background 

Aging decreases skeletal muscle mass and quality. Maintenance of healthy muscle is regulated by 

a balance between protein and organellar synthesis and their degradation. The autophagy lysosome 

system is responsible for the selective degradation of protein aggregates and organelles, such as 

mitochondria (i.e., mitophagy). Little data exist on the independent and combined influence of age, 

biological sex and exercise on the autophagy system and lysosome biogenesis. The purpose of this 

study was to characterize sex differences in autophagy and lysosome biogenesis in young and aged 

muscle, and to determine if acute exercise influences these processes. 

Methods 

Young (4-6 months) and aged (22-24 months) male and female mice, were assigned to a sedentary, 

or an acute exercise group. Mitochondrial content, the autophagy-lysosome system and mitophagy 

were measured via protein analysis. A transcription factor EB (TFEB)-promoter-construct was 

utilized to examine TFEB transcription, and nuclear-cytosolic fractions allowed us to examine 

TFEB localization in sedentary and exercised muscle with age and sex. 

Results 

Our results indicate that female mice, both young and old, had more mitochondrial protein in 

skeletal muscle than age-matched males, and mitochondrial content was only reduced with age in 

the male cohort. Although young female mice had a greater abundance of autophagy, mitophagy 

and lysosome proteins than young males, we measured increases with age irrespective of sex. 

Interestingly, young sedentary female mice had indices of greater autophagosomal turnover than 

male counterparts. Exhaustive exercise stimulated autophagic breakdown in young male mice, but 
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not in the young female mice or aged mice from either sex. Similarly, nuclear TFEB protein was 

enhanced to a greater extent in young male than in young female mice following exercise, but no 

changes were observed in aged mice. Finally, TFEB-promoter activity was upregulated following 

exercise in both young and aged muscle. 

Conclusions 

The present study demonstrates that biological sex influences mitochondrial homeostasis, the 

autophagy-lysosome system and mitophagy in skeletal muscle with age. Further, our data suggest 

that young male mice have a more profound ability to activate these processes with exercise than 

in the other groups. Ultimately, this may contribute to a greater remodeling of muscle in response 

to exercise training in males. 
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Background: 

The natural aging process is associated with a progressive loss of muscle mass and function 

(1, 2), commonly referred to as sarcopenia (3). Since skeletal muscle represents 40% of total body 

mass and is essential for motor function and whole-body metabolic control (1, 4), these age-related 

declines are associated with deficits in the quality of life of older individuals, and are related to a 

higher incidence of falls, hospitalization, and co-morbidities (5). This is problematic when we 

consider that physical inactivity rates are greater in those that are older, potentiating the negative 

effects of age on overall health (6–8). It is now known that the maintenance of physical activity 

throughout the lifespan is an essential preventative measure in age-associated loss in mitochondrial 

volume and function (9, 10). Thus, there is an evolving need to understand the mechanisms that 

underly the changes in muscle architecture with age, and how exercise preserves muscle health. 

The muscle atrophy observed within aging muscle is achieved by an imbalance protein 

synthesis and degradation. The autophagy-lysosome system is a proteolytic pathway that is 

responsible for the breakdown of long-lived, aggregated proteins and organelles (11). Autophagy 

is an evolutionary conserved recycling mechanism, whereby damaged or dysfunctional cellular 

components are engulfed in a double membrane autophagosome and delivered to the lysosomes 

for digestion. Inhibition of autophagy promotes atrophy, neuromuscular junction decay, sarcomere 

disarrangement and ultimately, weakness (12–16). Further a lack of autophagy attenuates the 

phenotypic remodeling of muscle associated with exercise training (17–19). Cumulatively, these 

studies highlight the importance of this proteolytic system in skeletal muscle. 

The impact of aging on skeletal muscle autophagy remains controversial (20), but previous 

reports utilizing “flux” measurements have shown that autophagy is upregulated in aging muscle 

(21, 22). These alterations in autophagy have implications for the selective degradation of 
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mitochondria through mitophagy. In fact, in a series of studies, our group has reported enhanced 

mitophagy in aged muscle (22–24). We have also shown that muscle from aged rodents displayed 

an accumulation of lysosomal protein and nondegraded lysosomal content, termed lipofuscin (23, 

25). This would imply lysosomal dysregulation, which may contribute to a reduced capacity to 

effectively remove damaged intracellular constituents. 

In young, healthy muscle, autophagy and lysosome biogenesis are activated following 

acute endurance activity (26, 27) to assist in the remodeling of muscle. Over time, aerobic training 

improves the metabolic capacity of the tissue (28–30), enhancing mitochondrial content 

concomitant with increases in lysosomal content (31, 32). However, it remains to be seen if these 

acute-exercise responses occur in aged skeletal muscle, and whether exercise can enhance 

lysosome capacity to promote the removal of the accumulating damaged constituents. 

Recently it was reported that female mice had enhanced catabolic and autophagy signaling 

in response to hindlimb unloading (33, 34). These findings highlight the importance of examining 

biological sex as a variable in muscle physiology. Furthermore, a limited analysis on the 

autophagy-lysosome markers was conducted in aged male and female mice, investigating the 

impact of prolonged training in these groups.  No difference between the sexes was reported. (35). 

We are unaware of any studies that have examined the influence of biological sex on the 

autophagy-lysosome system, with a focus on the impact of age and acute exercise. 

Thus, the overarching goal of this study was to examine sex differences in autophagic, 

mitophagic and lysosomal pathways in muscle from young (4-6 mo) and aged (22-24 mo) male 

and female C57BL6 mice. Based on previous reports (33, 34), we hypothesized that autophagy 

would be greater in our female cohort. Further, we investigated the utility of acute exercise to 
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activate these pathways in young and aged muscle, and whether biological sex could influence the 

exercise response. 
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Materials and Methods: 

Animals 

All animal procedures were conducted in accordance with the standards set by the Canadian 

Council on Animal Care, with the approval of York University Animal Care Committee 

(YUACC). Young (4-6 months) and aged (22-24 months) male and female C57BL/6 mice were 

obtained from The Jackson Laboratory. Mice used in this study were ordered at ~2 months old and 

aged in our facility in accordance with YUACC protocols and guidelines. Food and water were 

provided ad libitum. At the appropriate age, mice were assigned to sedentary or acute exhaustive 

exercise groups so that the final # of animals/group were n=5/ male; n=4/female groups. 

Acute Exhaustive Exercise Protocol 

Animals that were assigned to the acute exhaustive exercise group were acclimatized to the 

treadmill 48 and 24 hours prior to their exercise date. Acclimatization occurred at 0m/minute, 

5m/minute and 10m/min for 5 minutes each. On the day of exercise, prior to protocol, resting blood 

lactate levels were measured via tail blood. Subsequently, animals were placed on the treadmill at 

a fixed incline of 10%. The acute exhaustive exercise protocol began with a 5m/minute warmup 

for 5 minutes and a 10m/min run for 10 minutes, followed by increasing speeds at 1m/minute every 

2 minutes until exhaustion was achieved. Exhaustion was defined as the inability of the animal to 

run on the treadmill despite prodding. Immediately following exercise, post-exercise blood lactate 

measurements were made, animals were cervically dislocated and tissues were harvested for 

biochemical analysis. 
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Luciferase Reporter Assay 

The TFEB promoter containing -1601 bp region of the canonical promoter was subcloned into a 

pGL3 vector containing a firefly luciferase reporter (rTfeb-pGL3), under control of the 

constitutively active CMV promoter, as previously described(27). Ampicillin-resistant bacteria 

were transformed, and bacterial colonies were then amplified to isolate plasmid DNA using a Maxi 

Plasmid Isolation Kit (Qiagen). Six days prior to tissue removal, in both the sedentary and 

exercised groups mice underwent in vivo muscle transfection. Briefly, mice were anesthetized 

using gaseous isoflurane and the lower hindlimbs were shaved and sterilized. One gastrocnemius 

muscle of each mouse was injected with 30g of the rTfeb-pGL3 construct and 50ng of renilla 

luciferase downstream of the CMV promoter (pRL-CMV), used as a marker of transfection 

efficiency. The contralateral hindlimb was injected with an empty vector (pGL3) and renilla 

luciferase, both under the control of the CMV promoter. All injections were conducted using a 

short 29-gage insulin syringe (BD Canada). Immediately after the injection, trans-continuous 

electrical pulses were applied using an ECM 380 BTX electroporation system (Harvard Apparatus 

Saint-Laurent, QC, Canada), whereby the muscle were held on either side of the injection site by 

forceps-style electrodes, followed by ten 100V/cm2 pulses. Conductive gel was applied to the 

electrodes to assist with transfection. The anode and cathode orientation were reversed, and 

another 10 pulses were delivered. Following tissue extraction, frozen gastrocnemius muscle was 

pulverized to a fine powder at the temperature of liquid nitrogen. Approximately 30mg of powder 

was diluted in 1X passive lysis buffer (Promega, cat# E1500) supplemented with protease (Roche 

Mississauga, ON, Canada) and phosphatase (Sigma Oakville, ON, Canada) inhibitors. The sample 

was then sonicated on ice (3x3seconds) and spun in a microcentrifuge at 4oC for 10 minutes at 

16,000g and the supernatant fraction was collected. Using an EG&G Berthold Luminometer 
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(Lumat LB 7507; Berthold Technologies, Oak Ridge, TN). Following initial background readings 

of the passive lysis buffer, 20L of either the rTfeb-PGL3+ pRL-CMV or pGL3+pL-CMV sample 

tissue were loaded into a test tube and mixed with 100l of luciferase substrate followed by 100l 

of renilla substrate (Promega). Each sample was run in triplicate, and the average was used. The 

ratio of firefly luciferase reporter (RLU1) to renilla luciferase (RLU2) was taken for both the 

TFEB-promoter- and the empty vector-injected limbs. Transcriptional activity was expressed as 

the TFEB promoter data divided by the empty vector. 

Mitochondrial Isolations 

To isolate intermyofibrillar mitochondrial subfractions, muscles from the animal were pooled (one 

quadricep, hamstrings from both hindlimbs, triceps from both forelimbs and the pectoralis 

muscles) adding up to ~400mg.  Muscle was minced, homogenized mechanically, and underwent 

differential centrifugation as previously described(36–38). The final mitochondrial pellets were 

resuspended in ice-cold buffer (100 mm KCl, 10 mm MOPS, 0.2% BSA). Isolated mitochondria 

were supplemented with phosphatase inhibitor cocktails as well as protease inhibitors and stored 

at –80°C for Western blotting procedures. 

High Resolution Respiration and ROS-Emission 

High-resolution respirometry (Oroboros O2k, Austria) was used to measure oxygen consumption 

in permeabilized muscle fibers from the lateral portion of the left TA muscle of all mice. Briefly, 

the muscle was excised, and fibers were mechanically separated in ice cold BIOPS buffer (2.77mM 

CaK2EGTA, 7.23mM K2EGTA, 7.55mM Na2ATP, 6.56mM MgCl26H2O, 20mM Taurine, 15mM 

Na2Phosphocreatine, 20mM Imidazole, 0.5mM Dithiothreitol, 50mM MES-Hydrate, pH 7.1). 

Subsequently, the fibers were permeabilized in BIOPS supplemented with 40ug/uL saponin at 4oC 
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for 30 minutes with gentle rocking and washed in Buffer-Z (105mM K-MES, 30mM KCl, 10mM 

KH2PO4, 5mM MgCl2•6H2O, 1mM EGTA, 5mg/ml BSA) with gentle rocking. Fibers were then 

incubated in the chamber with oxygenated Buffer-Z supplemented with 10µM Amplex-Red to 

simultaneously measure ROS-production, as well as 1µM Blebbistatin to prevent tetanus of the 

muscle(39), 25U/ml Cu/Zn SOD1 to convert O2- to H2O2 and 2mM EGTA. Following oxygenation 

and measurement of background values, substrates were added to assess respiration and ROS 

production simultaneously. Substrates were titrated in three separate protocols as follows. In the 

first protocol, 5mM glutamate + 2mM malate (Complex I – Basal), 5mM ADP (Complex I – Active), 

and 10mM succinate (Complex I+II – Active) were added to simultaneously measure O2 

consumption and ROS. In the second protocol, O2 consumption was measured by first titrating 

0.5M rotenone, to prevent electron backflow and slip at Complex I and damage to the fiber. 

Subsequently, 10mM succinate (Complex-II Basal) and 5mM ADP (Complex-II Active) were added. 

In the final protocol, ROS emission was measured by titrating 10mM of succinate (Complex-II 

Basal) and 5mM ADP (Complex-II Active). To test for mitochondrial membrane integrity, 

cytochrome c was added to the chamber. Respiratory function was determined by oxygen flux 

rates (pmol/s·ml) minus background rates and corrected to fiber mass (pmol/s/mg). ROS-emission 

was calculated by dividing the rate of ROS-emission (pmol/s/mg) and correcting it by the 

corresponding respiration rate (pmol H2O2/pmol O2 consumed). 

Cytosolic and Nuclear Fractionation 

Nuclear and cytosolic fractions from fresh TA muscles of mice were obtained using the NE-PER 

extraction reagents (38835, Thermo Scientific Scientific) with minor modifications. Briefly, 

50~100 mg of the TA muscle was minced on ice and homogenized using a Douce homogenizer in 

cytosolic extraction reagent (CER) I. Homogenates were then vortexed and let to stand on ice for 
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10 minutes. Following the addition of CER II solution, samples were briefly vortexed and 

centrifuged (16,000g) for 10 min. The cytosolic fractions (supernates) were then collected. The 

remaining pellets, containing nuclei and cellular debris, were washed 3 times in cold 1×PBS and 

subsequently resuspended in nuclear extraction buffer (NER). Nuclear fractions were then 

sonicated for 3 seconds x 3 times, and incubated on ice for 40 min. These samples were vortexed 

every 10 min during the incubation, and subsequently underwent centrifugation (16,000g) for 10 

min. The resulting supernatant nuclear fractions were collected. Both the cytosolic and nuclear 

fractions were stored at -80°C until further analysis. 

Whole Muscle Protein Extracts 

One quadricep muscle was snap frozen in liquid nitrogen following excision from the animal and 

stored at -80oC. The tissue was pulverized to a fine powder at the temperature of liquid nitrogen. 

Protein extracts were made by diluting (10x) a small amount of powder (~15-20mg) in Sakamoto 

buffer (20mM HEPES, 2mM EGTA, 1% Triton X-100, 50% Glycerol, 50 mM ß-

Glycerophosphate) containing both phosphatase (Sigma) and protease (Roche) inhibitors and 

rotated end-over-end for 1 hour at 4oC. Samples were then sonicated on ice (3 seconds x 3 times) 

and centrifuged (14,000g) for 15 minutes at 4oC. The supernatant fraction was collected and stored 

at -80oC until further analysis. 

Western Blotting 

All protein concentrations in isolated mitochondria, nuclear and cytosolic fractions and whole 

muscle samples were determined using the Bradford method. Equal amounts of protein (~20-30µg) 

were loaded and separated via SDS-PAGE and transferred onto nitrocellulose membranes (Bio-

Rad, Mississauga, ON, Canada). Membranes were blocked with wash buffer (0.12% Tris-HCl, 
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0.585% NaCl, 0.1% Tween, pH 7.5) supplemented with 5% skim milk (w/v) at room temperature 

for 1 hour with gentle agitation. Membranes were then incubated with primary antibodies 

overnight at 4oC for OXPHOS Cocktail (Ab110413, Lot 2101000654, Abcam), Beclin1 (3738, 

Lot 3, Cell Signaling Technologies), ATG7 (A2856, Lot 078M4843V, Sigma), p62 (Ab56416, Lot 

GR3285986-1, Abcam), LC3-I/II (4108, Lot 3, Cell Signaling Technologies), Bnip3 (Gift from 

Dr. L.A. Kirshenbaum), Parkin (4211, Lot 7, Cell Signaling Technologies), VDAC (Ab14734, Lot 

GR3391163-2, Abcam), Lamp1 (Ab24170, Lot GR3235632-1, Abcam), V-ATPase B1/2 (sc-

55544 F-6, Lot I1018, SantaCruz), mature Cathepsin B (D1C7Y, Lot 1, Cell Signaling 

Technologies), mature Cathepsin D (sc-377299, Lot BO419 , SantaCruz), TFEB whole muscle 

(MBS120432, Lot 319C2a-3, MyBioSource), TFEB nuc/cyto (A303-673A, Lot 7, Bethyl), TFE3 

(HPA023881, Lot 000010514, Sigma), GAPDH (ab8254, Lot GR3317834-1, Abcam), a-tubulin 

(CP06, Lot D00175772, Calbiochem), H2B (2934, Lot 4, Cell Signaling Technologies). The 

following day, membranes were washed 3x5minutes in wash buffer and incubated for 1 hour at 

room temperature with the appropriate HRP-conjugated secondary antibody and subsequently 

washed 3x5 minutes in wash buffer. The protein density was visualized using enhanced 

chemiluminescence (1705061, Bio‐Rad) with an iBright FL1500 Imaging Station (Fischer 

Scientific, Oakville, ON, Canada). Band densities were quantified by ImageJ software (NIH) and 

normalized to corresponding loading controls. All gels were run in a sex-specific manner, with 

each blot containing either male or female samples. For whole muscle western blots, to have sex-

comparisons, an identical, arbitrary control sample, was run in the first lane and all values were 

controlled back to this band. Representative blots with a break between bands denotes that portion 

of the image was shifted, without alterations in contrast, to show representative data. All data are 

represented as combined young and old data, and sex-separated data. 
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Statistical Analysis 

Data were analysed using GraphPad Prism Software (Version 9) and values are represented as 

means ± SEM. Student’s unpaired t-tests were utilized to analyze combined, male and female data 

to investigate an effect of age. Two-way ANOVAs were used to assess the interaction between 

age and sex where applicable, and significance was achieved at p<0.05. A Bonferroni post-hoc 

test was used and  represents a significant difference. Due to the limited sample sizes when the 

sexes were separated, where post-hoc tests failed to uncover significant differences between 

groups, independent Student’s unpaired t-tests were used to assess the differences between male 

and female, young and old data. Significance is represented by *, and p values are shown for trends 

in the data. Three-way ANOVAs were used to assess the independent and interaction effects 

between age, sex and exercise, significance was achieved at p<0.05, and p values are reported for 

trends in the data set where applicable. 

 

 

 

 

 

 

 

 



175 

 

Results: 

Physical characteristics of young and aged male, and female mice.  

To determine whether aging differentially impacted muscle mass in male and female mice 

we first measured body mass (g), muscle mass (mg) and muscle mass corrected for body mass 

(mg/g) in the predominantly fast tibialis anterior (TA) and predominantly slow-twitch soleus (Sol) 

muscles (Table 1). Overall, body mass was 1.4-fold greater in aged mice versus young counterparts 

(p<0.05). Main effects of age and sex effects were found. Post-hoc tests revealed that both young 

and aged male mice were significantly larger than age-matched female counterparts (p<0.05). 

Furthermore, aged male mice were 32% heavier than young males, and aged female mice were 

28% heavier than young females (p<0.05). Raw TA mass (mg) was lower in female mice (sex 

effect, p<0.05) and TA mass was significantly less in young females versus young males (t-test, 

p<0.05). When corrected for body mass, TA mass was 24% smaller in aged mice (p<0.05), and a 

main effect of sex was observed in our separated analysis (p<0.05). On average, TA mass/body 

mass (mg/g) was 28% lower in female mice (post-hoc, p<0.05) and 18% less in male mice (t-test, 

p<0.05). Sol mass (mg) was not different between any groups. When corrected for body mass 

(mg/g), a significant 30% decrease in Sol mass with age was measured in sex-pooled data (p<0.05). 

In a sex-separated analysis, a main effect of age and sex were observed (p<0.05). Young females 

had a 1.4-fold larger Sol mass/body mass than young males (post-hoc, p<0.05). With age, male 

mice had a 24% decline in Sol mass/body mass (t-test, p<0.05), whereas females displayed a 36% 

decline (post-hoc, p<0.05). 

Exercise capacity in young and aged; male and female mice. 

To determine if age and biological sex impact acute exercise capacity, we exposed a cohort 

of mice to an exhaustive bout of incremental exercise. In our sex-pooled comparison, aged mice 
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ran for an average of 25 minute less (t-test, p<0.05, Fig.1A) accounting for 645 meters of less 

distance covered (t-test, p<0.05, Fig. 1B). In sex-separated comparisons, a main effect of age and 

an interaction of age and sex were found in run time (p<0.05, Fig. 1A). Further analysis revealed 

34% and 43% declines in aged male and female mice versus their young counterparts, respectively 

(post-hoc, p<0.05, Fig. 1A). Effects of age, sex, and an interaction of the two variables was 

measured in distance to fatigue (p<0.05, Fig. 1B). Run distance was reduced with age in both male 

and female mice (post-hoc, p<0.05, Fig. 1B). On average young female mice ran 263 meters more 

than young males (post-hoc, p<0.05, Fig. 1B), whereas aged females ran slightly less (28m) than 

aged males (post-hoc, p<0.05, Fig. 1B). Blood lactate was similarly increase with exercise in all 

groups (t-test, p<0.05, Fig. 1C). 

Mitochondrial parameters in young and aged, male and female mice. 

To understand the divergent endurance capacity with age and sex, we assessed 

mitochondrial parameters as these organelles are correlated with muscle fatigability. We examined 

respiration and H2O2 emission in permeabilized TA muscle fibers from all groups (Fig. 2A, B). 

We observed an overall effect of age, whereby aged muscle had lower respiratory capacity (3-way 

ANOVA, p<0.05, Fig. 2A). Independent analyses were performed for each subsequent titration, 

and we measured a main effect of age for all respiratory measurements (2-way ANOVA, p<0.05 

Fig. 2A), apart from the Complex I-Basal condition. An interaction between age and sex was found 

in Complex II-Basal respiration (2-way ANOVA, p<0.05 Fig. 2A), however, no post-hoc 

significance was observed. Overall, no changes were measured in H2O2 emission in permeabilized 

fibers (Fig. 2B), but a trending effect of sex was measured in Complex II-active (2-way ANOVA, 

p=0.09, Fig. 2B), with lower values in female samples. 
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To determine the effects of age and sex on mitochondrial protein content, we quantified 

levels of proteins derived from each complex of the electron transport chain (ETC) (Fig. 3). In the 

sex-grouped data, we found no significant differences in any ETC proteins, and a trending increase 

in both Complex-V (t-test, p=0.058, Fig. 3B) and -II protein (t-test, p=0.087, Fig. 3B, E). A main 

effect of age was observed in both Complex-V (Fig. 3B) and -II (Fig. 3E). Each independent 

complex (Fig. 3B-F) and total OXPHOS protein (Fig. 3G) exhibited a main effect of sex (p<0.05), 

such that females had more mitochondrial protein. Further, an interaction between age and sex was 

found in Complex-V (p<0.05, Fig. 3B), Complex-II (p<0.05, Fig. 3E), Complex-I (p<0.05, Fig. 

3F), and total OXHOS (p<0.05, Fig. 3G) protein, whereby female muscle did not display 

decrements in mitochondrial protein content with age. 

We assessed independent differences between young males and females, and measured 

35%, 61%, 38%, and 28% more Complex-V (t-test, p<0.05, Fig. 3B), Complex-III (post-hoc, 

p<0.05, Fig. 3C), Complex-II (t-test, p<0.05, Fig. 3E), and total OXPHOS (t-test, p=0.08, Fig 3G) 

protein in young females versus young males. The same comparison in aged male and female mice 

showed that each complex had between 1.8- and 2.1-fold more mitochondrial protein (p<0.05, Fig. 

3B-F) and 2.1-fold more total OXPHOS in females than in males (post-hoc, p<0.05, Fig. 3G). 

We then explored independent differences between young and aged muscle from the same-

sex mice. In male mice, we observed no change in Complex-V (Fig. 3B) or -II (Fig. 3E) but 

measured 17% to 39% decreases in all other mitochondrial protein content with age (Fig. 3C, D, 

F, G). In females, we measured no change in Complex-III (Fig. 3C), -IV (Fig. 3D) or -I (Fig. 3F) 

protein, but 33% to 47% increases were evident in the remaining mitochondrial proteins (Fig. 3B, 

E, G) with age in female mice. 
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Autophagy-related protein expression in aged muscle 

To evaluate how aging and biological sex affect the autophagy-lysosome system, we 

measured upstream autophagy proteins in whole muscle quadriceps samples (Fig. 4 A-C). In 

combined-sex groups, aging led to a significant 44% increase in Beclin1 protein (t-test, p<0.05, 

Fig. 4B), and a trending 47% increase in Atg-7 protein (t-test, p=0.09, Fig. 4C). When the sexes 

were analyzed separately, no main or interaction effects were measured in Beclin1 protein (Fig. 

4B), but a main effect of both age and sex was found in Atg-7 protein (2-way ANOVA, p<0.05, 

Fig. 4C), whereby aging and female muscle displayed increased protein expression. 

Independent differences between the groups were then examined for these autophagy 

proteins. Beclin1 protein was significantly increased by 36% in aged males versus young 

counterparts (t-test, p<0.05, Fig. 4B), whereas female mice displayed no age-effect (Fig. 4B). Atg-

7 protein was unchanged in both sexes independently, however both young (t-test, p<0.05, Fig. 

4C) and aged female mice (post-hoc, p<0.05, Fig. 4C) contained ~2-fold more Atg-7 protein in 

comparison to age-matched male mice. 

Autophagosomal protein content in male and female mice with age. 

We next wanted to explore how markers of mature autophagosome content are changed in 

whole muscle samples with age and biological sex in skeletal muscle. Since, these proteins have 

been shown to change with exercise, we also assessed the impact of exercise in these murine 

groups. We first measured LC3-II/I as markers of the ratio of mature:immature autophagosomes, 

respectively. We found a tendency of exercise to reduce LC3-II/I in our combined-group analysis 

(2-way ANOVA, p=0.09, Fig 5.B), with no main effects or post-hoc significance in our sex-

separated groups. We observed an overall effect of age on p62 levels in our combined group (2-
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way ANOVA, p<0.05, Fig. 5C) and a trending 37% increase in p62 protein in our young versus 

aged sedentary animals (t-test, p=0.085, Fig. 5C). In the sex-separated data, a significant main 

effect of age was observed, along with an interaction between age and acute exercise (3-way 

ANOVA, p<0.05, Fig. 5C). When we assessed the influence of age and exercise in independent 

sexes, a main effect of age was evident in both males and females (2-way ANOVA, p<0.05, Fig. 

5C). Independent analyses revealed a significant 33% decrease in p62 protein with exercise in 

young males (t-test, p<0.05, Fig. 5C), and a 25% increase with exercise in young females (t-test, 

p=0.05, Fig. 5C).  

Mitophagic protein content in whole muscle and isolated mitochondria 

To determine if age and sex impact mitophagy in skeletal muscle, we first probed for the 

mitophagy markers BNIP3 and Parkin in whole muscle samples (Fig. 6A-C). In the sex-combined 

group, there were 4.8-fold and 3.6-fold increases in aged muscle BNIP3 and Parkin protein, 

respectively (t-test, p<0.05, Fig. 5 B, C). In sex-separated comparisons, a main effect of age was 

observed in BNIP3 protein (2-way ANOVA, p<0.05, Fig. 6B), and post-hoc comparisons revealed 

similar, significant increases in aged muscle BNIP3 protein vs sex-matched young counterparts 

(post-hoc, p<0.05, Fig. 6B). A main effect of both age and sex were found in Parkin protein, 

whereby females, both young and old, had more Parkin than their sex-matched, young, 

counterparts (2-way ANOVA, p<0.05, Fig. 6C). Aging in both sexes led to increases in Parkin 

protein (Male: t-test, p<0.05; Female: post-hoc, p<0.05; Fig. 6C). 

We also explored whether LC3-II protein, a marker of mature autophagosomes was 

different in isolated mitochondria from young and old male and female mice (Fig. 6D,E). We 

observed no effect of age in either sex. Since we have previously reported that acute exercise can 

stimulate mitophagic breakdown, we assessed whether our exercise stimulus altered 
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mitochondrially-localized LC3-II.  A main effect of exercise was observed, whereby LC3-II 

protein was decreased with exercise by an average of 20% overall (3-way ANOVA, p<0.05, Fig. 

6E). 

Lysosomal protein content in young and aged, male and female mice. 

To assess the end-stage of the autophagy pathway, we evaluated lysosomal protein content 

in our groups (Fig. 7A-E). Lysosome-associated membrane protein 1 (Lamp1) levels were 

unchanged with age in the sex-combined group. Alternatively, vesicular ATPase (V-ATPase), 

mature Cathepsin B, and mature Cathepsin D were all upregulated by 3.6-, 4.0- and 5.5-fold with 

age, respectively (t-test, p<0.05, Fig.7 C, D, E). When sex was separated, all lysosomal proteins 

showed a significant main effect of age (2-way ANOVA, p<0.05, Fig. 7 B-E). A main effect of 

sex was found in Lamp1 (2-way ANOVA, p<0.05, Fig. 7C), vATPase (2-way ANOVA, p<0.05, 

Fig. 7D) and mature Cathepsin D (2-way ANOVA, p<0.05, Fig. 7E), whereby these proteins were 

higher in the female mice. An interaction between age and sex was found for mature Cathepsin D 

protein (Two-way ANOVA, p<0.05, Fig. 7E). Independent analyses for each protein confirmed 

significant 1.8-3.9-fold increases in all measured lysosomal proteins with age in the male mice 

(p<0.05, Fig. 7 B-E). In female mice, significant 4.4-6.5-fold increases were found with age in 

each lysosome protein (post-hoc; p<0.05, Fig. 7 C-E), except for Lamp1. We quantified higher 

Lamp1 (post-hoc, p<0.05, Fig 7. B) and mature Cathepsin D (t-test, p<0.05, Fig 7. D) in young 

female mice versus young male mice, and elevated mature Cathepsin D in aged females compared 

to aged males (post-hoc, p<0.05, Fig 7. E). 

We measured the protein levels of TFEB and TFE3, transcription factors that control the 

autophagy-lysosome pathway (Fig. 8A-C). TFEB was 3.8-fold greater with age in the sex-

combined analysis (t-test, p<0.05, Fig. 8B). In the sex-separated analyses, TFEB protein exhibited 



181 

 

main effects of age and sex, and an interaction existed between these variables (2-way ANOVA, 

p<0.05, Fig. 8B), whereby these proteins were greater in aged, versus young muscle, female 

muscle versus male, and the increase with age was larger in the female cohort. Specifically, TFEB 

protein was 1.8-fold greater in young females (t-test, p<0.05, Fig. 8B) and 2.5-fold greater in aged 

females (t-test, p<0.05, Fig. 8B) when compared to age-matched male counterparts. Compared to 

young, sex-matched animals, TFEB protein was 3.3-fold greater in aged males (t-test, p<0.05, Fig. 

8B) and 4.2-fold higher in aged females (post-hoc, p<0.05, Fig. 8B). Conversely, TFE3 was 1.5-

fold greater in our sex-combined analysis (t-test, p<0.05, Fig. 8C). In the sex-separated analyses, 

TFE3 protein exhibited main effects of age and interaction between age and sex (2-way ANOVA, 

p<0.05, Fig. 8B, C). As such, TFE3 protein was increased 3.3-fold with age in male mice (post-

hoc, p<0.05, Fig. 8C), an effect not seen in females. A trending increase was also measured in 

TFE3 protein, whereby young females contained 66% more than young males (t-test, p=0.057, 

Fig. 8C). 

Influence of exercise on lysosome biosynthetic pathway 

We also wished to explore whether exercise can activate lysosome biosynthesis pathways 

in both young and aged, male and female mice (Fig 9. A-D). Thus, we measured levels of nuclear 

TFEB protein in all groups. Sedentary aged, sex-combined muscle exhibited 18% more nuclear 

TFEB (post-hoc, p<0.05, Fig. 9A). In this sex-combined analysis, there was an interaction between 

age and exercise (2-way ANOVA, p<0.05, Fig. 9B). Following cessation of exercise, nuclear 

TFEB was increased by 30%, whereas this was not evident in aged male or female muscle (post-

hoc, p<0.05, Fig 9B). However, aged male and female muscle appeared to possess approximately 

20% higher basal pre-exercise levels of TFEB in the nucleus, compared to young counterparts (t-

test, p=0.075 and p=0.077 respectively, Fig. 9B). In response to exercise, young male mice 
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enhanced nuclear TFEB by 40% (post-hoc, p<0.05, Fig. 9B), whereas females only upregulated 

nuclear content by 16% (t-test, p=0.064, Fig. 9B). Thus, the fold-change in nuclear TFEB with 

exercise was greater in males, compared to females (t-test, p<0.05, Fig 9C).  

We also utilized a TFEB-luciferase promoter activity assay to determine whether exercise 

stimulates TFEB transcriptional activity. This analysis could only be completed in sex-combined 

groups. Overall, there was a trending main effect of increase promoter activity with exercise (2-

way ANOVA, p=0.09, Fig. 9D). There was also a main effect of age (2-way ANOVA, p<0.05, 

Fig. 9D), whereby TFEB promoter activity was reduced with age. Exercise enhanced TFEB 

promoter activity in both young (t-test, p=0.069, Fig. 9D) and aged (t-test, p<0.05, Fig. 9D) muscle 

by 1.9-and 2.5-fold, respectively. 
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Discussion: 

With advancing age there is a progressive loss of muscle mass and function, ultimately 

resulting in sarcopenia (3, 40). This has global implications, as the aging population is continually 

rising. Understanding the molecular underpinnings that govern muscle loss with age will guide 

future therapeutic interventions. It is well established that regular exercise can counteract these 

deficits, partially through upregulating the production of new healthy mitochondria and 

stimulating the removal dysfunctional ones through mitophagy (20, 41). Mitophagy is the 

mitochondrial-specific degradation through the autophagy lysosome system. Previous reports from 

our group have indicated that acute exercise stimulates lysosome biogenesis (27) and that chronic 

muscle activity elevates lysosome protein content (42, 43) in young, healthy muscle. These 

changes are likely to support an enhanced capacity for proteolysis. No studies to date have 

examined the regulation of lysosome biosynthesis in sedentary or exercised aged muscle, and 

whether similar mechanisms exist in males and females. The influence of biological sex is an 

important factor to consider, as therapeutic targets in males and females may differ. To this end, 

the present study explores how biological sex influences the autophagy-lysosome system in young 

and aged skeletal muscle. Furthermore, we wanted to examine whether acute exercise can 

upregulate lysosomal synthetic pathways in aged muscle, and whether the effect was sex-

dependent. 

To address these aims, we utilized young (4-6 mo) and aged (22-24 mo), male and female 

C57BL/6 mice, which were either sedentary or exercised acutely. In our analyses, we performed 

measures in both combined and sex-separated groups, which allowed us to determine if changes 

we observed were age- and/or sex- dependent.  
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We confirmed the observation that female mice have a smaller muscle mass, as previously 

reported (44), and that they also display greater reductions in muscle mass with age. This may be 

due to a higher abundance of atrophy susceptible Type I muscle fibers in females (45–48). It has 

been reported that female rodents have greater loss of muscle mass with hindlimb unloading due 

to elevated catabolic signaling (33, 49, 50). Based on our findings, this seems to be true with age 

as well. A balance between protein synthesis and degradation is required to maintain muscle mass. 

Our observation that female mice undergo a greater degree of atrophy with age may be due to 

greater anabolic resistance, and/or accelerated protein degradation.  Here, we have explored the 

latter pathway, with a focus on the autophagy-lysosome system. 

Aging leads to decrements in endurance capacity (20, 41), which we reproduce in the 

current study. We also report that young female mice have greater exercise capacity than their 

male counterparts. We can discount the possibility that males and females where not similarly 

exhausted, as post-exercise lactate levels were similar amongst all groups. Thus, the longer 

distance to exhaustion in young female mice may be due to the greater abundance of mitochondrial 

proteins that we measured in our female cohort. Supportively, others have found that young 

females have higher mitochondrial content (35, 51) and have more fatigue-resistant muscle (52–

54). However, we cannot discount the possibility that these differences in mitochondrial content 

and exercise capacity are simply a product of young female mice being more active in their cage 

behavior (55, 56). Furthermore, the aging-induced reduction in exercise tolerance was greater in 

our female cohort. This result was surprising as only our male animals showed declines in 

mitochondrial content with age. This could also be explained by an age-related deterioration of 

mitochondrial function in females; however our data did not indicate any sex differences in 

respiratory capacity, or reactive oxygen species production, between our males and females. Thus, 
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it is clear that other mechanisms may influence the divergence in exercise capacity with age in 

male and female rodents. 

Protein aggregates and mitochondria are degraded by the autophagy-lysosome system. 

Since aberrations in this proteolytic system are associated with muscle dysfunction (12–16), we 

wanted to investigate whether age and biological sex similarly, or differentially, influenced this 

system. Like previous studies  (22, 23, 57), our results support an increase in autophagy-related 

proteins such as the nucleation-inducing protein Beclin1 (58, 59), and the LC3 maturation protein 

ATG7 (59) with age. However, sex influences this response, since both young and old females had 

a greater abundance of ATG7 protein in comparison to age-matched counterparts, a finding that 

has been reported previously in avian muscle (57). These data would imply that females have a 

greater capacity to form mature autophagosomes via the conversion of LC3-I to LC3-II. 

To delineate whether these upstream markers influence autophagosomal turnover, we 

measured LC3-I as well as its downstream lipidated form LC3-II, which is a marker of mature 

autophagosomes [60]. In addition, we assessed the levels of p62, an adaptor protein responsible 

for tethering the autophagosome to removable cellular constituents (60–62). Importantly, these 

proteins are degraded by lysosome proteolysis. Thus, declines in p62 protein, without change 

and/or deficits in LC3-II/I would indirectly suggest higher levels of autophagic breakdown. It 

should be noted that these measures do not directly indicate true autophagic flux. Thus, future 

research investigating gene expression changes and utilizing “flux” measures will be useful in 

determining whether age, biological sex or acute exercise impact autophagy and mitophagy 

similarly or differentially. Our finding that young female mice have less p62 protein than young 

male mice, with greater levels of ATG7 and no difference in LC3-II/I would suggest that females 

have greater basal autophagy in muscle, similar to a previous report (63). We also found that aged 
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muscle contains a higher abundance of p62 and total LC3 (data not shown), indicative of greater 

autophagic signaling with age, regardless of sex. Thus, the sex-difference in basal autophagy was 

not observed with age, and overall, these results suggest that young females have greater basal 

autophagy than young males. 

Acute endurance exercise is a stimulus for autophagosomal turnover in young muscle (26). 

Thus, we wanted to examine if sex and/or age influence this response. In young male mice we 

measured reductions in p62 protein in the exercised group. LC3-I was similarly changed (data not 

shown). These findings, in addition to our main effect of exercise in decreasing whole muscle 

LC3-II protein imply that exhaustive exercise is a stimulus for autophagic clearance in young male 

muscle. In contrast, increases in p62 protein were observed in age-matched females. Thus, 

autophagosomal breakdown is not similarly induced between the sexes with acute exercise. Since 

female muscle appears to have accelerated basal autophagy, exercise may be insufficient to further 

augment this pathway. In aged muscle, these exercise effects were not apparent, regardless of sex. 

Overall, these findings suggest that acute exhaustive exercise stimulates autophagy predominantly 

in young male muscle. 

With an interest in how these changes may translate to mitochondrial degradation through 

mitophagy, we assessed levels of proteins involved in targeting these organelles for digestion at 

the lysosomes. In whole muscle samples, we found an overall increase in both BNIP3 and Parkin 

with age. However, the increase with age was much more prominent in female mice. This may 

suggest divergent regulation of mitophagy-targeting mechanisms in male and female skeletal 

muscle. To assess autophagosome-bound mitochondria directly, we probed for LC3-II in isolated 

mitochondria, as done previously (23–25, 42, 64–66). Contrary to our hypothesis, we failed to 

measure any increase in mitochondrial LC3-II with age. This contrasts to a previous report from 
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Chen et al., however, in their study aged mice were considerably younger (18 months), compared 

to those used here (22-24 months) (24). Further, we measured an overall effect of exercise in 

reducing mitochondrial LC3-II protein, suggesting that mitophagic clearance is occurring 

universally. When these acute exercise-induced changes are repeated in a chronic manner, they 

likely contribute to the training-induced enhancement in mitochondrial quality observed as a result 

of training (22). Ultimately, these observations indicate that mitophagy signaling is elevated in the 

muscle from aged mice, and that exercise can stimulate the degradation of mitochondria regardless 

of age, or sex. 

Lysosomes act as the terminal step of the autophagic pathway whereby they degrade 

substrates via their low pH and the presence of digestive enzymes. These organelles play an 

integral role not just in autophagy, but also in mitochondrial quality control through mitophagy 

(67). In muscle from aged rodents and humans the presence of non-digestible lysosomal content, 

termed lipofuscin is apparent (23, 68). The presence of such structures is indicative of lysosome 

dysfunction, which may limit the capacity for autophagic and mitophagic breakdown. Our group 

and others have reported that aging leads to an accumulation of lysosomal proteins (22, 69), which 

we recapitulate in the present study. This could be explained by the greater levels of TFEB and 

TFE3 protein, transcription factors that mediate lysosome biogenesis, in the muscle from aged 

animals in this study. Uniquely, we also uncovered that young and aged female mice have a greater 

abundance of lysosomal protein in whole muscle samples as compared to age-matched males. This 

may in part be explained by the higher levels of TFEB and TFE3 in female muscle. This abundance 

of lysosome protein in female muscle may serve to support the observed increase in autophagy in 

females, but more research utilizing direct flux measurements, along with assessments of 

lysosomal function, are required as a function of age and sex. 
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TFEB is considered the master transcriptional regulator of lysosome biogenesis (70, 71). 

Our work in the past has uncovered that chronic contractile activity, as a model of endurance 

exercise training, upregulates lysosome content in young healthy muscle (22, 42, 43). This is due 

to acute-exercise inductions in the transcriptional activation of TFEB, as well as enhanced nuclear 

localization of the protein (27). We also observed this nuclear localization and transcriptional 

activation of the TFEB promoter construct in young mice. When we analyzed this response in 

males versus females, the relative shift of TFEB to the nucleus was greater in the male cohort. This 

finding matches that of the exercise autophagy data. Cumulatively these findings imply that the 

autophagy-lysosome system is more responsive to exercise in young male, compared to female 

muscle, and future work should look at mechanisms that underly such changes. 

Finally, we wanted to examine these mechanisms in aged muscle, as increasing lysosomal 

content though exercise could in theory enhance the capacity for autophagic/mitophagic 

degradation. We hypothesized that the muscle from aged animals would exhibit a blunted 

lysosome biosynthetic pathway due to attenuated kinase signaling (24, 25, 72, 73). Supportively, 

an upregulation of nuclear TFEB protein post-exercise was only found in young animals. However, 

although aging led to an overall decrease in TFEB transcription as measured by promoter-reporter 

activity level, exercise was able to upregulate it to the level observed in young muscle. Thus, 

although aging blunts aspects of autophagosomal turnover and lysosome biosynthesis with acute 

exercise, it enhances TFEB expression, which, if repeated over time, may serve to re-establish 

lysosome function and homeostasis. 
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Conclusions: 

Collectively, our studies reveal that aging and exercise have differential effects on the 

autophagy-lysosome system in skeletal muscle, which is dependent on biological sex. First, we 

show that in female mice, there is a greater abundance of mitochondrial, autophagy and lysosome 

proteins. Second, we observed that female mice have a greater index of skeletal muscle 

autophagosome clearance than male mice. We also demonstrate that acute exercise stimulates 

autophagosome turnover and lysosome biogenesis in young males, but not in young females or in 

aged animals from either sex. Finally, and most importantly, exercise was able to activate TFEB 

promoter activity regardless of age, which can promote lysosome biogenesis. This finding provides 

merit to further explore the vitality of exercise in re-establishing autophagy-lysosome homeostasis 

in aged muscle. More work is required to delineate the impact of biological sex on mechanisms 

that contribute to sarcopenia, as future therapies must be targeted accordingly. 
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Table and Figure Legends: 

Table 1. Animal body weight and muscle characteristics. Body mass (g), muscle mass (mg) 

and muscle mass corrected for body weight (mg/g) in combined and sex-separated young and aged 

muscle. Values are means ± SEM. #, p<0.05 main effect of age; †, p<0.05 main effect of sex; ⁋, 

p<0.05 interaction of age and sex. Different letters represent post-hoc significance at p<0.05. 

*p<0.05, t-test between young vs old within the same sex;  p<0.05 t-test between male and 

females at the same age. N=10/male group, N=8/female group. 

Figure 1. Exercise capacity in young and aged, male and female mice. A. Time to fatigue in 

minutes. B. Distance to fatigue in meters. C. Blood lactate (mM). Values are means ± SEM. Main 

effects are represented on graph at p<0.05. *p< 0.05, t-test between indicated groups. 

 p<0.05 post-hoc significance. N=5/male group, N=4/female group. 

Figure 2. Mitochondrial respiration and reactive oxygen species in young and aged, male and 

female mice. A. Oxygen consumption rates and B. H2O2 emission in the indicated respiratory 

states. All values are reported as means ± SEM. Main effects of a 3-way ANOVA are represented 

on the graph at p<0.05. Main effects of 2-way ANOVA are represented on graph at p<0.05. # 

p<0.05, main effect age. N=10/male group, N=8/female group 

Figure 3. Mitochondrial protein content in young and aged, male and female mice. A. 

Representative western blot from male (top panel) and female (bottom panel) mice for OXPHOS 

protein. B-F. Quantification of each independent mitochondrial protein. B. Complex-V protein 

(ATP5A) protein, C. Complex-III (UQCRC2) protein, D. Complex-IV (MTCO1) protein, E. 

Complex-II (SDH8), and F. Complex I (NDUFB8) protein. G. Quantification of total OXPHOS. 

All values were corrected to Ponceau stain (P.S), and values are reported as means ± SEM, in A.U. 



191 

 

Main effects of 2-way ANOVA are represented on graph at p<0.05.  p<0.05 post-hoc 

significance. *p< 0.05, t-test between indicated groups. N=10/male group, 8/female group. 

Figure 4. Upstream autophagic proteins in young and aged, male and female mice. A. 

Representative western blots for Beclin1 and ATG7. B. Quantification of Beclin1 protein in 

combined and sex-separated groups. C. Quantification of ATG7 protein in combined and sex-

separated groups. All values were corrected to GAPDH and are reported as means ± SEM, in A.U. 

Main effects of 2-way ANOVA are represented on graph at p<0.05.  p<0.05 post-hoc 

significance. *p< 0.05, t-test between indicated groups. N=10/male group, 8/female group. Dashed 

line break in representative blot are different sections from the same blot. 

Figure 5. Autophagosomal proteins in sedentary and acute-exercised young and aged, male 

and female mice. A. Representative western blots for p62, LC3-I and LC3-II. B. Quantification 

of LC3-II/I protein in combined and sex-separated groups. C. Quantification of p62 protein in 

combined and sex-separated groups. All values were corrected to GAPDH and are reported as 

means ± SEM, in A.U. Main effects of a 3-way ANOVA are represented on the graph at p<0.05. 

Main effects of 2-way ANOVA are represented on graph at p<0.05. # p<0.05, main effect age. 

 p<0.05 post-hoc significance. *p< 0.05, t-test between indicated groups. N=5/male group, 

4/female group. 

Figure 5. Mitophagy protein content in the muscle and mitochondria in young and aged, 

male and female mice. A. Representative western blots for BNIP3 and Parkin in whole muscle 

samples. B. Quantification of BNIP3 protein in combined and sex-separated groups. C. 

Quantification of Parkin protein in combined and sex-separated groups. D. Representative western 

blots for LC3-II in isolated mitochondria with or without exercise in young and aged, male and 
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female mice. E. Quantification of LC3-II protein in combined and sex-separated groups. Whole 

muscle values were corrected to GAPDH. Isolated mitochondria values were corrected to VDAC. 

Values are reported as means ± SEM, in A.U. Main effects of a 3-way ANOVA are represented 

on the graph at p<0.05. Main effects of 2-way ANOVA are represented on graph at p<0.05. 

 p<0.05 post-hoc significance. *p< 0.05, t-test between indicated groups. N=10/male group, 

8/female group in A-C, and N=5/male group, 4/female group in D-E. Line break in representative 

blot are different sections from the same blot. 

Figure 7. Lysosome proteins in young and aged, male and female mice. A. Representative 

western blots for Lamp1, vATPase, mature Cathepsin B and mature Cathepsin D. B. Quantification 

of Lamp1 protein in combined and sex-separated groups. C. Quantification of vATPase protein in 

combined and sex-separated groups. D. Quantification of mature Cathepsin B protein in combined 

and sex-separated groups. E. Quantification of mature Cathepsin D protein in combined and sex-

separated groups. All values were corrected to GAPDH and are reported as means ± SEM, in A.U. 

Main effects of 2-way ANOVA are represented on graph at p<0.05.  p<0.05 post-hoc 

significance. *p< 0.05, t-test between indicated groups. N=10/male group, 8/female group. 

Figure 8. Lysosome transcription factor proteins in young and aged, male and female mice. 

A. Representative western blots for TFEB and TFE3 protein. B. Quantification of TFEB protein 

in combined and sex-separated groups. C. Quantification of TFE3 protein in combined and sex-

separated groups. All values were corrected to GAPDH and are reported as means ± SEM. Main 

effects of 2-way ANOVA are represented on graph at p<0.05.  p<0.05 post-hoc significance. 

*p< 0.05, t-test between indicated groups. N=10/male group, 8/female group. Line break in 

representative blot are different sections from the same blot. 
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Figure 9. TFEB protein localization and promoter activity in sedentary and acute-exercised 

young and aged, male and female mice. A. Representative western blots for TFEB protein in 

nuclear and cytosolic fractions in sedentary and exercised male and female mice. B. % nuclear 

TFEB protein in combined and sex-separated male and female mice. C. Fold-change in nuclear 

TFEB protein in each group examined. D. TFEB promoter activity (luciferase; RLU) in young and 

aged, sedentary, and exercised mice. In A-C, cytosolic values were corrected to a-tubulin, nuclear 

values were corrected to H2B, and reported as mean ± SEM, in A.U. Main effects of 2-way 

ANOVA are represented on graph at p<0.05. # p<0.05, main effect age.  p<0.05 post-hoc 

significance. *p< 0.05, t-test between indicated groups. N=5/male group, 4/female group in B-C. 

N=6/group in D. 
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Combined Male Female Statistics

Young Aged Young Aged Young Aged

Body Mass 

(g)

30.73 ±

1.27

41.35 ±

1.91*

34.65 ±

1.01A

45.72 ±

2.45*,B

25.83 ±

0.976C

35.89 ±

1.62*,A

# †

Muscle 

Mass (mg)

TA 51.41 ±

1.41

53.49 ±

3.95

54.61 ±

1.34A

58.70 ±

3.95A

47.43 ±

1.97d, A

46.98 ±

5.58A

†

Sol 10.32 ±

0.49

9.60 ±

0.76

10.01 ±

0.42A

9.95 ±

0.916A

10.51 ±

1.00A

9.15 ±

1.32A

Muscle 

Mass

(mg/g body 

weight)

TA 1.70 ±

0.06

1.31 ±

0.10*

1.59 ±

0.05A, B

1.30 ±

0.12*, A,B

1.85 ±

0.08A,C

1.34 ±

0.17*, A, B, D

#

Sol 0.34 ±

0.03

0.24 ±

0.02*

0.29 ±

0.02A

0.22 ±

0.02*, A

0.409 ±

0.04B

0.26 ±

0.04*, A

# †
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Chapter Six: Summary, Conclusion and Future Direction 

6.1. SUMMARY AND CONCLUSIONS 

 Skeletal muscle displays a high degree of plasticity, responding to the demands placed 

upon it. With both chronic muscle disuse and advancing age, there are declines in muscle mass 

(i.e., atrophy) concomitant with deficits in mitochondrial and tissue quality (1–3). With age, this 

process is referred to as sarcopenia. In recent years, significant advances have been made to 

uncover the processes that underly denervation atrophy and age-related sarcopenia. Although there 

are multiple mechanisms involved in these phenotypic changes, of particular interest is protein and 

organelle turnover mediated by the autophagy-lysosome system. This has implications of 

mitochondrial health, as this system is responsible for the selective degradation of these organelles 

through mitophagy. Presently, it remains unclear as to whether there are similar or divergent 

effects of these two stimuli on the regulation autophagy and mitophagy in muscle. 

There are many positive influences of a single bout of exercise on muscle health, one of 

which is the activation of autophagy and mitophagy. This is integral as mitophagy acts to prune 

the mitochondrial pool and eliminate non-functional components, thereby creating space for newly 

synthesized, properly functioning components. Over time, these acute exercise-induced changes 

in proteolysis, coupled with the biogenesis of new constituents such as mitochondria, leads to a 

healthier tissue. As such, endurance-style exercise is a potent stimulus for both muscular and 

mitochondrial restoration in muscle (1, 3, 4). However, this “renovation” of the muscle is blunted 

in senescent muscle (1, 3, 4). Thus, there is a need to understand how acute exercise differentially 

influences the autophagy-lysosome system in young versus aged muscle. 
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Finally, in various tissues, muscle included, sex differences are apparent in mitochondrial 

and autophagic regulation (5, 6). However, many of these reports are characterizations in young-

healthy muscle. Thus, the regulation of autophagy, mitophagy and lysosome biogenesis remains 

largely unexplored in the context of aging and acute exercise. 

The overall goal of this Dissertation was to understand the molecular signaling and the 

proteins involved in mediating autophagy, mitophagy and lysosome content in skeletal muscle, 

employing in-vivo techniques. Through the manuscripts and supplemental work, we will 1) further 

our understanding of these processes during two conditions of muscle atrophy; 2) provide insight 

into the temporal regulation of these processes at the early phases of denervation; 3) uncover 

mechanistic differences in a sex-specific manner; and 4) elucidate whether exercise can activate 

these processes to remodel muscle in an age- and sex- dependent manner. Advancing knowledge 

in these areas swill help us understand the molecular basis autophagy, mitophagy and lysosome 

biosynthesis during conditions of muscle wasting, and has become the focus of my doctoral work. 

Objective 1: We first investigated temporal changes in skeletal muscle mitochondria, the 

autophagy-lysosome system and mitophagy in response to denervation. We had previously shown 

that in response to 7 days of denervation, there are declines in autophagy flux, but elevations in 

mitophagy flux (7), which corresponds to a time in which mitochondrial (8) and lysosomal (9) 

impairments are present. To determine the events preceding this change at 7 days, we unilaterally 

denervated Sprague-Dawley rats for 1, 3, or 7 days. We also isolated the two distinct 

subpopulations of mitochondria (subsarcolemmal, SS; Intermyofibrillar, IMF) to determine how 

their response differs to denervation. We hypothesized that autophagy and mitophagy flux would 

be enhanced with denervation to eliminate the accumulating dysfunctional mitochondria and 

damaged proteins typically observed with denervation. We further hypothesized that lysosome 
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content will be upregulated throughout the course of denervation to enhance the capacity for this 

accumulating autophagic demand. We measured indices of mitochondrial impairment as early as 

1-day post-denervation, suggesting that mitochondrial dysfunction precedes atrophy, which was 

apparent at 3 days. Denervation also upregulated both autophagic and lysosomal protein content 

in a time-dependent manner, which may be explained by our observed increase in nuclear TFEB 

protein. This upregulation of lysosome content may serve as a mechanism to enhance the capacity 

for autophagosomal degradation. We also treated a subset of animals with the microtubule 

destabilizer colchicine via intraperitoneal injection for 2 days prior to sacrifice. This allowed us to 

measure autophagic and mitophagic flux, at least up to the point of lysosome delivery. We found 

that autophagy and SS mitophagy flux were enhanced in the early (i.e., 1 and 3 days) timepoints, 

whereas IMF mitophagy flux was unchanged. We also demonstrated, using transgenic mt-Keima 

mice, that mitophagy flux is enhanced at the early 1-day post-denervation timepoint. Although we 

saw these divergent effects early in our time-course, we measured a global deficit in autophagy 

and mitophagy flux at 7-days post-denervation. This is a finding that we attribute to accumulating 

lysosomal impairment, as observed by the presence of vacuolar inclusions. This study provides 

evidence that autophagy and mitophagy flux are biphasic, increasing early post-denervation, 

followed by later decrements. Further, we provide insight into how lysosome content may be 

upregulated in denervation, through an early increase in nuclear TFEB, and that this capacity may 

be blunted to due organelle dysfunction. 

Objective 2: Work from our group has reported increases in autophagic flux (10), mitophagic flux 

(11), and lysosome biogenesis (12) in young healthy muscle following the cessation of acute 

exercise. However, the impact of biological sex and the influence of age have yet to be studied in 

this context. Furthermore, the interaction of these two variables on the aforementioned 
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mechanisms remain undefined. Thus, our goal with this objective was two-fold. First, we wanted 

to examine the effect of biological sex on the regulation of autophagy, mitophagy and lysosome 

biogenesis at baseline (sedentary) in young versus old muscle. Second, we aimed to understand 

how both sex and aging influence the acute exhaustive exercise response of these processes. Thus, 

for this study, we compared young (4-6 months) and aged (22-24 months) male and female mice, 

who were either assigned to a sedentary, or an acute exercise group.  

In regard to our first aim, exploring sex differences in sedentary young and aged muscle, 

we hypothesized that mitochondrial content would be reduced in aged animals, irrespective of 

biological sex. To our surprise we uncovered that in skeletal muscle female mice, regardless of 

age, contain more mitochondria, and that age-related declines in mitochondrial content is male 

specific. We next hypothesized, based on previous reports (5, 13), that there would be greater 

levels of autophagy and mitophagy in female mice. However, we were unsure how age would 

impact these processes in muscle, as it has not been explored in the past. In support of our 

hypothesis, we measured a greater abundance of autophagy and lysosome-related protein in young 

female mice versus male counterparts. Inference, based on p62 and LC3 protein in whole muscle 

samples support the notion that the muscle from females have greater level of autophagosomal 

clearance. This seems to be the case in aged females as well. Furthermore, in support of our 

hypothesis, young and aged females have greater autophagy and mitophagy proteins versus age-

matched male counterparts. Finally, both aged muscle from both male and female mice had a 

greater relative abundance of nuclear TFEB than that of young sex-matched counterparts. Thus, in 

sedentary animals, we uncovered a sex difference that is not age-dependent, the first time this has 

been reported. Specifically, there is greater autophagy in the muscle from female mice in 

comparison to age-matched males. 
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 The second aim within this objective was to assess how exercise can moderate autophagy 

and lysosome biogenesis with a focus on sex differences and aging. We hypothesized that the 

exercise-induced elevation in autophagosomal clearance and lysosome biogenesis would be age-

specific, whereby young animals would have a greater response than aged animals. This is based 

on previous literature showing that aging muscle has a blunted response to exercise-induced 

adaptations (1, 3, 4). Unexpectedly, we found that exercise in young males was able to stimulate 

autophagosome clearance, measured via western blotting for related proteins. This observation 

that was not matched in young females. Regarding lysosome biogenesis, we utilized a TFEB-

promoter activity assay, and found that exercise stimulated TFEB transcription. Although both 

young males and females had an upregulation of nuclear TFEB protein, which may promote 

autophagy and lysosome related gene expression, the exercise-induced effect was greater in the 

male mice. Thus, in young muscle, we uncovered, for the first time, that biological sex influences 

the autophagy and lysosome response to endurance-style exercise. Finally, in support of our 

hypothesis, aged muscle did not show any evidence of increases in autophagosomal degradation 

or increases in nuclear TFEB protein, irrespective of sex. However, an important finding was that 

aged muscle was able to upregulate TFEB-promoter activity to a greater extent than that of young 

muscle, which may indicate that the exercise can, at least in part, stimulate lysosome biosynthesis. 

Thus, our major findings from this portion of the study are that exercise can serve to remodel 

skeletal muscle of young animals, an effect that is impacted by biological sex. However, it seems 

that with aging, the ability of acute exhaustive exercise to stimulate autophagy and lysosome 

biogenesis is blunted. These findings have major implications of the design of exercise-based 

interventions to slow the progression of sarcopenia in males and females. 



216 
 

Overall Conclusion: Denervation is a potent model of skeletal muscle disuse and can mimic 

aspects of the aging phenotype. In contrast, aging is a multifactor process that leads to muscle 

atrophy and functional decline. In recent years significant advances have been made to uncover 

mechanisms that underly the wasting of muscle in these two models. Although denervation and 

aging are inherently different, through these studies we successfully uncovered a common 

modulation of the autophagy-lysosome system. Specifically, there is an upregulation in autophagy, 

mitophagy and lysosome-related protein expression, which likely serve to enhance the capacity 

for autophagic breakdown. Our work investigating these processes in young and aged muscle 

provides novel insight into how biological sex can influence both the aging-phenotype and the 

acute exercise-induced plasticity of the muscle. Work from this Dissertation contributes to are 

understanding of how muscle undergoes wasting in various physiological conditions. This 

advanced knowledge will undoubtedly be beneficial in the development of future therapeutic 

strategies aimed at maintaining skeletal muscle health. 

6.2. EXPERIMENTAL LIMITATIONS AND FUTURE DIRECTIONS 

 Based on our findings from the studies within this dissertation, the autophagy-lysosome 

system undergoes significant changes in denervated and aged muscle. Furthermore, exercise has 

the capacity to enhance the health of the muscle through the activation of autophagic clearance 

and lysosome biogenesis, at least in young muscle. Finally, we have identified biological sex as 

an integral factor to consider in studies on muscle biochemistry and plasticity. However, several 

questions remain due to 1) the experimental limitations of our work and 2) the future directions 

that we envision, based on our findings. These are outlined below: 
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1 – Assessing sex differences in denervation-atrophy 

Based on our findings in Chapter 5 there is a clear need to study muscle physiology in a 

sex-specific manner. This step is necessary to ensure that as we develop therapeutic strategies, 

they must be optimized based on such biological factors. However, in our first manuscript, we 

have only utilized young, healthy, male rats and mt-keima mice. Thus, future work should aim to 

examine basal and denervation-induced changes in the autophagy, mitophagy and lysosome 

system with more consideration for sex. 

2 – Examining these processes in other muscle fiber types 

 In our denervation model (Chapter 4), we transect the peroneal nerve, which acts as a 

complete disuse model in both the tibialis anterior and extensor digitorum longus muscles. 

Although the data we generate are valuable, the changes we see are specific to a predominantly 

fast-twitch muscle group. Thus, future work should explore whether similar regulation exists in 

tonic, predominantly slow-twitch muscle such as the soleus. Furthermore, due to experimental 

limitations in our second manuscript, we assessed whole muscle markers in the mixed-fiber type 

quadricep muscle, TFEB-promoter activity in the mixed gastrocnemius muscle, nuclear protein in 

the predominantly fast tibialis anterior muscle, and isolated mitochondria from the remaining 

muscle (hamstrings, triceps, pectoralis muscle). Thus, future studies should examine muscle-

specific changes, as there is a divergent response to aging in slow versus fast muscle, as discussed 

in Chapter 2.4.1.1. This work will delineate how aging, sex and acute exercise interact to influence 

muscle autophagy, and may lead to novel treatments for age-related sarcopenia. 
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3 – Assessing autophagy and mitophagy flux by alternative means 

  In Chapter 5, we have interpreted changes in autophagy based on static, “snapshot” 

measures of early autophagy and late stage autophagosomal proteins. Although we can make 

inferences based on this data set, the strength of our analysis is limited. Power in this interpretation 

would come from the utilization of appropriate “flux” measurements. We have done so 

successfully in our first manuscript (Chapter 4) via the utilization of colchicine as a method to 

inhibit autophagosomal breakdown. This allowed for us to compare the difference between a 

condition treated with saline vs colchicine. A model such as this would be valuable to further 

understand sex-differences differences in autophagy and mitophagy with aging and exercise. 

Granted, this method comes with three shortcomings of this experimental model. The first is that 

it requires 2-times the number of animals, which can be rather costly. Second, this assay only 

captures “flux” up to the point of transport to the lysosomes. Thus, the model discounts the role of 

lysosomes in autophagy. Finally, as a microtubule destabilizer, treatment with colchicine likely 

comes with off-target effects. For example, although treatment with this agent prevents 

autophagosomal transport, it also stops other essential cell trafficking events. To circumvent this 

confounding variable, future studies should utilize appropriate fluorescent probes (i.e., tandem-

tags, pH sensitive fluorophores, as reviewed in Chapter 2.2.5. of this Dissertation) and associated 

microscopy to measure autophagy. In this Dissertation, we have begun to explore the utility of 

such methods. We have successfully developed an in vivo model to monitoring mitophagy in 

muscle through the utilization of mt-keima mice (Appendix A.3., Figure S3-S6). At the present 

time, this model has been applied in young and aged mouse muscle, and in control and 1,3, and 7 

day-denervated muscle (Appendix A.3., Figure S7-S8). Further utilization of these methods, in 
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adjunct to methods we have utilized in Chapter 4 and 5 of this thesis will provide a clearer picture 

into sex-differences in muscle autophagy with age and/or denervation. 

4 - Assessing and targeting lysosome function 

Another major limitation of the current manuscripts was our inability to directly assess 

lysosome function. For example, in our denervation study (Chapter 4), we are making inferences 

based on a variety of factors (i.e., inhibited autophagy/mitophagy flux, accumulation of lysosome 

proteins, TEM quantifications of vacuolar inclusions). In our aging study (Chapter 5) we do not 

measure lysosome function, but rather infer it based on previous studied. Thus, in both manuscripts 

assessing lysosome function directly would allow us to understand whether lysosome 

abnormalities are implicated in the pathophysiology of denervation and sarcopenia. This may in 

fact stimulate investigation into the merit of treating lysosomes in the prevention of atrophy. 

Importantly, this limitation is not exclusive to our group. At present, assays to measure function 

of these organelles have gained traction in vitro, but have seldom been applied successfully in 

muscle, in vivo. Focusing on hallmarks of lysosome impairments, such as loss of acidification, 

membrane instability and swelling of the organelles, may stimulate work of this nature (14). We 

have, as part of this Dissertation, attempted to understand how we can explore indices of lysosome 

function in muscle. In fact, we show, in vitro, that treating myoblasts with the lysosome-deacidifier 

chloroquine promotes lysosome swelling (Appendix A.4.; Supplemental Figure 9), suggesting that 

lysosome impairments are associated with organellar swelling. 

If lysosome impairment is in fact implicated in denervation-atrophy or age-related 

sarcopenia, then there would be value in examining if restoration of organelle function is indeed 

protective. This has been done in experimental models of various neuropathies. Specifically, TFEB 

overexpression (15–17) and activation via the small molecule curcumin analog C1 (18) induces 
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autophagy and lysosome-related gene expression and reduces pathophysiology. Furthermore, 

AAV-mediated TFEB overexpression attenuated the pathophysiology of Pompe Disease in mouse 

skeletal muscle (19). Overall, future studies should explore the vitality of treating muscle wasting 

with lysosomal therapies. 
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Appendices 

APPENDIX A: ADDITIONAL DATA 

A.1 Kinase response to denervation 

Figure S1: Upstream kinases and autophagy markers with 1 day of denervation. A. 

Representative blot and data summary for Ulk1 protein. Ulk1 protein content was elevated with 1 

day of denervation, but no changes in activity via phosphorylation were measured. B. 

Representative blot and data summary for AMPK protein. AMPK protein content and activity via 

phosphorylation were unchanged. C. Representative blot and data summary for p38 protein. p38 

protein content and activity via phosphorylation were unchanged. All values are represented are 

raw values corrected to ponceau stain (P.S). All values are mean ± SEM. N=6 for all data. 
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A.2 Impact of denervation on mitochondrial quality control 

Figure S2: Mitochondrial quality control (MQC) proteins during denervation. A. Schematic 

of mitochondrial quality control. In response to mitochondrial ROS production and protein 

misfolding, there is retrograde signaling which leads to the activation of CHOP protein. CHOP 

acts a transcription factor that promotes the expression of various chaperones and proteases, some 

of which are mitochondrial. These proteases then localize to the mitochondria where they help 

eliminate proteotoxicity. B. Representative wester blot images for MQC protein targets in 1,3, and 

7-day denervated TA muscle. Ponceau was used as a loading control. Quantification of C. CHOP 

D. LonP, and E. ClpP protein throughout the course of denervation. All values are mean ± SEM. 

N=2/group. 
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A.3 mt-Kiema for assessing mitophagy flux in aged muscle 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure S3: Comparison of mt-keima quantification methods in ImageJ. The Gastrocnemius 

muscle of mt-keima mice was excised from anesthetized animals and imaged immediately post-

removal. A. Representation of how images are separated for quantification purposes. Images were 

taken using sequential imaging at 488-TRICT (green) and 561-TRITC (red), with all imaging 

parameters remaining the same (laser power and gain). Subsequently, images were separated into 

their independent channels for quantification purposes. The histogram feature in Image J was 

utilized to count all the colored pixels and background pixels. Mitophagy index was calculated as 

follows Mitophagy = Red Pixels / Total Green + Red Pixels. This was done using different variants 

of the image (binary image, colored image, colored+sharpened image, 8bit image and 

8bit+sharpened image). B. Broad images were taken using a 20x objective for 3 different areas of 

the gastrocnemius muscle. Subsequently, each area was analyzing using the above quantification 

methods. Each method showed a similar mitophagy index. C. Each area was imaged using a zoom 

feature and quantified similarly. Each data point represents 1 zoomed image (4 quadrants per area). 

Areas and imaging parameters displayed consistent mitophagy indices. Colored images were 

selected going forward. D. To assess the effect of post-hoc image adjusted on our quantification 

we compared our standard quantification parameters (Adjustment 1) to one in which we sharpened 

the 561-TRITC (red) image (Adjustment 2). Sharpening the 561-TRITC led to elevated mitophagy 

values. E. Similarly, these adjustments had the same effect when conducted in TA muscle for both 

broad and zoomed images. Mice were 8-month-old males. All values are mean ± SEM. 
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Figure S4: Evaluation of mt-Kiema quantification consistency between animals, whereby 

mitophagy measurements are similar among three animals. The TA muscle of mt-keima mice 

was excised from anesthetized animals and imaged immediately post-removal. Images were taken 

using sequential imaging at 488-TRICT (green) and 561-TRITC (red). Imaging parameters were 

consistent between animals (laser power and gain). A. Imaging workflow;  two areas of the muscle 

were imaged per animal. First a broad image was taken with a 20x objective of “Area 1” followed 

by zoomed images of each quadrant of this area. Subsequently, “Area 2” was imaged. B. A 

schematic of the broad and zoomed images. C. Broad images were quantified  in each animal, each 

data point representing one broad image. D. Zoomed images were quantified in the two different 

areas of each animal, each data point representing one quadrant or 1/4th of a full field of view. E. 

Each data point from the two areas were combined for each animal; each data point represents one 

quadrant of one area. F. An average of each area’s zoomed images represents each data point. 

Mice were 8-month old males. All values are mean ± SEM.  
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Figure S5. Comparison of green fluorescence (488-FITC) in mt-keima and FVB mouse TA-

muscle. Wild-type FVB and mt-keima mice were imaged for green fluorescence to confirm that 

the green emission was indicative of mt-keima. A. Representative confocal microscopy image of 

the TA muscle using the 488 laser and FITC emission filter in a mt-keima mouse. Laser power 

was set to a “low” setting (1.5) with a gain of 90, whereby green fluorescence is present. B. 

Representative confocal microscopy image of the TA muscle using the 488 laser and FITC 

emission filter in and FVB mouse. Laser power was set to a “very high” setting (10.0) with a gain 

of 90, whereby green fluorescence was not observed. Mice were 8-month-old females. 
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Figure S6: Two days of 0.4mg/kg/day of IP-colchicine reduces red fluorescence in the TA 

muscle of mt-Keima mice. Mice were treated with IP colchicine or volume-matched saline for 2 

days prior to sacrifice. A. Representative confocal microscopy images using the 561 laser and 

TRITC emission filter. Left panels represent a quadrant (1/4th of an area within a TA muscle). 

Right panels represent a zoomed image of a region of the quadrant. B-E. Quantification of 561-

kiema utilizing different quantification parameters. B. Each data point represents one broad area 

of an animal’s TA muscle. Each animal was imaged in two broad areas. C. Each data point 

represents one quadrant zoom of the broad areas in (B). D. Each data point represents the average 

of each areas four zoomed images. E. Each data point represents the average of the zoomed images 

from all areas within an animal. Mice were 8-month old males. All values are mean ± SEM. * 

represents significance using an unpaired t-test at p<0.05. 
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Figure S7: Study Design and Tissue Date on the influence of aging and denervation in mt-

Keima mice. Young (4-6) and aged (16-19) month old mt-keima were used. Young mice were 

used as a control, whereas aged mice underwent unilateral denervation for 1, 3 or 7 days. The 

contralateral limb was used as a sham-operated internal control. A. Representative time-course of 

deneravation in aged mt-keima mice. B. Tibialis anterior mass corrected for body mass, 

represented as a fold of young control muscle, whereby 7-days of denervation led to a significant 

reduction in TA mass. C. Tibialis anterior mass in aged mt-keima mice represented as denervated 

/ control. A trend in muscle mass reduction over the course of denervation was found. 7 days of 

denervation led to significant reductions in muscle mass vs time-matched control. All values are 

mean ± SEM. * represents significance using an unpaired t-test at p<0.05. 
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Figure S8: Aging enhances mitophagy in mt-keima imce, with no further changes in response 

to 1, 3 or 7 days of denervation. A. Representative confocal microscopy images using the 561-

excitation laser and TRITC emission filter (red) and the 488-excitation laser and FITC emission 

filter (green)in young control TA muscle, and aged sham-operated (top row) and denervated 

(bottom row) muscle for 1, 3 or 7 days. B. Quantification of mitophagy (mitophagy index) in 

young control and separated aged sham-and-denervated muscle. C. Quantification of mitophagy 

(mitophagy index) in the TA muscle of young control, grouped aged sham-operated and 1, 3 or 7 

day denervated mice. In young mice 12 biological replicates were used and 8 images were taken 

at random resulting in 32 data points. In aged mice, for each group, 4 biological replicates were 

used, and 8 images were taken at random resulting in 32 data points/group. All values are mean ± 

SEM. * represents significance using an unpaired t-test at p<0.05. 
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A.4 Assessing Lysosome Function in vitro 

 

Figure S9: Utilizing Lysosome Swelling as an indicator of dysfunction in vitro. C2C12 

myoblasts were cultured according to established protocols (DMEM + 10% FBS). 24 hours after 

being plated in 6-well plates, cells were treated with 30mM or 50mM of chloroquine (CQ) or 

volume matched vehicle (Veh). 30mM treatment was done for 18hrs (A) or 24hrs (B). 50mM 

treatment was for 8hrs (C) or 26 hours (D). All images were captured using a 60x objective. 
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A.5 Autophagy-lysosome markers in human muscle with aging 

 

 

Figure S10: Autophagy and mitophagy markers in human skeletal muscle from young, high 

functioning elderly (HFE) and low functioning elderly (LFE). A. p62 protein is elevated in 

both HFE and LFE, leading to an overall age effect. B. The mitophagy marker BNIP3 is only 

significantly upregulated in the muscle from the HFE versus young, but an overall effect of age 

was observed. Values are represented as N=9, N=11 HFE, N=3 LFE. # represents a significant 

one-way ANOVA. * represents a significant difference between indicated groups. p<0.05. 
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Figure S11: Lysosome markers in human skeletal muscle from young, high functioning 

elderly (HFE) and low functioning elderly (LFE). A. TFEB protein is unchanged with age in 

both LFE and HFE. B. vATPase is unhanged with age in both LFE and HFE. C. LAMP1 is 

unchanged with age in LFE and HFE. Values are represented as N=9, N=11 HFE, N=3 LFE. 
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