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Abstract 

This thesis summarizes data generated from two distinct models with unrelated underlying 

etiology that both implicate metabolic- and inflammatory-mediated adaptations in right-sided 

cardiac stress. 

 The first model, Duchenne muscular dystrophy (DMD), is a neuromuscular disease caused 

by mutations in the X-linked DMD gene that encodes the sub-sarcolemmal protein, dystrophin. 

While current standards of care –glucocorticoid administration and gene-editing therapies – 

provide promise for skeletal muscle impairments, the effects of these interventions on dystrophic 

cardiomyopathy are unclear. The purpose of this thesis was to characterize chamber-specific 

remodeling in young D2.B10-DMDmdx/2J (D2.mdx) mice, while concurrently exploring if an 

adiponectin peptidomimetic (ALY688) could alleviate underlying chamber-specific pathology. 

Our results demonstrated that right ventricular (RV) fibrosis and cardiomyocyte 

hypertrophy in 4-week-old D2.mdx mice were related to lower mitochondrial respiration and 

increased complex I-stimulated mitochondrial H2O2. ALY688 prevented RV fibrosis and 

cardiomyocyte hypertrophy, concurrent with macrophage sub-population shifts towards an anti-

inflammatory phenotype. Our findings identified that the dystrophic heart is heterogeneously 

affected, while ALY688 represents a viable intervention aimed at addressing secondary 

contributors to dystrophic cardiac remodeling.  

 The second model, on-pump coronary artery bypass grafting (CABG) surgery, is a common 

intervention for treatment of coronary artery disease. Key to this surgery is infusion of 

cardioplegia, which temporarily arrests the heart so surgeons can anastomose grafts around 

occluded coronary arteries while blood supply is maintained by cardiopulmonary bypass. The 

combination of ischemia and reperfusion remains a precipitator of post-operative complications. 
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To date, repeated-measures mitochondrial stress responses associated with CABG have never been 

explored in a study design that compares right atrial appendage (RAA) samples from the same 

patient at multiple time-points. 

 Therefore, the purpose of this study was to investigate if post-CABG RAA exhibited 

alterations to mitochondrial stress responses (perturbed mitochondrial substrate-specific 

respiration and reactive oxygen species (ROS)-mediated protein adaptations) that correlated with 

patient discharge times.  

 Preliminary findings demonstrated that CABG is associated with increased fatty acid-

supported respiration on the post-CABG RAA. It is unknown if this is a protective mechanism or 

a detrimental mitochondrial stress response. Correlative statistics suggest that the increase in fatty 

acid-supported respiration and ROS-mediated adaptations do not improve patient discharge times.  
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1 INTRODUCTION 

Duchenne muscular dystrophy (DMD) is a debilitating, progressive neuromuscular disease 

caused by X-linked recessive mutations to the DMD gene, which is responsible for encoding the 

sub-sarcolemmal anchor protein, dystrophin [1,2]. DMD is the most common inherited muscular 

dystrophy diagnosed in childhood, with a global birth prevalence of 1 in 5000 live male births [3], 

although variations have been reported elsewhere [4–6]. Since DMD is X-linked, it primarily 

affects males, while the occurrence in females (which would require two copies of the recessive 

mutation) is extremely rare. Mutations to the DMD gene result in a deficiency of functional 

dystrophin protein and subsequent loss of myofiber integrity in skeletal (locomotor and 

respiratory) and cardiac muscles, thus leaving muscle fibers susceptible to contraction-induced 

damage [7]. As DMD progresses, muscle turnover and repair cannot keep pace with the 

constitutive cellular damage and membrane micro-tears that arise, resulting in cell death and 

replacement with fibrotic and/or fatty tissue (reviewed in [8]).  

Phenotypically, dystrophin deficiency is characterized by progressive skeletal, respiratory, and 

cardiac muscle weakness, resulting in a loss of ambulation, ventilatory complications, and 

cardiomyopathy [9–12]. Notably, pathologic cardiac manifestations occur in nearly every DMD 

patient, with the development of cardiomyopathy inevitable by adulthood [13,14] and ultimately 

progressing to heart failure and mortality in 44–57% of patients [15]. Functional measurements in 

dystrophin deficiency-induced cardiomyopathy are often confounded by skeletal muscle weakness 

given that typical heart failure symptoms, such as exercise limitations and dyspnea, are masked in 

this population, thus making cardiac impairments difficult to diagnose early in disease progression 

(reviewed in [9]). Due to early pharmacological intervention and advancements in respiratory care 
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for DMD patients (such as assistive ventilatory devices), cardiomyopathy is now the leading cause 

of death in persons with DMD [16,17].  

While there is no cure for DMD, ongoing pre-clinical research seeks to restore the normal 

genetic sequence through emerging gene editing technologies (e.g. CRISPR) or produce truncated 

dystrophin transcripts with exon-skipping and micro-dystrophin gene therapies [18–20]. Exon-

skipping therapy was recently approved by the FDA in the USA for certain mutations, but the 

technology must be individually adapted for each of the 70 unique mutations to be considered 

efficacious across the full spectrum of pathology. The ability of exon-skipping therapy to only 

partially improve muscle dysfunction underscores the importance of maintaining glucocorticoid 

therapy as a major standard of care, given that systemic inflammation is a major contributor to 

muscle dysfunction [21–23] for virtually all persons with DMD. While the effectiveness of 

glucocorticoids in slowing the decline of muscle function demonstrates the value of targeting 

secondary contributors to this disease, the eventual decline in muscle function and unwanted side 

effects (i.e., attenuated growth, obesity, mood disorders, other) [24] underscores the importance of 

developing additional treatments that provide benefits for most patients regardless of the specific 

underlying mutation. Additionally, many of the current pre-clinical interventions in development 

have yielded variable results for treating dystrophin deficiency-induced cardiac remodeling and 

cardiomyopathy. 

While prevailing hypotheses of underlying mechanisms that perpetuate dystrophic cardiac 

remodeling include sarcolemmal weakening [25], inflammation [26], unregulated expansion of 

cardiac fibrosis that mediates a gradual enlargement of the ventricular wall [27], and perturbed 

calcium (Ca2+) homeostasis [28,29], mitochondrial stress responses have been viewed as a 

potential key contributor in concert with the abovementioned mechanisms [12,30,31].  
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It is important to note that the relationship between muscular dystrophy-induced cytosolic Ca2+ 

elevations and muscle-cell necrosis was first proposed 40 years ago (long before the discovery of 

dystrophin) and represents a major link between mitochondria, sarcolemmal tearing, and muscle 

fiber degeneration [32,33]. It was originally hypothesized that elevated cytosolic Ca2+ triggers a 

‘vicious cycle’ of downstream mitochondrial Ca2+ overload, resultant functional and structural 

damage to mitochondria, and ultimately, impairments to ATP synthesis, which further exacerbates 

cytoplasmic Ca2+ levels by compromising essential ATPase-dependent Ca2+ re-uptake pumps, 

leading to the hypercontraction of muscle fibers and subsequent cell necrosis [32]. While the 

precise mechanisms regulating excess mitochondrial Ca2+ overload require more investigation, 

current theories posit that Ca2+ overload triggers cell death through mitochondrial permeability 

transition (mPT) in conjunction with impaired oxidative phosphorylation and elevated 

mitochondrial reactive oxygen species (ROS) emission.  

With the discovery of the D2.B10-DMDmdx/2J (D2.mdx) dystrophin deficient mouse, reduced 

mitochondrial pyruvate oxidation and increased mitochondrial ROS emissions have been 

identified in the left ventricle (LV) at an early age (4-week-old) where cardiac fibrosis or functional 

echocardiographic impairments have yet to manifest [34]. This is particularly important because 

cardiac fibrosis is thought to be one of several histopathological remodeling programs that are 

initiated in the dystrophic heart after repeated damage as a means of preventing additional, more 

detrimental consequences by replacing dead or dying cells with collagenous scar tissue [35–37]. 

The observation of mitochondrial stress responses in the dystrophic LV that is not affected by 

cardiac fibrosis or overt cardiac dysfunction led to unanswered questions about the complex 

relationship between dystrophin deficiency-induced damage and the histopathological remodeling 
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process, especially pertaining to other chambers of the heart such as the right ventricle, which 

plays a crucial role along pulmonary circulation pathways. 

Therefore, this study was separated into three major objectives: to determine if 1) young 

D2.mdx mice exhibit chamber-specific heterogeneity in histopathological cardiac remodeling 

signatures beyond what is already known in the LV; 2) chamber-specific remodeling signatures 

correspond to shifts in inflammatory macrophage sub-populations or elevations to indices of 

mitochondrial stress responses; and 3) administering an anti-inflammatory adiponectin receptor 

agonist could attenuate symptoms of dystrophic histopathological cardiac remodeling by 

improving the inflammatory and mitochondrial stress response profile.  

Four distinct phases of in-house animal breeding and drug injections (D2.mdx mice) were 

required to obtain sufficient tissue for the four-chamber histopathological, mitochondrial, and 

inflammatory characterizations that were conducted in 4-week-old mice. While a comprehensive 

examination (to this magnitude) of chamber-specific responses has never been conducted in any 

pre-clinical or clinical DMD trial before, the design provided invaluable insight towards 

progression of dystrophic cardiomyopathy beyond the left ventricle, and accordingly, informs 

prospective guided therapy development for the heart.  
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Figure 1-1. Schematic representation of a study design implemented to comprehensively characterize four-

chamber histopathological, mitochondrial, and inflammatory remodeling signatures in 4-week-old D2.mdx 

mice. In order to gain invaluable insight towards previously unexplored determinants of dystrophic cardiomyopathy 

progression, four independent phases of animal breeding were required to acquire four-chamber data from D2.mdx 

hearts that were no larger than 90 milligrams on average. Healthy WT (DBA/2J) and three groups of injected mice 

(D2.mdx-VEH, D2.mdx-LD (dropped after phase 1 for logistical reasons), and D2.mdx-HD) were examined with a 

sample size of n = 10-12 for most measures through each phase. While WT mice were ordered from Jackson 

Laboratories due to difficulties of in-house breeding, all other mice were bred in York University’s vivarium and 

injected daily for 3 weeks per phase. Several experimental methods, including mitochondrial bioenergetics, spectral 

flow cytometry, and histopathology, had to be modified, adapted, or optimized to reflect the small tissue sample 

sizes. This figure has been adapted from SFigure 4-1. Figure created using www.BioRender.com. 
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The following Literature Review (Chapter 2) has been adapted from two published Review 

papers authored by Shivam Gandhi (first author), alongside world renowned pioneers in the 

fields of Duchenne muscular dystrophy and adiponectin biology: (Drs. Gary Sweeney, 

Christopher Perry; Biomedicines) and (Drs. Lee Sweeney, Cora Hart, Renzhi Han, Christopher 

Perry; Cells). Schematics that have been adapted from these papers have been identified in their 

respective Figure Captions. 

 

1) Gandhi, S, Sweeney, G, and Perry, CGR (2024). Recent Advances in Pre-Clinical 

Development of Adiponectin Receptor Agonist Therapies for Duchenne Muscular 

Dystrophy. Biomedicines. 12(7):1407. DOI: 10.3390/biomedicines12071407  

 

2) Gandhi, S, Sweeney, HL, Hart, CC, Han, R, and Perry, CGR (2024). Cardiomyopathy in 

Duchenne Muscular Dystrophy and the Potential for Mitochondrial Therapeutics to 

Improve Treatment Response. Cells. 13(14):1168. DOI: 10.3390/cells13141168 
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2 LITERATURE REVIEW 

2.1. Brief Overview of DMD 

Duchenne muscular dystrophy (DMD) is a rare neuromuscular disease caused by X-linked 

recessive mutations to the dystrophin gene (DMD) located on chromosome Xp21.2 [1,2]. The 

mutation results in a deficiency of functional dystrophin protein and subsequent loss of myofiber 

integrity in skeletal and cardiac muscle, thus leaving muscle fibers susceptible to contraction-

induced damage [7]. As DMD progresses, muscle turnover and repair cannot keep pace with the 

constitutive cellular damage that arises, resulting in cell death and replacement with fibrotic and/or 

fatty tissue (reviewed in [8]). 

Phenotypically, dystrophin deficiency is characterized by progressive locomotor-skeletal, 

respiratory-skeletal, and cardiac muscle weakness, ultimately resulting in a loss of ambulation as 

well as respiratory and cardiac failure [9–12]. Pathologic cardiac manifestations occur in nearly 

every DMD patient, with the development of cardiomyopathy inevitable by adulthood [13,14] and 

ultimately progressing to heart failure and mortality in 44–57% of patients [15]. Due to early 

pharmacological intervention and advancements in respiratory care for DMD patients, 

cardiomyopathy is now the leading cause of death in this patient population [16,17]. While timely 

detection and management are essential to slow the progression of dystrophin deficiency-induced 

cardiomyopathy, uncovering appropriate diagnostic and treatment modalities remains a challenge 

due to the early cardiac abnormalities that are often difficult to detect. Additionally, functional 

measurements in dystrophin deficiency-induced cardiomyopathy are confounded by skeletal 

muscle weakness, given that typical heart failure symptoms, such as exercise limitations and 

dyspnea, are masked in this population (reviewed in [9]). 
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No cure exists for DMD - therefore, treatment is aimed at delaying disease progression and 

alleviating symptoms. A comprehensive appreciation of the pathophysiological mechanisms that 

underlie cardiomyopathy is of the utmost importance to develop targeted treatments. It is worth 

noting that no singular mechanism can explain the multifactorial pathogenesis of dystrophin 

deficiency-induced cardiomyopathy; rather, it is a result of several interrelated mechanisms that 

will be discussed in detail later. While prevailing hypotheses of underlying mechanisms include 

sarcolemmal weakening, upregulation of pro-inflammatory cytokines, metabolic impairments, and 

perturbed calcium homeostasis, mitochondrial stress has been viewed as a potential key contributor 

[12,30]. Currently, there are several experimental compounds targeted at the skeletal muscle 

pathology of dystrophin deficiency that are in development, which will ultimately determine 

whether changes in mitochondrial functions are contributing to dystrophin deficiency-induced 

myopathy. For now, the effects of these agents on cardiac function remain unclear. 

2.1.1. Genetics 

The DMD gene is the largest in the human genome [38,39], spanning 2.4 Mb in the Xp21.2 

region [40]. It consists of 79 exons and has several internal promoters that produce an array of 

dystrophin isoforms expressed in striated and smooth muscles, brain, retina, and the kidney [40]. 

Thousands of mutations in the DMD gene have been found to cause dystrophin deficiency [6]. 

Deletions account for approximately 70% of mutations causing DMD and typically result in 

an altered reading frame that produces a premature stop codon [41,42]. Roughly 20% of dystrophin 

mutations are point mutations, small deletions, or insertions, whereas duplications make up the 

remaining 5–15% of mutations [43,44]. Deletions and duplications tend to cluster in hotspot 

regions, located at exons 45–55 and 3–9 on the DMD gene [45]. De novo mutations are responsible 

for one-third of DMD cases [41]. Mutations that disrupt the reading frame or introduce a premature 
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stop codon cause the absence of dystrophin. Mutations that maintain the reading frame allow for 

truncated dystrophin to be produced, resulting in the phenotype of Becker muscular dystrophy 

(BMD) [46]. Certain mutations may circumvent dystrophin deficiency-induced dilated 

cardiomyopathy (DCM) (exons 51–52) [47], perpetuate cardiomyopathy (exons 12, 14–17, 31–

42, 45, 48–49, and 79) (reviewed in [48]), or be neutral. As mutations can affect different exons 

on the DMD gene, it is unlikely that a single genetic therapy will benefit patients across the 

spectrum of mutations that cause this disease.  

Dystrophin is a rod-shaped protein located beneath the muscle fiber membrane that acts as a 

molecular shock absorber by transmitting forces generated by sarcomere contraction to the 

extracellular matrix (ECM) [49] (Figure 2-1). Dystrophin consists of four major functional 

domains: an amino-terminal actin-binding domain, a large central rod domain, a carboxyl-terminal 

domain, and a cysteine-rich domain that binds dystroglycan (reviewed in [50]). Dystrophin is an 

integral part of the dystrophin-glycoprotein complex (DGC) that connects the intracellular actin 

cytoskeleton to the ECM [51] and provides structural support to the sarcolemma (Figure 2-1). 

Aside from structural support, dystrophin also serves as a scaffold for proteins involved in various 

signaling cascades, including sarcolemmal ion channels [52]. In cardiomyocytes, the Dp427 

isoform of dystrophin is expressed and located at the cardiac sarcolemma as well as in the cardiac 

T-tubules [53]. DMD-induced cardiomyopathy appears to be predominantly attributed to the loss 

of the Dp427 isoform [53]. 

In skeletal muscle, dystrophin mutations also lead to perturbed microtubule organization and 

oxidized actin, which contributes to weakness and is thought to contribute to mitochondrial stress 

and other abnormalities [54–59], but the degree to which this occurs in the heart remains unknown. 
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2.1.2. Epidemiology 

DMD is the most common inherited muscular dystrophy diagnosed in childhood, with an 

incidence of approximately 1 in 5000 newborn males [3], although variations have been reported 

elsewhere [4–6]. Since DMD is X-linked, it primarily affects males. Approximately 25% and 59% 

of DMD patients develop cardiomyopathy by 6 and 10 years of age, respectively, with 

electrocardiogram (ECG) abnormalities and sinus tachycardia (ST) representing the primary early 

clinical manifestations [9,13,60,61]. By 18 years of age, cardiomyopathy occurs in 98% of patients 

and progresses to heart failure in 40% of patients [1,62,63]. A higher mortality is linked to 

dystrophin deficiency-induced cardiomyopathy than to other cardiomyopathies [9]. 

Figure 2-1. Structural configuration of the dystrophin-glycoprotein complex (DGC), including key 

components indispensable for upholding cellular architecture in skeletal and cardiac muscles. 

Dystrophin is a rod-like protein that is responsible for providing structural support to the cell by anchoring 

components of the intercellular cytoskeleton to the extracellular matrix via laminin. Several transmembrane 

proteins comprise the DGC, including α-dystroglycan (α-DG), β-dystroglycan (β-DG), the sarcoglycan 

complex (comprised of γ, δ, β, α subunits), and sarcospan, among other non-transmembrane proteins 

located throughout the cytoplasm, sarcolemma, and extracellular space. Figure created using 

www.BioRender.com. 
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The prevalence of DMD in females (two copies of the recessive mutation) is extremely rare. 

Interestingly, one study conducted on aged 22-month-old female C57BL/10.mdx mice 

demonstrated impairments to LV hemodynamic function that was more severe compared to age-

matched males and wild-types (WTs) in the absence of differences to cardiac fibrosis, ECG 

abnormalities, and lifespan between sexes [64,65]. In these mice, it was observed that female mdx 

exhibited heavier heart weight compared to male mdx when normalized to body weight [64]. 

Despite these findings, male mdx mice of the DBA/2J background appeared to have heavier hearts 

compared to age-matched female mdx at 8 months old, meaning that the genetic background, sex, 

and age likely all contribute to the disparate cardiac phenotype that has been observed in mdx mice 

[66]. The clinical relevance of these findings is uncertain, given that the prevalence of DMD in 

females is extremely rare. However, female carriers can be either asymptomatic or demonstrate 

mild to severe skeletal muscle weakness and cardiomyopathy that, like affected males, can worsen 

with age [67,68]. 

2.1.3. Clinical Phenotypic Manifestations 

The earliest symptoms in DMD patients typically present between 1 and 5 years of age and 

include a waddling gait, Gower’s maneuver, difficulty climbing stairs, and frequent falls [4,69,70]. 

Calf hypertrophy tends to develop during early childhood due to the localized accumulation of 

fatty and fibrotic tissue [71]. Motor skills deteriorate at 6 to 8 years of age when lordosis and 

scoliosis advance [72]. Scoliosis increases the risk of respiratory failure [73]. Most DMD patients 

are wheelchair-bound at approximately 13 years of age [74]. Cognitive impairments are observed 

in roughly one-third of all DMD patients [75]. Secondary to progressive muscle degradation and 

the leakage of myofiber contents, elevated creatine kinase (CK) levels are detected early, with 
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levels being about 10 times higher in newborns with DMD and approximately 50 to 100 times 

higher in children with DMD as compared to healthy age-matched boys [68,76]. 

During disease progression, cardiac symptoms advance from diastolic dysfunction to 

myocardial remodeling and fibrosis, leading to contractile weakness and subsequent DCM with 

decreased systolic function [60,61]. Heart failure and arrhythmias develop gradually, increasing 

the risk of sudden cardiac death [12]. Largely attributable to advancements in respiratory 

interventions, such as assistive breathing devices (ventilators), the predominant cause of death has 

shifted from respiratory failure towards cardiomyopathy (reviewed in [17]), and resultantly, 

patients may survive well into their third and fourth decades [16,77]. 

2.1.4. Preclinical Models 

Animal models have been critical in delineating the pathophysiologic mechanisms of 

dystrophin deficiency and for subsequently trialing therapeutic candidates. The C57BL/10.mdx 

mouse, a genetic and biochemical homolog of human DMD, is the most widely used animal model 

of dystrophin deficiency and has been invaluable in providing knowledge for therapeutic strategies 

[78]. The C57BL/10.mdx mouse lacks full-length dystrophin due to a nonsense point mutation in 

exon 23 of the DMD gene [78]. This model only exhibits a mild cardiomyopathy late in life that 

never fully advances into heart failure [79]. Additionally, cardiac fibrosis and dysfunction present 

very late, if at all, in this model [80]. Although the milder skeletal muscle phenotype and subtle 

nature of cardiac involvement limit translation to human disease progression (reviewed in [9]), 

some features, such as cardiomyopathy, can be unmasked in C57BL/10.mdx mice via cardiac 

stressors, such as ischemia–reperfusion (IR) insults [81,82]. Due to the ease of breeding and 

maintaining, with a long life expectancy, the C57BL/10.mdx mouse models remain a common tool 

in dystrophin deficiency research [83]. Other mouse models exist with a variety of backgrounds 
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and mutations, but the majority result from the crossing of the C57BL/10.mdx mouse with different 

mutations to worsen the dystrophin deficiency phenotype [84,85]. However, the natural history of 

cardiomyopathy in each model remains largely uncharacterized. 

The DBA/2J-mdx (D2.mdx) and utrophin–dystrophin double-knockout (STOCK Utrntm1Ked 

Dmdmdx/J) mice have drawn attention as representing better models of DMD-induced 

cardiomyopathy, including earlier-onset cardiac deficits [78]. In the D2.mdx mouse, cardiac 

fibrosis and calcinosis affecting the RV is noted at 18 weeks of age [86], however, the degree to 

which cardiac remodeling or dysfunction occurs in this ventricle has never been characterized at a 

young time-point better reflective of early disease progression. Several mouse models for 

dystrophin deficiency have been developed, but none of the models completely recapitulates the 

phenotype and disease progression seen in humans. However, more severe models have a reduced 

lifespan, are more difficult to breed, and carry an additional mutation not affected in humans, 

which causes difficulty in reliably extrapolating data to the human phenotype [78,83]. 

To bridge the gap between small rodent (mouse) DMD models and the human phenotype, 

several different rat DMD models have been investigated. To date, the majority of rat DMD models 

have been developed to genetically target the genomic region that spans exons 3–26 [87–89]. This 

is a major limitation in the model, given that a major mutation hotspot for the classical, progressive 

DMD phenotype is between exons 45 and 55 [87]. For this reason, a new rat DMD model was 

generated with a deletion mutation in exon 52 on the rat DMD gene, known as the R-DMDdel52 

rat [87]. In comparison to the mdx mouse model, the R-DMDdel52 rat exhibits remodeling of the 

entire striated musculature, including both the heart and diaphragm, which culminates leading to 

premature lethality between 10 and 14 months of age [87]. 
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The golden retriever muscular dystrophy (GRMD) model offers remarkable resemblance to 

the progressive locomotor, respiratory, and cardiac muscular phenotype observed in human DMD 

patients [90]. Similar to humans, these canines are characterized by highly variable 

cardiomyopathy progression, making the assessment of therapies challenging [91,92]. 

Unfortunately, high costs, limited supply, and difficulty in maintaining a colony preclude the 

widespread use of GRMD models [83]. 

In order to more closely recapitulate the human DMD phenotype (in comparison to small 

rodent models) without limitations imposed by the financial burden of large mammals (e.g., 

GRMD), a DMD rabbit model was developed by cytoplasmic microinjections of Cas9 mRNA and 

single-guide RNA (sgRNA) [93]. The rabbit DMD model was developed by targeting exon 51 

(commonly mutated in human DMD patients) to disrupt the open reading frame of DMD in rabbits, 

thereby generating DMD KO (knock-out) rabbits [93]. This model exhibits many hallmark 

pathologies of DMD, including elevated serum creatine kinase, impaired mobility/ambulation, 

muscle necrosis and regeneration, and, importantly, cardiomyopathic manifestations (increased 

cardiac fibrosis, impaired function, etc.) [93]. Although further research is still required to 

comprehensively validate and characterize this model, the clear evidence of cardiomyopathy at 4 

months of age (demonstrated by reduced left ventricular ejection fraction and fractioning 

shortening), paired with the close resemblance to its human DMD counterpart, makes this an 

attractive model for preclinical drug screening studies [93]. 

A dystrophin-deficient pig model that is characterized by a targeted deletion of DMD exon 52 

has also been recently developed to recapitulate human size, anatomy, and physiology more closely 

[94]. Of relevance, pigs with deletions to DMD exon 52 do not express dystrophin in skeletal 

muscle and have elevated serum CK, impaired function including mobility, muscle weakness, and 
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a maximum life expectancy of 3 months due to severe deteriorative respiratory impairments [94]. 

This model is also noted for its cardiac dystrophin deficiency, with several notable 

downregulations to components of the dystrophin-associated protein complex that have been 

observed [95]. 

Aside from mammalian models that provide integrative insight into the pathophysiology of 

DMD, work from the nematode worm Caenorhabditis elegans can also provide invaluable 

information regarding disease progression. This double-mutant model contains a combination of 

a dystrophin homologue (dys-1) null mutation and a weak mutation to hlh-1, which encodes for a 

MyoD homologue [96,97]. These worms are interesting given that they exhibit a time-dependent 

loss of motility as well as muscle degeneration, which are similar observations to those seen in 

mdx mouse mutants [96]. The worms are typically used to identify new components of the DGC 

and also unidentified suppressors of muscle degeneration [96]. 

Induced pluripotent stem cells (iPSCs), another preclinical model for dystrophin deficiency, 

are reprogrammed from patient-specific somatic cells and carry the same genetic defects as DMD 

patients [98]. These cells make it possible to obtain functional cardiomyocytes from DMD patients 

and offer an important complement to animal models in studying dystrophin deficiency (reviewed 

in [99]). However, iPSCs do not manifest a fully mature phenotype, which may limit their utility 

in pre-clinical research [100]. Collectively, most of the research demonstrating mitochondrial 

dysfunctions in response to dystrophin mutations has been conducted in the C57BL/10.mdx and 

D2.mdx mouse, as well as some literature in males with DMD. 

2.2. Current Standard of Care and the Need for New Therapies 

No cure exists for DMD or its associated cardiac abnormalities, and therefore, most 

interventions are aimed at treating the symptoms and delaying the progression of dystrophic 
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cardiomyopathy. Unfortunately, cardiac transplantation is generally contraindicated in DMD 

patients due to muscular weakness and respiratory insufficiency [101]. Left ventricular assist 

devices (LVAD), if implemented as a destination therapy rather than a bridge to transplantation, 

can be considered as a therapeutic option in DMD patients [102]. While novel therapies have been 

in development to specifically address defects resulting from dystrophin deficiency, their 

effectiveness with respect to cardiac function has been limited due to the diverse range of genetic 

mutations in DMD and the complex risks of each prospective therapy (reviewed in [103]). For 

example, certain small molecule-based therapies used in practice target secondary cellular 

dysfunctions that are common in most, if not all, DMD patients and therefore have the potential 

for widespread use. Such therapies tend to focus on symptom management and delaying the 

development of cardiomyopathy and heart failure. Other gene-based treatments that focus on 

restoring dystrophin expression in a truncated or complete sequence must be customized to each 

unique mutation that occurs in DMD. 

The most widely used intervention in DMD are glucocorticoids, which have been proven to 

reduce inflammation, prolong strength, and delay the loss of ambulation by 1 to 3 years in DMD 

patients [104]. Glucocorticoid therapy most often involves up to daily dosing of either prednisone 

or deflazacort initiated around 2 to 5 years of age [42]. Although it is unknown how glucocorticoids 

delay disease progression, likely mechanisms include reduced cytokine production and the 

activation of insulin-like growth factors, decreased myocardial inflammation and fibrosis, cell 

membrane stabilization, increased myoblast proliferation, improvements to skeletal muscle 

function, and upregulation of proteins that support dystrophin [105,106]. Studies in DMD patients 

have collectively revealed the protective benefits of glucocorticoid treatment in dystrophic hearts, 

including decreased fibrosis, preserved ventricular function, and better survival [106–111]. 
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When glucocorticoid therapy is initiated prior to the onset of cardiomyopathy and remodeling, 

delayed development of cardiac dysfunction has been observed [112]. Data from a surveillance 

program demonstrated that a longer duration of glucocorticoid use correlates with a greater 

improvement in LV function [106]. Furthermore, the duration of glucocorticoid treatment has been 

proven to be inversely correlated with the incidence of cardiomyopathy in DMD patients [106]. 

Long-term glucocorticoid treatment beyond the loss of ambulation in DMD led to improvement in 

all-cause mortality secondary to improved cardiac outcomes [107]. On a molecular level, a study 

in 7-week-old C57BL/10.mdx mice demonstrated that glucocorticoids prevented calcium-induced 

mitochondrial permeability transition (mPT) and restored ADP-stimulated respiration as the result 

of enhanced expression of mitochondrial complex III, complex IV, and complex V protein content 

markers in skeletal muscle [113], but further work on cardiac muscle is required in this area. 

More recent studies have suggested that pulsed steroid regimens may limit the adverse effects 

while maintaining the benefits of daily steroid dosing in DMD patients [114,115]. Preclinical 

studies have demonstrated that steroids may worsen the progression of cardiomyopathy in the heart 

of C57BL/10.mdx, with findings including decreased cardiac function, increased dilation, and 

increased cardiac fibrosis [116–118], consistent with similar findings in the diaphragm [79]. It 

should be noted that these studies used a more continuous method of drug delivery than is 

equivalent to the single daily dose therapies administered in DMD patients [110]. 

Chronic steroid use may activate mineralocorticoid receptors (MR), which likely cause adverse 

effects, including reduced bone density, obesity, hypertension, adrenal insufficiency, and increased 

muscle catabolism [119–121]. MR antagonists, such as Eplerenone and Spironolactone, are 

treatments for heart failure with reduced left ventricular ejection fraction (LVEF) and are used in 

some cases of DMD-induced cardiomyopathy [40]. 
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Additional therapeutic options such as angiotensin inhibition, beta-adrenergic receptor 

blockers, and Tamoxifen—which is a first-generation selective estrogen receptor modulator 

(SERM)—have demonstrated some potential for DMD but are not approved for clinical use, while 

gene-targeted therapies are limited. Angiotensin II and angiotensin II type 1 receptors induce many 

harmful cardiac effects, including increased fibrosis, remodeling, ROS production, and 

cardiomyocyte death [122–124]. The two angiotensin-inhibiting drug classes used in heart failure 

and DMD patients are angiotensin receptor blockers (ARBs) and angiotensin-converting enzyme 

inhibitors (ACEIs). ACEIs prevent an enzyme from converting angiotensin I to angiotensin II, 

which decreases the activation of genes that enhance fibrosis and scarring of the myocardium [125] 

and block the action of angiotensin II, allowing veins and arteries to dilate. The activation of beta-

adrenergic receptors enhances heart rate elevations and increases contractility through its action 

on the calcium transients in the cardiomyocyte [126]. Beta-blockers may limit these adverse effects 

through inhibition of beta-receptor binding and subsequent catecholamine binding [126]. Beta-

blockers are considered a second-line candidate for cardiac-related therapy in DMD patients, 

typically administered in addition to an angiotensin-inhibiting agent [9,127]. 

2.3. Dystrophin Deficiency in the Heart  

2.3.1. Cellular Diagnostic Indicators of DMD-induced Cardiomyopathy 

As previously noted, typical cardiac symptoms of exercise intolerance and dyspnea are 

masked in DMD patients due to the influence of skeletal muscle weakness on these same 

parameters [9]. Nonetheless, the detection of early changes in the structure and function of the 

heart is crucial to initiating timely treatment in hopes of yielding better outcomes. Current 

guidelines recommend yearly cardiac screening at diagnosis [68]. 
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2.3.1.1. Hemodynamic Biomarkers 

Biomarkers indicative of DMD are suspected to be released into circulation because of 

sarcolemmal tearing, a phenomenon that occurs in response to the mechanical stress of contraction 

caused by compromised membrane integrity arising from the dystrophin mutation. Cardiac 

troponin I (cTnI) and T (cTnT) are proteins that comprise the contractile unit of myocardial cells 

and are biomarkers for damage to the myocardium [128]. Serum cTnT can be elevated in the setting 

of neuromuscular disease and has been shown to correlate better with creatine kinase and 

myoglobin levels than with cTnI [129,130]. Therefore, cTnI is more specific for myocardial injury 

in DMD as it is not expressed in skeletal muscle during regenerative processes [131,132]. Cases 

of acutely elevated cTnI in DMD patients have been reported with abnormal ECGs but no evidence 

of coronary artery disease [133–138]. Heterogeneity of cTnI levels has also been reported 

throughout the literature [128]. Significantly elevated levels of cTnI have been reported in DMD 

patients with mild late gadolinium enhancement (LGE) compared to those without LGE. However, 

cTnI levels were not elevated in patients with moderate-to-severe LGE. Since LGE is 

representative of cardiac fibrosis on cardiac magnetic resonance (CMR) imaging, this finding is 

likely due to increased cell death and fibrofatty tissue replacement in early disease and decreased 

enzyme leak at later stages of the disease when fibrofatty tissue has replaced most of the 

myocardium [139]. Elevated troponin levels have also been reported in asymptomatic patients 

prior to the development of cardiac disease [139], which may represent the necrosis and fibrosis 

resulting from subclinical or early cardiac remodeling. Decreased cTnI was observed in dystrophic 

dogs treated with membrane sealant, which was thought to ameliorate cardiac injury [140]. No 

current recommendations exist for routine monitoring of cTnI in DMD patients. Therefore, only 
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symptomatic patients tend to undergo testing, making unbiased assessment of the distribution of 

troponin levels difficult [128]. 

In addition to troponin, B-type natriuretic peptide (BNP) is a well-known serological 

marker of cardiac dysfunction; however, studies have revealed that BNP levels are inconsistent 

and thus are not appropriate measurements of cardiomyopathy in DMD patients [141]. Despite 

this, lower BNP levels have been reported in patients with DMD-induced cardiomyopathy versus 

those with idiopathic cardiomyopathy [142]. Only a mild elevation of BNP levels is seen, typically 

only in the presence of severe cardiac dysfunction [143,144]. 

Other potential biomarkers and indicators include plasma alpha-atrial natriuretic peptide 

(ANP), CK-MB, and diastolic abnormalities. Elevation of plasma alpha-ANP levels may be an 

indication of poor prognosis in DMD patients as it is correlated with congestive heart failure and 

respiratory failure [145]. Since CK-MB, which is present in both skeletal and cardiac muscle types, 

can be seen during skeletal muscle regeneration, this protein is not a good marker for cardiac 

involvement in DMD patients as it can also be indicative of damage to other muscles in the body 

[146]. Furthermore, DCM and systolic dysfunction are preceded by diastolic dysfunction in DMD, 

and therefore, diastolic abnormalities may serve as early indicators for early cardiac 

decompensation [108]. 

2.4. Structural, Functional, and Histopathological Indicators of DMD-induced 

Cardiomyopathy 

2.4.1. Systolic and Diastolic Dysfunction 

Several studies have reported the presence of systolic and diastolic dysfunction in patients 

with DMD. It is hypothesized that the calcium dysregulation resulting from the absence of 

dystrophin presents phenotypically as sustained ion-driven myocyte contraction, which appears as 

underfilling of the LV and impaired relaxation prior to the development of DCM [108,147]. The 
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authors of [147] described the heart in this phase as “tonic contraction”, a term describing the 

abnormally increased tone without the ability to relax. Although the LV appears smaller due to its 

inability to relax, the mass is unaltered. These changes likely lead to a decrease in stroke volume, 

which may be correlated with the resting tachycardia often present in DMD patients [147]. 

Furthermore, impaired relaxation (which may be attributed to increased myocardial fibrosis, 

leading to stiffness of the ventricular walls), diminished the LV cavity size at the end of diastole 

(a possible outcome of impaired calcium handling to be discussed later), and thickened 

myocardium have been observed in DMD animal models [147–150]. In a recent study utilizing 

CMR in DMD patients, LV atrioventricular plane displacement (LVAPD), a marker of systolic and 

diastolic dysfunction, was decreased in patients with DMD, indicating reduced atrioventricular 

(AV) plane displacement [151]. Decreased AV displacement correlates to a reduction in 

contractility and relaxation of the heart, resulting in reduced diastolic filling pressure and diastolic 

volume [151]. This study found that LV end-diastolic volume (LVEDV) was significantly lower 

than controls, an observation supported well by the literature [152–154]. Other significant findings 

in the study by [151] included a reduced LV end-diastolic index (LVEDI) and changes in LV mass 

and LV end-systolic volume (LVESV). 

2.4.2. Cardiac Fibrosis 

Since the mammalian heart has a limited ability to replenish dead or dying cardiomyocytes 

(both in the presence and absence of pathology), a transient phenomenon in response to cardiac 

damage stimulates pro-fibrotic activity to reinforce zones of damage, while maintaining structural 

and functional integrity, with collagenous scar formation (Figure 2-2). Cardiac fibrosis is defined 

as a protective response with immune-mediated etiology in which inflammation, tissue 

remodeling, and repair processes occur simultaneously [155]. While cardiac fibrosis aims to assist 
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in preservation of structure and function, if it occurs aberrantly without the appropriate regulatory 

mechanisms in place to limit its expansion, it can ultimately reduce tissue compliance and 

accelerate progression to heart failure due to ventricular chamber dilation, stiffness, cardiomyocyte 

hypertrophy, and aberrant apoptosis [156] (Figure 2-2).  

The deterioration of cardiomyocytes observed during dystrophin deficiency-induced 

cardiomyopathy activates an inflammatory cascade that results in macrophages clearing damaged 

cells and fibroblasts invading the compromised area to form fibrotic (collagenous) scar tissue. In 

DMD, a prolonged subclinical phase of myocardial fibrosis is typically observed, beginning early 

in life [108]. 

The death of cardiomyocytes and subsequent development of cardiac fibrosis initially 

presents in the posterobasal segment of the LV [157,158] and extends to the outer third and 

ultimately the entire LV and septum in human cases of DMD [159]. Interestingly, fibrotic lesions 

are more prominent in the subepicardium and spare the muscle fibers nearest to the chambers in 

GRMD [160]. Additionally, fibrosis of the papillary muscles and posterobasal area contributes to 

mitral valve regurgitation in human DMD [161]. Fibrosis is prevalent from a young age, as 

evidenced by LG-enhanced CMR [110,162], where cardiac fibrosis was identified in 17% of 

patients under 10 years, 34% of patients between 10 and 15 years, and 59% of patients over 15 

years [163]. Cardiac fibrosis occurs prior to the onset of decreased systolic function, which has 

also been demonstrated with LG-enhanced CMR [162]. Myocardial fibrotic changes typically 

exhibit a heterogeneous distribution, according to evidence of regional wall motion abnormalities 

determined via imaging modalities [164]. While widespread scarring leads to stretching and 

thinning of the myocardial walls, focal fibrosis increases the risk of sudden death [165]. 
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It should be noted that several studies in mdx have investigated the presence of cardiac 

fibrosis across various time-points (See Section 2.4.2.), with the vast majority of studies 

exclusively examining the LV) [86,166–170], however, no study has investigated chamber-specific 

differences (including RV and atria) at any age younger than 6 weeks. 

 

Figure 2-2. Graphical representation of reparative versus reactive (pathological) cardiac fibrosis, with 

specific mechanisms regulating the transition outlined. While cardiac fibrosis is often classically viewed 

as a negative histological remodeling signature, in actuality, it is necessary during early stages of damage 

to maintain mechanical and structural integrity of the heart. When signals to resolve cardiac fibrosis 

programs are perturbed or overridden, collagen deposition can aberrantly expand beyond the damage zones 

to unaffected areas, thus leading to altered chamber compliance and ventricular stiffness, ultimately 

exacerbating the pathology. TGFβ1 – transforming growth factor β1; α-SMA – α-smooth muscle actin; 

MMP – matrix metalloproteinase; TIMP – tissue inhibitor of matrix metalloproteinase. Figure created using 

www.BioRender.com. 
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2.4.3. Dilated Cardiomyopathy 

As myocardial fibrosis increases with disease progression, the fibrotic region of the heart 

gradually stretches and thins, losing its contractility and resulting in DCM (reviewed in [50]). This 

may involve dilation of the LV or both ventricles, although right ventricle (RV) function tends to 

be relatively preserved in the setting of improved respiratory interventions [171]. Dystrophin 

deficiency-induced cardiomyopathy is different than other types of cardiomyopathy in that the LV 

dilatation is less prominent, while the prognosis is worse [101]. DCM typically occurs in the 

second decade of life in DMD patients, although it has been reported in children under six years 

of age [13]. The clinical signs of DCM in DMD patients include increased LV diameter and 

volume, reduced FS, decreased LVEF, and development of mitral valve regurgitation [50]. 

2.4.4. Arrhythmia 

Frequent ECG changes detected in DMD after the development of cardiac fibrosis consist 

of ST, short PR interval, left atrial abnormality, and right axis deviation [172]. In addition to 

dystrophin deficiency-induced cardiac fibrosis, calcium transients, and elevated ROS, ECG 

abnormalities may be secondary to dysregulated sodium, calcium, and potassium channels, 

kinases, and nitric oxide synthase (nNOS) triggered by the absence of dystrophin [173]. Briefly, 

dystrophin is thought to play an important role in scaffolding voltage-dependent sarcolemmal ion 

channels in the heart via syntrophin binding, which is an adaptor protein that binds directly to two 

sites in dystrophin’s carboxyl-terminal region [173]. Dystrophic cardiomyocytes have 

demonstrated considerable sodium channel loss-of-function, while the activity of some potassium 

channels may also be reduced [173]. It is hypothesized that sarcolemmal ion channel abnormalities 

may occur prior to the onset of cardiomyopathy in the dystrophic heart and may represent a primary 

effect of the DMD mutation [173]. QRS duration appears to increase with age, regardless of 
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systolic function [174]. The onset of resting ST is typically seen in DMD patients by 5 years of 

age, and conduction changes are observed by 10 years of age [50]. Cellular mechanisms, including 

altered calcium homeostasis and elevated ROS, are hypothesized to cause arrhythmias in these 

patients. More serious arrhythmias, such as atrial fibrillation, AV block, ventricular tachycardia, 

and ventricular fibrillation, have been reported in the presence of advanced fibrosis [50,175]. One 

study estimated that approximately 44% of DMD patients had arrhythmias, including frequent 

atrial (3%) or ventricular premature contractions (22%), atrial (16%) or ventricular couplets (32%), 

supraventricular tachycardia (SVT) (9%), and ventricular tachycardia (VT) (13%) [176]. 

Arrhythmias have been shown to be significantly correlated with decreased systolic function 

[176,177], and an age older than 17 years was significantly associated with the development of 

SVT or VT [176]. Sudden death does occur in DMD patients, but the percentage due to arrhythmias 

is unknown [178]. Continuous Holter recordings have shown resting ST, loss of cardiac circadian 

rhythm, and heart rate variability [179]. Although one study showed that ECG abnormalities 

frequently precede cardiac dysfunction by several years [180], no differences were noted in the 

ECG of DMD patients with cardiomyopathy compared to those in the subclinical stages [181]. 

These inconsistencies suggest that ECG is not a useful diagnostic tool; however, periodic Holter 

monitoring is recommended in this population [68]. 

2.5. Cardiac Chamber-Specific Differences in DMD 

To date, most of the research in the hearts of DMD patients and/or dystrophin-deficient 

pre-clinical models has been conducted in the LV or, albeit less commonly, in the unspecified 

“whole heart”. A limited data set now suggests that dystrophic cardiomyopathy may affect the 

heart heterogeneously, with differing data on histopathology (e.g., fibrosis, calcification, etc.), 

function (e.g., echocardiography, invasive hemodynamics, etc.), and other related remodeling 
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parameters observed across ventricles (Figure 2-3). Metabolic and/or mitochondrial data 

comparing the two ventricles is surprisingly virtually non-existent across all time-points and 

models. Several studies across both human and pre-clinical DMD models have determined 

differences in ejection fraction, fractional shortening, and other related functional measurements 

between ventricles [162,182,183]. While systolic dysfunction is evident in both ventricles of the 

aged D2.mdx heart, it was determined that RV function was slightly better than LV despite the 

elevated fibrosis [184]. The authors of [86] demonstrated that 18-week-old D2.mdx hearts exhibit 

thick epicardial fibrotic-calcinosis layers that are limited and restricted to the RV, but such changes 

are not detectable in the LV or septum [184] (Figure 2-3). Together, these data suggest that RV 

remodeling potentially precedes the onset of significant cardiac complications [184]. One study 

conducted on 4-week-old C57BL/10.mdx determined using LG-enhanced MRI and dobutamine 

stress that RV abnormalities were present at this young age (demonstrated by elevated end systolic 

volume compared to control) while unchanged in the LV, albeit in the absence of cardiac fibrosis 

[185], thus suggesting that the association between RV remodeling and function differs by model 

(Figure 2-3).  

Historically, the role of the RV in dystrophin deficiency-induced cardiomyopathy has been 

underappreciated in place of the larger, more physiologically demanding LV. For this reason, 

literature comparing pathology across ventricles is limited. Although, to date, some work has been 

conducted to elucidate RV function and its role in dystrophin deficiency, further research is 

required to investigate parameters such as hemodynamics and echocardiography in dystrophin-

deficient rodent models (ideally mice aged >24 weeks), specifically in D2.mdx where early cardiac 

remodeling is more prominent. Additionally, there is an abundance of conflicting data about 

ventricle-specific disease progression due to the use of different dystrophin-deficient models and 



27 
 

time-points. Future research should seek to track the time-course progression of ventricular 

abnormalities in an established dystrophin-deficient pre-clinical model to determine the order in 

which these pathologies arise. Additionally, the field would invariably benefit from building on 

pre-existing literature that examines how LV metabolic and mitochondrial perturbations 

correspond to LV functional differences by extending experiments to the RV for chamber-specific 

comparisons using similar time-points and models. 

 

Figure 2-3. Time-course chamber-specific progression of structural and functional remodeling 

signatures in various mdx models. While the left ventricle has been extensively investigated from early-

to-advanced stages in dystrophin deficient mdx mice, significantly less is known about the other chambers 

of the heart, including the atria and right ventricle. Understanding time-course progression of histological 

and metabolic remodeling signatures in the whole heart could provide invaluable insight towards 

manifestation of cardiac functional impairments that develop at later ages. This could ultimately improve 

the ability of clinicians to develop early therapeutic interventions aimed at delaying cardiomyopathy 

progression. LV – left ventricle; RV – right ventricle; LA – left atrium; RA – right atrium; LGE MRI – late 

gadolinium enhanced magnetic resonance microscopy. Figure created using www.BioRender.com. 
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2.6. Secondary Physiological Dysfunctions: Inflammation, Calcium Dysregulation, and Their 

Contributions to Stress Responses in DMD 

2.6.1. Inflammation and the Immune Response 

Although inflammation is necessary to heal from injury, it can also be damaging if it occurs 

aberrantly. In mammalian systems, inflammatory and immune infiltrate are responsible for 

clearing damaged muscle cells and are often present prior to the onset of cardiac remodeling 

systems. Since the heart has a limited ability to regenerate its cardiomyocytes, macrophages will 

secrete chemokines (such as transforming growth factor beta (TGF-β)) in response to injury, to 

activate resident homeostatic fibroblasts and endothelial cells, thus increasing the ratio of nascent 

myofibroblasts to homeostatic fibroblasts (Figure 2-4). Fibroblasts are activated into collagen-

secreting myofibroblasts and enhance ECM deposition at the injury site, forming fibrocollagenous 

scar tissue within the wall of the ventricular myocardium [186,187]. Accordingly, muscle biopsies 

from DMD patients demonstrated that elevated TGF-β expression is associated with skeletal 

muscle fibrosis [188]. The immune infiltrate primarily consists of macrophages and T cells in 

young (2 to 8 years of age) DMD patients [189,190]. Furthermore, a high concentration of 

macrophages and T lymphocytes has been reported in pooled dystrophic muscles (quadriceps, 

hamstrings, and gastrocnemius) beginning early in disease progression, suggesting that these cells 

play a crucial role in the pathology of dystrophic muscle [190,191] (Figure 2-4). Of note, it has 

been demonstrated in dystrophic diaphragms of 6- and 12-week-old C57BL/10.mdx mice that the 

inflammatory macrophage serotype CD45+CD11b+F4/80+ is elevated compared to WT, while 

mRNA expression reveals elevated CC chemokine receptor 2 (CCR2) mRNA expression 

(representative of pro-inflammatory macrophage polarization) in both diaphragm and TA muscles 

at both time-points [192]. Interestingly, this study determined that CCR2 loss-of-function (both 

genetically and pharmacologically) helped to restore macrophage polarization towards an anti-
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inflammatory phenotype, which ameliorated indices of histopathological remodeling and also 

increased muscle strength in the diaphragm, suggesting that CCR2 plays an imperative role in the 

pathogenesis of DMD-induced inflammation and remodeling [192]. 

Sarcolemmal lesions in dystrophic skeletal muscles initiate calcium leakage and 

inflammatory cytokine upregulation, produce and release tumor necrosis factor alpha (TNF-α) and 

histamine, and contribute to mast cell degranulation and elevations to eosinophils [190,193,194]. 

A combination of these cytokines contributes to a proinflammatory environment and consequently 

promotes muscle necrosis [190]. While inflammatory mechanisms have been discovered in 

dystrophic skeletal muscle, these pathways have not been extensively examined in the dystrophic 

heart, thus representing a future avenue of research. 

Two main inflammatory pathways are involved in dystrophic skeletal muscle: the nuclear 

factor kappa-light-chain-enhancer of activated B cells (NF-κB) pathway and the nucleotide-

binding oligomerization domain (NOD)-like receptor family pyrin domain containing 3 (NLRP3) 

pathway. NF-κB, a transcription factor that regulates the expression of chemokines and cytokines, 

may be activated by dystrophin deficiency-induced mechanical stretch (Figure 2-4). Increased 

activation of NF-κB is seen in dystrophic skeletal muscle [190,195]. The overexpression of 

chemokines is hypothesized to occur prior to initial disease onset (defined as the initial mechanical 

damage that results from the absence of the membrane-stabilizing effects of dystrophin) and induce 

macrophage and T-cell infiltration [190,196]. It has been previously determined that the inhibition 

of NF-κB in utrophin/dystrophin-deficient mice improves cardiac contractile function [197]. 

Inflammatory cytokines like IL-6 are elevated in both pre-clinical models [198] and 

humans [190,199,200] with DMD, specifically in various skeletal muscles. The potential 

relationships between inflammation and mitochondrial dysfunction are notable given that TNF-α 
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and IL-6 are examples of cytokines that induce decreases in mitochondrial oxidative 

phosphorylation and elevations in mitochondrial superoxide production in a variety of cell types 

and models unrelated to dystrophin mutations [201–203]. Indeed, the current standard of care 

involves immunosuppression with glucocorticoids [104], which slows the progress of the disease 

through mechanisms that are thought to be related, in part, to reduced inflammation [115]. 

Nonetheless, the remaining influence of inflammation is thought to contribute to mitochondrial 

dysfunctions in muscle [30], although this is not fully characterized in the context of disease and 

glucocorticoid interactions. 
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Figure 2-4. Schematic representation of a proposed signaling pathway from dystrophin deficiency-induced 

muscle damage to inflammation-mediated fibrosis. Mutations to the dystrophin protein cause its functional 

absence in the cell, thus leading to dystrophin deficiency-induced sarcolemmal tearing with each contraction 

and representing the primary pathology in DMD. Such sarcolemmal tears perpetuate secondary contributors to 

dystrophic pathology, such as mitochondrial electron transport chain impairments, aberrant mitochondrial 

reactive oxygen species emissions, and perturbed calcium handling leading to intrinsic mitochondrial-mediated 

apoptosis. Dystrophin deficiency precedes and contributes to a robust inflammatory response, which is a 

hallmark characteristic of DMD. Incomplete resolution of the inflammatory phase can stimulate a fibrotic 

response, thus representing the final and possibly most detrimental outcome of dystrophic pathology. Important 

to note: while most, if not all of these proposed mechanisms have been extensively investigated in dystrophic 

skeletal muscle, more research is required to elucidate this cascade in the dystrophic heart, especially with 

chamber-specific considerations. ROS – reactive oxygen species; ETC – electron transport chain; I-V – 

mitochondrial ETC complexes; Cyt C – cytochrome c; Ca2+ - calcium; mPT – mitochondrial permeability 

transition; APAF-1 – apoptotic peptidase activating factor; NLRP3 -  NOD-, LRR- and pyrin domain-containing 

protein 3; NF-κB – Nuclear factor kappa-light-chain-enhancer of activated B cells; IL – interleukin; TGF-β – 

transforming growth factor β; α-SMA – α-smooth muscle actin. Figure created using www.BioRender.com. 
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2.6.2. Calcium-Handling Dysregulation, Ionic Perturbations, and Cell Death 

In healthy cardiac muscle, contraction and relaxation are driven by the cycling of calcium 

between the sarcoplasmic reticulum (SR) (the intracellular storage site of calcium) and cytosol. 

Briefly, this process involves plasma membrane depolarization that subsequently activates the L-

type calcium channels (LTCC), which allows calcium to flow into the cell and subsequently causes 

a larger calcium flux from the SR through the ryanodine receptor 2 (RyR2), resulting in muscle 

contraction. This process is termed calcium-induced calcium release (CICR). It is imperative to 

note that the relationship between muscular dystrophy-induced elevations to net intracellular influx 

of calcium and muscle-cell necrosis was first proposed 40 years ago [32,33]. It was hypothesized 

that this increased intracellular calcium concentration triggers a vicious cycle of downstream 

mitochondrial calcium overload and eventual insufficient ATP synthesis, which further perpetuates 

cytosolic calcium levels by impairing calcium pumps, leading to the hypercontraction of muscle 

fibers and subsequent cell necrosis [32] (Figure 2-5). Interestingly, Wrogemann and colleagues 

were among the first to determine that calcium chelators such as EDTA could ameliorate the 

depressed respiration in dystrophic mitochondria, at least from skeletal muscle, by lowering 

mitochondrial calcium concentrations [32]. Although this observation was not originally 

established in dystrophic cardiac tissue, it is still a seminal finding that highlights the importance 

of intracellular calcium balance in dystrophic tissue and how calcium handling can be targeted in 

pursuit of a therapy. 

Multiple mechanisms are believed to contribute to calcium overload and disrupted calcium 

homeostasis. Increased calcium influx and resting levels of mitochondrial calcium have been 

observed in myocytes from C57BL/10.mdx mice [204]. In addition to the extracellular calcium 

that leaks through the sarcolemmal membrane tears, ion channels and calcium handling proteins 
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likely contribute to the excessive calcium found in dystrophic myocytes (See Section 2.7.1.1.). 

Stretch-activated calcium influx differences, increased diastolic calcium levels, altered calcium 

transient kinetics, and changes in calcium-handling protein expression, activation, or post-

translational modifications have been observed in cardiomyocytes of C57BL/10.mdx mice 

[28,29,205,206]. 

Excessive cytosolic calcium may activate calcium-dependent proteases, such as calpains, 

contributing to apoptosis [207]. A study investigating single ventricular myocytes from 

C57BL/10.mdx proposed that calcium-activated calpains degrade troponin I, resulting in 

contractile dysfunction and decreased calcium sensitivity [28]. A separate study assessing calpains 

in 4-week-old C57BL/10.mdx mice determined that total concentrations of calpains were elevated 

in necrotic hind limb muscle from dystrophic mice compared to controls; however, further research 

on the heart is required [208]. 

Another possible source of calcium overload in dystrophic cardiomyocytes is through 

transient receptor potential channels (TRPC) and the LTCC Cav1.2 [209–212]. TRPCs are 

hypothesized to engage in the augmented stretch-activated cation influx seen in C57BL/10.mdx 

cardiomyocytes, and overexpression of these channels has been observed in dystrophic 

cardiomyocytes [209–212]. A decrease in excessive calcium was demonstrated in C57BL/10.mdx 

cardiomyocytes using inhibitors of TRPC, stretch-activated channels, and transient receptor 

potential vanilloid (TRPV2) [28,211]. Redox modifications of Cav1.2 alpha1 subunit that occur 

during periods of elevated oxidative stress lead to increased channel-mediated calcium influx 

[173,213,214]. Resultantly, ROS may partly explain the gain-of-function calcium channel 

abnormalities observed in dystrophic cardiomyocytes [173]. Indeed, communication between 

LTCC and mitochondria has proven to be crucial in healthy cells for metabolic function, and this 
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communication was disrupted in C57BL/10.mdx cardiomyocytes [204,215]. Studies in mice 

lacking either dystrophin alone or dystrophin and utrophin demonstrated increased calcium influx 

through the LTCC in cardiomyocytes [28,211] (Figure 2-5). The LTCC pathway to calcium 

overload is also suspected to play a role in the calcium-dependent arrythmias seen in DMD [216]. 

RyR2 and sarcoplasmic/endoplasmic reticulum calcium ATPase (SERCA) may enhance 

the release of store-operated calcium in cardiomyocytes of DMD patients [83,217–219]. It has 

been observed that in C57BL/10.mdx hearts, RyR2 levels are 2 to 3 times greater compared to 

those of WT mice [28]. Also, protein kinase A (PKA)- or calcium/calmodulin-dependent protein 

kinase II (CaMKII)-mediated hyperphosphorylation and S-nitrosylation of RyR2 have been 

demonstrated in dystrophic cardiomyocytes and lead to dissociation from the stabilizing-protein 

calstabin2 and subsequent increased release of calcium from the SR [83,217–219]. This is 

supported by studies demonstrating that agents blocking RyR2 phosphorylation result in the 

normalization of cytosolic calcium levels as well as improvement in cardiac pathology and 

arrythmias [218–221]. SERCA2a activity is significantly reduced in the C57BL/10.mdx dystrophic 

hearts due to lower SERCA2a expression and impaired regulation by inhibitory proteins 

phospholamban (PLN) and sarcolipin [28,220,221]. Phosphorylation of PLN via PKA or CaMKII 

is mostly regulated by β-adrenergic signaling [222,223]. Inositol trisphosphate (IP3) receptors, 

which are calcium-release channels on the SR, are activated by the downstream product of 

phospholipase C (PLC) [209]. PLC inhibitors have demonstrated normalization of intracellular 

calcium levels in C57BL/10.mdx cardiomyocytes to WT levels [224]. It should be noted that 

calcium-dependent phospholipase A2 (PLA2) can also be activated when dystrophic cell 

membranes permit excessive calcium influx, thus resulting in destabilization of muscle membrane 

structure, at least in dystrophic myofibers [61,225,226]. 
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Sodium ions can also affect mitochondrial–cytoplasmic calcium exchange through the Na+-

Ca2+ exchanger (NCX), which drives calcium out of the mitochondria in exchange for sodium 

when cytosolic sodium begins to accumulate as a result of dystrophin deficiency-induced 

microtears. A significant increase in cytosolic sodium levels [227] and elevated levels of NCLX 

(Na+/Li+/Ca2+) have been observed in cardiomyocytes of C57BL/10.mdx mice [228]. To decrease 

intracellular sodium and calcium overload caused by pathologic reversal of the NCX, a potent and 

selective sodium-proton exchanger isoform 1 (NHE-1) inhibitor known as rimeporide has been in 

development [229,230]. NHE-1 is a membrane transporter responsible for catalyzing the 

electroneutral counter transport of sodium and hydrogen ions through the plasma membrane [229]. 

Interestingly, when rimeporide was tested on mdx mice, protective effects against inflammation 

and accumulation of fibrosis were observed in the heart, but additional work in this field to identify 

potential side effects and dose–response curves is still required [229]. Additionally, previous work 

in gastrocnemius and longissimus dorsi muscles from 5- to 6-month-old C57BL/10.mdx mice 

demonstrated elevations in Na+/K+ ATPase content [231]. Albeit not in the heart, this further 

suggests that sodium regulation is abnormal in dystrophic muscle and potentially precedes cell 

death via abnormal regulation of the cell volume [231]. 

Alongside perturbed Na+ regulation in dystrophic skeletal and cardiac muscle, the 

efficiency of cardiac K+ ion transport and total cardiac K+ content in 8-week-old C57BL/10.mdx 

mice is decreased [232] (Figure 2-5). This is important because impairments to K+ homeostasis 

have been implicated in the manifestation of dilated cardiomyopathy observed across several 

myopathies, including DMD [232,233]. Given that several calcium-dependent processes are 

impacted by dystrophin deficiency, mitochondrial K+ channels represent a prospective therapeutic 

target due to their involvement in mitochondrial large-conductance Ca2+-dependent K+ channels 
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(mitoBKCa) [232]. Interestingly, it has been observed that the chronic administration of the 

benzimidazole derivative NS1619 (an activator of mitoBKCa) improved K+ transport and content 

in cardiac mitochondria of 8-week-old C57BL/10.mdx mice while simultaneously alleviating lipid 

peroxidation, reducing cardiac fibrosis, and normalizing the cardiac mitochondrial ultrastructure 

[232]. This same group also tested a metabolic modulator known as uridine, which is thought to 

activate the mitochondrial ATP-sensitive K+ channel through actions of the metabolite of uridine—

UDP (uridine-5-diphosphate) [232,234]. It was revealed that daily administration of uridine for 

four weeks improved K+ transport and content in cardiac mitochondria of 8-week-old 

C57BL/10.mdx mice, akin to NS1619, which was accompanied by elevations to the cardiac 

mitochondrial number and increases in the calcium retention capacity [232,234,235]. Collectively, 

these findings highlight opportunities for further investigation into the potential role of ion (e.g., 

Na+, Ca2+, Li+, K+, Cl−, and H+) dysregulation as a prospective driver of mitochondrial dysfunction. 
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Figure 2-5. In this mechanism proposal, cardiac dystrophin deficiency may contribute to diastolic 

dysfunction through calcium-handling dysregulation, ionic perturbations, and mitochondrial stress 

responses. Yellow question marks denote pathways where ATP insufficiency and elevated mH2O2 may 

directly contribute to impaired muscle function, with hypotheses reflecting extensive previous literature. 

While these mechanisms have never been demonstrated in a singular model, this proposal combines 

published literature from studies across various DMD models. Dystrophin deficiency in the LV leads to 

lower [ATP]:[ADP] and elevated mH2O2 in mdx [31,228]. Additionally, work by the authors of [31] 

determined that loss of phosphate shuttling by creatine in the LV of D2.mdx may contribute to lower ATP 

export out of the mitochondria (possible impairment to mtCK denoted by exclamation mark symbol). 

Consequently, lower [ATP] may impact a myriad of pathways, including Na+/K+ ATPases along the t-tubule 

(which require ATP to maintain action potential charge balance and membrane excitability) [231], ATP-

dependent SERCA (which requires ATP-mediated re-uptake of excess cytosolic Ca2+ to allow for cardiac 

relaxation) [28,220,231,593], and ROS-induced RyR2 oxidative stress (which may aberrantly ‘leak’ Ca2+ 

from its SERCA storage site) [218–220,593]. PLB - phospholamban; SERCA - sarcoplasmic/endoplasmic 

reticulum Ca²⁺-ATPase; RyR - ryanodine receptor; PCr - phosphocreatine; Cr - creatine; Pi - inorganic 

phosphate; cCK - cytosolic creatine kinase; mtCK - mitochondrial creatine kinase; VDAC - voltage-

dependent anion channel; ANT - adenine nucleotide translocase; IMM - inner mitochondrial membrane; 

IMS - intermembrane space; OMM - outer mitochondrial membrane; I - complex I; II - complex II; Q - 

coenzyme Q/ubiquinone; III - complex III; c – cytochrome c; IV - complex IV; K+ - potassium ion; Na+ - 

sodium ion; Ca2+ - calcium ion; ATP - adenosine triphosphate; ADP - adenosine diphosphate; ROS - reactive 

oxygen species. Figure has been published in Cells. Figure created using www.BioRender.com. 
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The disruption of ions could theoretically induce mitochondrial dysfunction. While the 

relationship between sodium and mitochondrial dysfunction in DMD has not been examined in 

detail, the link to calcium stress has been investigated extensively. This is an important relationship 

to consider given that cardiac mitochondria do not typically act as a significant dynamic buffer of 

cytosolic calcium in healthy hearts; however, prolonged elevations of intracellular calcium 

substantially enhance mitochondrial calcium uptake [236,237]. Recently, increased calcium uptake 

has been observed in the mitochondria of C57BL/10.mdx cardiac muscle, likely due to enhanced 

expression of the channel-forming MCU subunit and reduced expression of the dominant-negative 

MCUb subunit [228]. While the precise mechanisms regulating excess mitochondrial calcium 

uptake require more investigation, current theories posit that calcium overload triggers cell death 

through mitochondrial permeability transition activity in conjunction with impaired oxidative 

phosphorylation and elevated ROS production, as described in detail below (Figure 2-6). 

2.7. Introduction to Mitochondrial Bioenergetics 

 The mitochondrion, colloquially referred to as the ‘powerhouse of the cell’, is a cellular 

organelle present in eukaryotes that is characterized by its double membrane system, which is 

comprised of the ion-permeable outer mitochondrial membrane (OMM), the intermediary 

intermembrane space (IMS), and the relatively impermeable inner mitochondrial membrane 

(IMM), which separates the mitochondrial matrix from the IMS. Most notably, mitochondria are 

recognized for their indispensable role in ATP-generating processes, whereby mitochondria are 

responsible for up to 95% of the total ATP generated in the cell for imperative physiological 

functions through a process known as oxidative phosphorylation [238]. Key to oxidative 

phosphorylation is the presence of the electron transport chain (ETC) within the IMM, which 

consists of five transmembrane protein complexes (I-V), two reducing equivalents that supply 
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electrons to complex I and II (NADH and FADH2, respectively) generated through the catabolism 

of fuel sources (primarily carbohydrates and fat), and two intermediate electron carriers (coenzyme 

Q and cytochrome c) which work collectively to transfer electrons sequentially through the 

complexes in a series of redox reactions to generate free energy [239]. This system, which was 

eventually coined the chemiosmotic theory of oxidative phosphorylation by Peter Mitchell, 

demonstrates how inter-complex electron (anion) transfer via redox reactions is coupled to proton 

pumps within the ETC that simultaneously extrude protons (cations) from the negatively charged 

matrix into the positively charged IMS, thus generating a proton motive force, also known as 

electrochemical gradient, for ATP synthesis via complex V (ATP synthase) [240]. ATP synthase 

functions by synthesizing ATP from ADP and an inorganic phosphate (Pi), which requires the flow 

of protons against its electrochemical gradient back to the matrix through ATP synthase [239]. In 

addition to oxidative phosphorylation, mitochondria are also imperative for several other 

physiological processes which will be described below, including mitochondrial Ca2+-uptake-

induced swelling and apoptosis, and oxidative stress via ROS emission attributed to premature 

electron slip. 

2.7.1. Mitochondrial Permeability Transition Pore and Intrinsic Apoptosis 

Recent evidence supports a model whereby ATP synthase components dimerize to form the 

mitochondrial permeability transition pore (mPTP) in response to ROS and excessive calcium 

stress (mitochondrial calcium overload when matrix [calcium] is high) [241,242], which then leads 

to depolarization of the mitochondrial membrane, a loss of ATP synthesis, and rapid mitochondrial 

calcium efflux to the cytosol through an event known as mitochondrial permeability transition 

(mPT) (Figure 2-6). mPTP formation is an event that fuses the IMM and OMM while increasing 

the permeability of the IMM to solutes, which is typically impermeable to most solutes and ions. 
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It is important to note that mPT can result in two important changes to the mitochondria. Firstly, 

the increased permeability of the IMM to solutes leads to a rise in osmotic pressure which can 

cause swelling of the mitochondria. Following the subsequent release of cytochrome c from the 

OMM due to swelling-induced rupture, caspases 9/3 are activated, which signal to proteases that 

contribute to intrinsic mitochondrial-mediated apoptosis [243] (Figure 2-6). Secondly, since the 

IMM can become permeable to protons during mPT, oxidative phosphorylation processes can 

become uncoupled from ATP synthesis, leading to its hydrolyzation rather than synthesis [244]. 

Furthermore, there is evidence that the ADP/ATP antiporter, ANT, may be involved in mPT given 

that sarcoglycan-deficient mice were shown to develop mPT in an ANT-dependent manner [245]. 

2.7.1.1. Mitochondrial Permeability Transition in DMD 

Myotubes cultured from C57BL/10.mdx demonstrate ~10-fold higher calcium in the matrix 

compared to the cytosol [246]. Calcium-induced PT was elevated following ischemia–reperfusion 

in young C57BL/10.mdx hearts and was accompanied by the release of proapoptotic factors 

(including cytochrome c into the cytosolic fraction), as well as enhanced activities of caspases 9/3 

prior to the onset of cardiac dysfunction [81,82]. In LV of 4-week-old D2.mdx mice, no differences 

in calcium-induced PT or caspases 9/3 activities were observed [247] in contrast to increases in 

both measures seen in certain skeletal muscles [248]. As there were no reductions in the ejection 

fraction at this young age, the study concluded that mitochondria do not demonstrate PT in LV in 

early-stage disease. A separate study conducted on 7-month-old C57BL/10.mdx mice using 

mitochondria isolated from whole hearts demonstrated a greater propensity for calcium-induced 

mPT [249]. Collectively, these findings suggest that introducing physiological stressors such as 

ischemia–reperfusion or assessing more advanced disease states may be required to reveal an 

underlying mitochondrial propensity for PT, although the degree to which mPT exists across 
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specific regions of the heart is unknown. The contributions of mPT to cardiomyopathy at specific 

stages of disease requires further research. 

It has been proposed that different analytical interpretations can be associated with the 

specific technique that is used to determine and quantify mPT. Techniques include quantifying the 

concentration of calcium required to trigger its opening via bolus titrations in a permeabilized fiber 

system versus the elapsed time that is required to trigger this opening in response to a single bolus 

of calcium. To this end, differing conclusions from studies have led to the belief that disease effects 

on time may not be mirrored by changes in the total calcium uptake by mPT (proposed and 

reviewed in [30]). In one such study, both approaches were compared and demonstrated no change 

in total calcium uptake despite a lower time for calcium to trigger mPT in C57BL/10.mdx mice 

[82]. This finding implies that a greater propensity for calcium-induced mPT may be due to greater 

velocities of calcium uptake independent of potential differences in total uptake. Such 

methodological considerations could be considered when assessing mPT in relation to 

cardiomyopathy in mdx models. Although this has not been studied extensively in the heart, 

pharmacological inhibitors of mPT in skeletal muscle have shown promise by improving indices 

of muscle function in C57BL/10.mdx mice [30,250,251]. Whether this can be attributed to the 

inhibitory effects on mPT itself or the indirect benefit of immunosuppression is still a contentious 

topic. This is important given that immunosuppressive glucocorticoids have been known to 

suppress mPT in C57BL/10.mdx skeletal muscle [113]. 



42 
 

 

Figure 2-6. Schematic representation of intracellular pathological Ca2+ overload caused by dystrophin 

deficiency-induced micro-tears to the sarcolemmal membrane, and the potential for targeting mPT to 

attenuate dystrophic cardiac stress. Dystrophin deficiency-induced cytosolic Ca2+ overload via stretch-

activated channels (SACs) on the sarcolemmal membrane is a hallmark characteristic of the dystrophic 

phenotype [28,29,205]. Pathological SACs-mediated Ca2+ influx into the cytosol is further exacerbated by 

NOX2-derived oxidative stress, which also occurs as an outcome of dystrophin deficiency [52,210]. During 

cytosolic Ca2+ overload that occurs in crisis, the mitochondrion takes up excess Ca2+ via voltage-dependent 

anion channel (VDAC) and mitochondrial calcium uniporter (MCU) channels along the OMM and IMM, 

respectively. Subsequent mitochondrial Ca2+ overload results in mPT, which expels cytochrome c into the 

cytosol [81]. It is also hypothesized that complex I and complex III-derived ROS damage stimulates mPT 

(insufficient data); however, further research is required to characterize the presence of complex III-derived 

ROS in mdx models [81,594]. It is also presently unknown if mitochondrial ROS directly triggers 

cardiomyocyte death in dystrophic hearts (denoted by yellow question mark). Cytochrome c release from the 

OMM interacts with the apoptosome-containing adaptor Apaf-1 and other initiator caspases (9/3) [82,243], 

which induce cardiomyocyte death downstream. In healthy physiological systems, tightly regulated control 

of cardiomyocyte death is required for remodeling events following contraction-induced damage; however, 

in pathological states, excessive cardiomyocyte death leads to irreversible damage and fibro-fatty tissue 

replacement. VDAC—voltage-dependent anion channel; MCU - mitochondrial calcium uniporter; ER -

endoplasmic reticulum; ETC - electron transport chain; mPTP - mitochondrial permeability transition pore; 

Apaf-1 - Apoptotic protease activating factor 1; NOX2 - NADPH oxidase 2; Ca2+ - calcium ion; ROS - 

reactive oxygen species; BAX - Bcl-2-associated X protein; BAK - Bcl-2 antagonist killer; c - cytochrome 

c. Figure has been published in Cells. Figure created using www.BioRender.com. 
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Overall, the specific importance and role of mPT-induced cell death in dystrophic 

cardiomyopathy is still not fully understood and requires more research. Insight may be gained by 

considering the effects of mPT inhibitors in the skeletal muscle of mdx mouse models (Figure 2-

6). For example, Debio 025 (D-MeAla3EtVal4-cyclosporin), an inhibitor of the mPT regulator 

cyclophilin, showed beneficial roles in locomotor and respiratory muscles of 3-week-old mdx5Cv 

mice [252,253] but had no effect on echocardiograph assessments of heart function or fibrosis in 

18-week-old D2.mdx mice [86]. Alisporivir, another cyclophilin inhibitor, is a cyclosporin A 

derivative that desensitizes the mPT without inhibiting calcineurin [254]. Albeit not in the heart, 

treatment of alisporivir in primary cultures obtained from muscle biopsies of DMD patients 

demonstrated that this compound could restore the maximal respiratory capacity in dystrophic 

muscle cells without interfering with basal oxygen consumption, therefore restoring physiological 

respiratory reserve [254]. In addition, treatment with alisporivir also recovered respiratory 

function, which matched improvements to muscle ultrastructure and survival in the sapje zebrafish 

model of DMD [254]. TR001, which is a metabolically stable triazole analog and inhibitor of mPT, 

improved markers of motility 6 days post-fertilization when administered in sapje zebrafish [255]. 

In addition to improving muscle structure and function recovery, as well as mitochondrial 

respiration and survival in these zebrafish, TR001 also improved respiration in skeletal muscle-

derived myoblasts and myotubes from DMD patients [255]. The promise and efficacy of mPT 

inhibitor treatment modalities on dystrophic locomotor and respiratory muscle in various pre-

clinical DMD models supports the need for these compounds to be tested on cardiac tissue and/or 

cardiomyocytes. 
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2.7.2. Mitochondrial Biogenesis in DMD 

Mitochondrial biogenesis is regulated, in part, through the sequelae of transcriptional 

regulators that activate or repress promoters for genes encoding over 1500 mitochondrial proteins. 

Time-dependent decrements to peroxisome proliferator-activated receptor γ coactivator 1-α (PGC-

1α) expression—transcriptional co-activator regulating numerous transcription factors—were 

identified in TA muscle of C57BL/10.mdx mice [256]. This finding corresponded to reduced 

expression of target genes. Several seminal papers have demonstrated that regulation of PGC-1α 

levels in the skeletal muscle of mdx mice may represent a potential avenue for reducing dystrophic 

muscle pathology given the beneficial effects that have been reported, including improvements to 

muscle histology, functional performance, and fatigue resistance [257–259]. Although studies have 

explored AMPK phosphorylation, which regulates PGC-1α in response to a variety of stimuli, and 

PGC-1α activation in TA muscle of C57BL/10.mdx mice using metformin to demonstrate 

upregulations in mitochondrial content [260], heart-specific data remain limited and represent a 

future avenue for research. 

Contrary to these findings, a separate study assessing mitochondrial biogenesis in pre-

necrotic 2-week-old C57BL/10.mdx mice revealed no differences in PGC-1α protein content in 

the quadriceps muscle [261]. These conflicting data suggest that the regulation of mitochondrial 

biogenesis in mdx mice may be complex and age- and muscle-specific, but the transient states of 

activity in this co-activator, as well as other transcriptional processes, requires careful 

consideration of time-point selection when relating mitochondrial adaptations to disease processes. 

Changes in transcription factors and co-activators that govern mitochondrial biogenesis do 

not always predict mitochondrial functions. This is due to the complexity by which mitochondrial 

transporters and enzymatic pathways are regulated post-translationally and in response to other 
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factors, such as the morphology and structure of the mitochondrial membranes. Furthermore, 

transcriptional pathways are often induced in response to a stressor that signals a demand for 

altering mitochondrial content, as can occur under conditions of insufficient energy supply. In this 

way, simply measuring markers of transcription factors does not necessarily predict functional 

outcomes of mitochondria. As an example, the mitochondrial permeability transition pore inhibitor 

Alisporivir increased certain measures of mitochondrial respiration despite lowering the mRNA of 

PGC-1α [262]. While speculative, these findings may suggest that the improved mitochondrial 

function may have alleviated a stress signal that was driving the demand for mitochondrial 

biogenesis. In this way, contextualizing markers of mitochondrial biogenic pathways in relation to 

mitochondrial function, and ideally mitochondrial content markers, can provide additional insight 

into the way mitochondria do or do not contribute to myopathy. 

Collectively, these data suggest that understanding the role of mitochondrial biogenesis in 

the context of dystrophinopathy is still incomplete and requires further research, with specific 

considerations that should be made for the time-point (age), muscle-type, and dystrophin-deficient 

model. 

2.7.3. Oxidative Phosphorylation, Mitochondrial Creatine Kinase, and Substrate Catabolism 

2.7.3.1. Oxidative Phosphorylation in DMD 

Mitochondrial ATP synthesis occurs predominantly through oxidative phosphorylation 

within the ETC, a process vital for the energy-demanding heart. As previously mentioned, in 

healthy mitochondria, this process depends upon the governance of membrane potential across the 

IMM and is stimulated by temporary elevations to mitochondrial matrix calcium caused by 

contraction [239,263]. The early identification of mitochondrial deficits in muscular dystrophies 

using direct assessments of respirometry in isolated mitochondria in people with DMD was 

reported in 1967, albeit in skeletal muscle [264]. Other reports around this time focused on skeletal 
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muscle animal models of undefined muscular dystrophies [32,265–267] prior to the identification 

of the mdx mouse [80]. Numerous factors need to be considered when assessing the regulation of 

mitochondrial oxidative phosphorylation in muscle, including phenotype severity (due to the 

progressive nature of dystrophin deficiency) and the fact that not all mitochondrial protein markers 

uniformly change across a spectrum of muscle types, models, or age ranges [30]. This is important 

to note because mitochondrial protein content should not always be interpreted as being reflective 

of mitochondrial function (discussed in [30]). 

While no study has performed functional assessments of cardiac mitochondrial oxidative 

phosphorylation in people with DMD, one study found that iPSC-derived cardiomyocytes from 

adults with DMD had significant reductions in oxygen consumption coupled with ATP synthesis 

[268]. Attenuations in the phosphocreatine (PCr) energy system indicated by lower PCr 

concentrations were also observed in these cells [268]. In the C57BL/10.mdx mouse heart, studies 

have shown significant reductions in the ratio of the PCr to ATP ratio, which reflects a 

compromised ability to maintain energy homeostasis prior to the development of significant 

hemodynamic or structural changes [269]. This observation is consistent with many reports of 

attenuated mitochondrial respiration in the dystrophin-deficient heart [30]. 

2.7.3.2. Mitochondrial Creatine-Dependent Phosphate Shuttling 

Of interest, mitochondria can also export, or ‘shuttle’, PCr (specifically high-energy 

phosphate groups) in the presence of creatine as a method for maintaining high intracellular 

ATP:ADP when demand for ATP is high [270,271]. Regulated by mitochondrial creatine kinase 

(mtCK) located on the outer leaflet of the IMM that also binds to the voltage-dependent anion 

channel (VDAC) on the OMM, this model posits that when ATP is produced in the ETC during 

oxidative phosphorylation, it is first shuttled to the IMS by the adenine nucleotide translocase 
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(ANT) (Figure 2-7). Thereafter, mtCK can trans-phosphorylate ATP (specifically, its phosphate 

group) and free Cr to produce ADP and PCr. While the ADP can be shuttled back to the matrix via 

ANT to restart this cycle, PCr is shuttled out of the IMS via VDAC on the OMM and recycled 

back to ATP by local ATP-hydrolyzing proteins through cytosolic creatine kinases (cCK) (located 

in the cytosol), which phosphorylates ADP to produce the aforementioned ATP using cytosolic 

PCr. As PCr diffuses at a rate several-fold faster than ATP, with the creatine product returning to 

mitochondria ~2000-fold faster than ADP, this fast ‘high-energy phosphate shuttling’ mechanism 

may be advantageous to maintaining energy homeostasis in cells that can experience very high 

rates of demand for ATP, such as the heart [271–273]. It is estimated that approximately 80% of 

energy transfer in cardiac muscle occurs through creatine-dependent high-energy phosphate 

shuttling through CK isozymes [274] (Figure 2-7). It is important to note that despite the efficiency 

of this creatine-dependent pathway, in the absence of creatine (and accordingly mtCK), ADP and 

ATP can still freely diffuse through ANT and VDAC located on the IMM and OMM, respectively, 

albeit at a much slower rate than the creatine-dependent system.  

2.7.3.3. Mitochondrial Creatine-Dependent Phosphate Shuttling in DMD 

One study found that this faster creatine-dependent phosphate shuttling mechanism was 

more attenuated than the direct ATP export system when assessed with respirometry in 

permeabilized muscle fibers from the LV of 4-week-old D2.mdx mice [247], which has also been 

reported in skeletal muscle [248,275]. Such “creatine insensitivity” occurring early in the disease 

was suggested to be a potential unique mechanism preceding the eventual development of 

cardiomyopathy. 
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Figure 2-7. Energy transfer systems between the mitochondrion and cytosol in the presence and absence 

of creatine. On the left side of the image, in the absence of creatine, ADP/ATP transfer from the 

mitochondrion to cytosol occurs through diffusion across adenine nucleotide translocase (ANT) on the inner 

mitochondrial membrane (IMM) and voltage-dependent anion channel (VDAC) on the outer mitochondrial 

membrane (OMM). It is thought that only approximately 20% of energy transfer occurs through this process 

in cardiac muscle. On the right side of the image, ADP/ATP transfer occurs through the joint efforts of 

mitochondrial creatine kinase (mtCK) located in the intermembrane space (IMS) and cytosolic creatine 

kinase (cCK) located in the cytosol. mtCK facilitates the transfer of a phosphate group from ATP to creatine 

(Cr), thus producing phosphocreatine (PCr) and ADP. While PCr is exported to the cytosol via VDAC to 

reform ATP, ADP is recycled back into the matrix to restart the cycle via ANT. This process is thought to 

contribute up to 80% of energy transfer in cardiac muscle. ANT – adenine nucleotide translocase; VDAC – 

voltage-dependent anion channel; ATP – adenosine triphosphate; ADP – adenosine diphosphate; Pi – 

inorganic phosphate; mtCK – mitochondrial creatine kinase; cytosolic creatine kinase (cCK). Figure created 

using www.BioRender.com. 
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2.7.3.4. Substrate Catabolism in DMD 

Additional work is required to address the fates of glucose and other substrates being 

utilized in dystrophic cardiac tissue. When assessing new therapeutic avenues, careful 

consideration should be given to designing experiments that consider the role of mitochondrial 

oxidative phosphorylation as part of an integrated perspective on substrate fates [30]. 

A variety of other metabolic changes occur in the dystrophic heart. For example, a shift in 

metabolism from fatty acid to carbohydrate oxidation was observed in vivo in C57BL/10.mdx 

hearts prior to cardiomyopathy, suggesting that altered mitochondrial metabolism is one of the first 

metabolic changes to occur [276]. In ex vivo perfused C57BL/10.mdx hearts, a shift in substrate 

selection from long chain fatty acids (LCFA) to carbohydrate (glucose) oxidation in 

C57BL/10.mdx hearts was demonstrated by a ~30% lower oleate flux ratio, ~120% higher 

pyruvate decarboxylation flux ratio, and ~80% increased glycolysis rate [276]. This shift is 

supported by evidence from cardiac positron emission tomography (PET) studies in DMD patients 

using 18F-deoxyglucose or a radioiodinated branched fatty acid [277–280]. On the note of 

carbohydrate oxidation, glucose transporter type 4 (GLUT4) is the main transporter of glucose in 

cardiomyocytes [281,282] and glucose transport into muscle cells in response to insulin or 

contraction occurs via translocation of GLUT4 from the cytoplasm to the sarcolemma/T-tubules 

[282,283]. GLUT4 was observed to be abnormally localized in the sarcolemmal membrane and a 

trend toward elevated GLUT4 expression was observed in skeletal muscle of GRMD, but not in 

the LV [284]. Primary cardiac insulin resistance was also observed in the LV of GRMD [285]. 

Together, this data suggests that glucose/carbohydrate metabolism can potentially be used as a 

preclinical biomarker of the dystrophic phenotype in skeletal muscle of GRMD dogs, but whether 

this can be implemented in cardiac tissue remains to be determined [284]. 
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Interventions that correct the substrate imbalance may lead to improvements or recovery 

of the cardiac contractile dysfunction (reviewed in [286]). Improved contractile performance was 

observed in C57BL/10.mdx hearts perfused with multiple substrates, including carbohydrates 

(glucose, lactate, and pyruvate) and a LCFA (oleate), in comparison to C57BL/10.mdx hearts with 

glucose as the sole substrate [81,287]. Another potential explanation for substrate shift is the p38 

mitogen-activated protein kinase (MAPK) pathway, which is involved through the nuclear receptor 

peroxisome proliferator-activated receptor (PPARα), a transcriptional regulator of fatty acid 

oxidation enzyme expression [276]. A 2-fold decrease in p38 MAPK phosphorylation may account 

for the decrease in LCFA oxidation observed in the C57BL/10.mdx heart [81]. This emphasizes 

the importance of increased and balanced substrate supply to maintain adequate cellular energy in 

the C57BL/10.mdx heart. 

It is also possible that certain metabolic stress responses are compensatory in nature. For 

instance, a shift from fat to carbohydrate oxidation could be beneficial given carbohydrate 

oxidation produces more adenosine triphosphate (ATP) for a given amount of oxygen consumption 

[288,289]. However, in DMD, competition for glucose, fatty acids, and proteins may exist for uses 

unrelated to bioenergetics, such as for membrane repair, as reviewed elsewhere [30]. For example, 

the degree to which dystrophic muscles downregulate mitochondrial oxidative phosphorylation to 

favor non-ATP related uses of glucose or fatty acids for structural roles as never been addressed. 

Such metabolic reprogramming occurs in other models, such as cancer [290], and represents a new 

avenue for research in DMD. Interestingly, greater levels of fatty acid biosynthesis enzymes that 

convert fatty acid constituents to acetyl-CoA for the tricarboxylic (TCA) cycle were observed in 

skeletal muscle from people with DMD [291]. Despite this finding, decreases in TCA pool size 

and lower aconitase activity were found in C57BL/10.mdx hearts [276,292] which could limit 
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oxidative phosphorylation. Likewise, lower mitochondrial respiratory sensitivity to ADP, reduced 

mitochondrial creatine metabolism, and attenuated complex I activity were reported in LV of 4-

week-old D2.mdx mice [247]. Some of these metabolic changes [247,276,292] preceded the 

development of overt cardiac dysfunction, suggesting metabolic stress could be an initial event in 

the disease. 

The relationship of such mitochondrial reprogramming and/or deficiencies to impaired 

nitric oxide (NO)/cyclic guanosine monophosphate (cGMP) signaling is relatively understudied in 

DMD, but several reports supporting continued investigation in this area are warranted. NO/cGMP 

is believed to regulate nuclear gene expression supporting mitochondrial biogenesis [293]. 

Increased expression of the atrial natriuretic factor (anf) gene, an activator of the NO/cGMP 

signaling pathway and marker of cardiac remodeling, was observed in C57BL/10.mdx hearts at 

10–12 weeks of age [276]. Increased levels of the alpha unit of soluble guanylate cyclase (sgcα1) 

gene were observed in hearts of 25-week-old mice, a gene which typically negatively correlates 

with NO/cGMP [294]. These results suggest that an increase in anf expression may compensate 

for a defective NO/cGMP pathway in young mice, but this adaptive mechanism appears to 

diminish with age [276,294]. However, despite lower nNOS protein content, a study examining 

skeletal muscle in C57BL/10.mdx reported that nitrate supplementation (an approach used to 

increase NO) did not rescue mitochondrial oxidative phosphorylation, increased mitochondrial 

peroxynitrite, and promoted muscle damage [295]. Future research could consider whether nitrate 

supplementation is not effective in mdx mice given NO signaling is highly compartmentalized 

within cells while supplementation cannot mimic this compartmentalized delivery of NO and 

activation of specific signaling pathways [296]. Collectively, these data suggest that a defect in the 

NO/cGMP signaling pathway potentially contributes to the metabolic abnormalities in the 
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dystrophic heart [81,276] but negative effects of nitrate supplementation in skeletal muscle of mdx 

mice identify an incomplete understanding of this pathway’s role in contributing to mitochondrial 

dysfunction in DMD. 

Collectively, the regulation of mitochondrial substrate oxidation is altered in the heart 

during DMD. However, the degree to which such stress responses contribute to cardiomyopathy 

or serve as an intentional reprogramming to permit alternative fates of glucose or fatty acid 

substrates requires considerable attention given the latter possibility has rarely been considered 

(proposed in [30]). 

2.7.4. Reactive Oxygen Species (ROS) and Mitochondrial Hydrogen Peroxide (H2O2) 

Mitochondria are an important source of ROS emissions that govern oxidative stress 

cascades and are actively involved in redox signaling pathways which oversee both physiological 

and pathological processes. The major form of ROS generated within mitochondria is the highly 

reactive superoxide (O2
•-) radical, which is produced by premature electron slip (prior to complex 

IV; typically at complex I or III) that leads to one-electron reduction of O2 (the final electron 

acceptor in the ETC located at complex IV) [297] (Figure 2-8). In healthy mitochondria, O2
•- is 

rapidly dismutated to H2O2 (a reaction catalyzed by manganese superoxide dismutase (MnSOD)), 

which is then converted to the harmless H2O molecule by mitochondrial catalase (Figure 2-8). In 

pathological states, endogenous mitochondrial antioxidant systems that work alongside MnSOD 

and catalase (such as glutathione peroxidase, peroxiredoxin/thioredoxin, etc.) can be impaired, 

resulting in elevated reactive oxidant and/or free radical generation and export out of the 

mitochondria with an attenuated ability of these reactive molecules to be scavenged.  

 There are several factors that can precipitate mitochondrial O2
•- generation. If 

mitochondria are not generating ATP and therefore have a high proton motive force, the chance of 



53 
 

premature electron slip is higher because electrons are not being rapidly transferred towards 

complex IV to produce H2O and minimal amounts of O2
•- [297]. Likewise, this same fate is possible 

when the NADH/NAD+ ratio is high in the mitochondrial matrix due to the buildup of electrons 

within the complexes. Interestingly, if ADP and Pi are absent, ATP synthesis will be blunted, 

however, reducing equivalents such as NADH and FADH2 can still be oxidized without being 

coupled to ATP generation, thus leading to a buildup of the proton motive force and a reduction of 

coenzyme Q due to electron back pressure within the complexes [298,299]. This is another 

scenario in which premature electron slip can occur, resulting in elevated O2
•- generation. 

Mitochondria that are actively generating ATP have lower proton motive forces and a lower 

NADH/NAD+ ratio, thus ensuring electrons flow efficiently through the complexes with a lower 

risk of premature slip [297]. 
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Figure 2-8. Schematic representation of forward and reverse electron transfer-mediated 

mitochondrial reactive oxygen species (ROS) production within the electron transport chain (ETC). 

The reducing equivalents NADH and FADH2 supply electrons to complex I and II, respectively, which 

then transfer electrons sequentially through the remaining complexes and intermediate electron 

carriers in a series of redox reactions to generate free energy (ATP). Premature electron slip during 

forward electron transfer (FET) can occur at complex I and III, while complex II is a well-known site 

of ROS production during reverse electron transfer (RET) – both of which can contribute to oxidative 

stress if unregulated. The superoxide anion (O2
•-) is a highly reactive free radical formed in the 

mitochondrion that is dismutated to the less reactive, albeit still detrimental H2O2 molecule by 

MnSOD. It should be noted that complex I, II, and III are among 11 distinct sites in the mitochondrion 

where premature electron slip to oxygen can produce O2
•- and/or H2O2 [595]. MnSOD – manganese 

superoxide dismutase; mH2O2 – mitochondrial hydrogen peroxide; O2
•- -superoxide anion; NADH – 

nicotinamide adenine dinucleotide; FADH2 – flavin adenine dinucleotide; H+ - hydrogen ion; e- - 

electron; ATP – adenosine triphosphate; ADP – adenosine diphosphate; Pi – inorganic phosphate; ETF 

– electron transfer flavoprotein; TCA – tricarboxylic acid; βOX – beta oxidation. Figure created using 

www.BioRender.com. 
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2.7.4.1. Mitochondrial ROS in DMD 

Many studies measuring ROS in mdx models used relatively non-specific fluorophores that 

do not permit definitive conclusions regarding the precise subcellular origin or type of ROS 

assessed [30]. In this regard, very few studies have used methodologies that isolated the source of 

ROS from mitochondria or other sources. 

Increased pyruvate-stimulated, complex I-supported mH2O2 was observed during 

attenuated oxidative phosphorylation in permeabilized LV cardiac muscle fibres of dystrophin-

deficient mice due to a reduced ability of ADP to suppress mH2O2, as normally occurs during 

oxidative phosphorylation [239]. As creatine normally accelerates mitochondrial ADP/ATP 

cycling [271], and has been shown to enhance ADP’s ability to attenuate mH2O2 [300], the 

additional finding that mitochondrial ADP attenuation of mH2O2 was no longer sensitive in 

D2.mdx LV fibres suggests that mtCK may represent a unique mechanism of mitochondrial 

dysfunction in dystrophin deficient hearts [247]. The precise mechanisms by which this elevation 

in mH2O2/O2 may contribute to cardiac dysfunction remains unknown, particularly given there 

were no changes in the glutathione equilibrium [247] or the ability of mitochondria to scavenge 

H2O2 in C57BL/10.mdx hearts [82], but such elevations in mH2O2/O2 occurred during a time of 

apparent cardiac compensations as mice showed slight elevations in ejection fraction albeit before 

overt cardiac dysfunction [247]. 

Similar observations were made in isolated mitochondria from mixed hearts (rather than a 

specific chamber) in the C57BL/10.mdx mouse also at 4 weeks of age [228] as well as skeletal 

muscle of D2.mdx mice [54,248,275]. While various antioxidants that do not target mitochondria 

per se have been tested in C57BL/10.mdx mice for their potential cardioprotective properties, and 

have demonstrated discordant results [301], to our knowledge, there are no studies assessing the 
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effects of mitochondrial-targeted antioxidants on mitochondrial bioenergetics and cardiac function 

in mdx models. 

The precise signaling mechanisms downstream of mH2O2 that may mediate cardiac 

dysfunction in dystrophin deficient hearts have not been explored extensively in mdx mice or DMD 

patients. Understanding how mitochondrial-derived ROS contributes to cardiac dysfunction with 

consideration of ROS-sensitive targets mediating cell membrane injury, metabolic dysfunction, 

calcium dysregulation, and cardiomyocyte degeneration could guide the development of ROS-

specific targeted therapies. 

The superoxide-generating enzyme Nicotinamide Adenine Dinucleotide Phosphate 

(NADPH) is a major source of non-mitochondrial ROS in skeletal and cardiac muscle [302,303], 

especially during mechanical stress and at early stages of disease progression [83,227]. NOX2-

mediated ROS generation is significantly increased in C57BL/10.mdx hearts [28,302–304] 

(Figure 2-6), which has been attributed to altered microtubule association with NOX2 [304,305]. 

Inhibiting NOX2-derived ROS [306,307] or using the non-specific ROS scavenger N-

acetylcysteine (NAC) [28,302] restored calcium homeostasis in dystrophin-deficient muscle. 

NOX2 inhibition with the drug apocynin improved single sarcomeric shortening in isolated 

cardiomyocytes [303] while NAC improved fractional shortening [28]. However, the therapeutic 

potential of NAC is uncertain given it also reduces muscle weights in C57BL/10.mdx mice [308] 

although the degree to which this occurred because of attenuated superoxide is not clear. 

2.7.5. Altered Mitochondrial Autophagy (Mitophagy) 

In healthy tissue, defective mitochondria can be removed through mitochondrial 

autophagy, also known as mitophagy, in a process intended to uphold quality control of the healthy 

mitochondrial pool. This process mitigates damage that may be caused by dysfunctional 
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mitochondria [309] to maintain energy metabolism stability [310,311]. Mitophagy is regulated by 

PTEN-induced kinase 1 (PINK1) and Parkinson juvenile disease protein 2, (PARKIN) (reviewed 

in [275]). In a damaged mitochondrion, PINK1 is not degraded and is able to phosphorylate 

mitofusin 2 (Mfn2), which subsequently signals PARKIN to tag the mitochondria for degradation 

[309,312]. 

2.7.5.1. Mitophagy in DMD 

Important mitophagy-related genes, including PINK1, PARK2, and BNIP3 were decreased 

in DMD patients (dystrophic quadriceps) and dystrophin-deficient rodent models (12-month-old 

C57BL/10.mdx mice) [312,313]. One study showed a relationship between increased mitophagy 

and improved diaphragm force and histopathology, as well as reduced mPT, when activating 

AMPK with AICAR [314], but further research is required to develop mitophagy-specific 

therapeutics given AMPK regulates other processes that could contribute to the improved 

phenotype. Collectively, further research is required to elucidate if PINK/PARKIN pathways 

represent potential therapeutic targets in the dystrophic heart.  

Given that loss of PINK1 increases the vulnerability of the heart to IR-injury, it appears to 

possess some cardioprotective properties [312]. Other common markers of mitophagy include light 

chain 3 (LC3) which is involved in the formation of mature autophagosomes, as well as the PINK1-

PARKIN-adaptor protein sequestosome 1 (SQSTM1, p62), both of which are elevated in the hearts 

of 22-week-old C57BL/10.mdx, however, further data is required to elucidate chamber-specific 

and time-course progression of this elevated mitophagic response [315]. This study revealed that 

the co-localization of LC3 dots with fragmented mitochondria was significantly increased in hearts 

of 22-week-old C57BL/10.mdx mice compared to healthy controls, indicating that the elimination 

of damaged mitochondria via mitophagy was impaired and subsequent accumulation of damaged 



58 
 

mitochondria persisted. Other studies in skeletal muscle from C57BL/10.mdx mice and DMD 

patients demonstrated significantly reduced levels of autophagy [316], suggesting that the 

suppression of autophagy may be muscle-type dependent. Further, mitophagy is a dynamic process 

and therefore, changes to protein content and gene expression of common mitophagic markers 

may not always be proportional to mitophagic activity and/or flux. It is essential to understand 

phenotype severity, muscle-type, and age when considering mitophagy as a therapeutic target. 

Most of the research to date investigating the role of mitophagy in dystrophin deficient models has 

been conducted in skeletal muscle, thus, advancements in cardiac muscle remain to be addressed. 

2.7.6. Altered Mitochondrial Content and Structure in DMD 

iPSC-cardiomyocytes from DMD patients possess increased mitochondria with abnormal 

morphologies [268]. Degeneration of mitochondrial structure (swelling and loss of cristae) has 

been identified in dystrophic cardiomyocytes from hearts of 1-month-old and 3–4-month-old mdx 

mice prior to disease onset [227]. Furthermore, a significant increase in structurally abnormal 

mitochondria were observed in hearts of 12-month and older C57BL/10.mdx mice after developing 

DCM [312] which has also been reported as early as 4 weeks of age in this model [228]. Various 

mitochondrial proteins contents have been assessed in mdx mouse models with divergent responses 

observed depending on the pathway, age and model suggesting that altered control of oxidative 

phosphorylation could occur through post-translational modifications that have yet to be fully 

identified, and that compensations in the content of certain pathways may occurs [30,82,247]. 
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2.8. Mitochondria as a Potential Therapeutic Target for DMD-induced Cardiomyopathy 

2.8.1. Mitochondrial Calcium Overload 

Given mitochondrial dysfunctions are thought to arise, in part, by elevated calcium uptake, 

preventing mitochondrial dysfunction could be achieved by improving cytoplasmic handling itself. 

For example, due to the hypersensitivity to excitation-contraction coupling in cardiomyopathy of 

DMD patients, targeting RyR2 may offer therapeutic benefit. PKA phosphorylation of RyR2 

appears to contribute to increased calcium release from the SR, and therefore, PKA could be a 

potential therapeutic target. In dystrophic mice, inhibition of PKA-mediated phosphorylation of 

RyR2 reduced SR calcium leak and in turn prevented cardiomyopathy [317]. Oxidative stress can 

lead to the nitrosylation of RyR2 and subsequent disassociation of calstabin2 from RyR2, 

increasing SR calcium leak [218]. Treatment of C57BL/10.mdx mice with either NAC to inhibit 

RyR2 nitrosylation, or the RyR2 stabilizer Rycal, prevented depletion of calstabin2 and subsequent 

SR calcium leak, aberrant depolarization in cardiomyocytes, and arrhythmias [218].   

The stretch-sensitive channel TRPV2 is another calcium channel target to consider, as 

increased TRPV2 has been documented in the cytoplasmic membrane of mdx cardiac and skeletal 

cells and the sarcolemmal membrane of DMD patients [318]. Treatment of DMD patients with the 

antiallergy drug Tranilast, which has anti-TRPV2 activity, resulted in reduction of heart failure 

biomarkers [319]. 

Enhancing SR calcium uptake through overexpression of SERCA or targeting its inhibitors 

can be considered in restoring calcium homeostasis. In C57BL/10.mdx mice 12 months of age, 

administration of AVV9-SERCA2a gene therapy significantly improved cardiac electrophysiology 

[320], whereas in 3-month-old mdx mice a similar therapy ameliorated DCM for at least 18 months 

[321]. Decreasing sarcolipin expression in mdx mice restored cardiac SERCA function and calcium 

cycling, thus preventing cardiomyopathy. Decreased LV internal diameter in diastole as well as 
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decreased fibrotic and necrotic tissue likely contributed to the improved cardiac function [221]. 

While targeting sarcolipin may be a promising approach, cardiac function worsened in 

phospholamban (PLN) knockout C57BL/10.mdx mice [322]. As described previously, frequent PT 

activity may contribute to calcium-dependent mitochondrial dysfunction and therefore, prevention 

of this opening could be beneficial. As discussed previously, inhibition of a key regulator of mPTP, 

cyclophilin, may impede opening of the pore and subsequent mitochondrial dysfunction [250,252]. 

2.8.2. Targeting Cellular/Mitochondrial Antioxidant Systems 

Since cardiac mH2O2 is elevated early in DMD [228,247], mitochondrial-targeted 

antioxidant therapies could provide therapeutic benefit in DMD patients. Several general 

antioxidants, including MitoQ and SkQ1, are conjugated with the lipophilic cation 

triphenylphosphonin (TTP) to target the mitochondria [323]. The small ‘SS’ peptides are cell 

permeable agents that bind to cardiolipin on the IMM and can preserve oxidative phosphorylation, 

attenuate mH2O2, and prevent oxidative damage [324–326]. Furthermore, SS peptides can inhibit 

the dissociation of cytochrome c from cardiolipin, hindering the activation of cell death pathways 

[327]. To our knowledge, no publication has investigated the effects of any mitochondrial-ROS 

lowering compound in models of DMD. 

2.8.3. Cardiolipin and Membrane Stability 

Cardiolipin, a phospholipid enriched with unsaturated fatty acids located in the IMM, is 

essential to maintain mitochondrial structure and function. Through its binding to key modulators 

of energy exchange and subsequent proteolipid complex formation, cardiolipin plays a key role in 

mitochondrial bioenergetics [271]. This complex can regulate energy exchange, reduce 

mitochondrial ROS generation, and prevent opening of mPTP [271]. In the presence of oxidative 

stress, cardiolipin and the key regulator mtCK, lose their binding capacity, leading to dissociation 
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of the proteolipid complex [328,329]. Since mH2O2 generation is elevated in dystrophin deficient 

heart [228,247], a cardiolipin targeting agent, such as elamipretide, may be appropriate for 

targeting impaired mitochondrial bioenergetics. Although data on cardiolipin physiology in mdx is 

limited, the altered mitochondrial cristae structure mentioned above serves as a foundation for 

continuing the investigation on cardiolipin in various dystrophic models. 

Albeit not published in a dystrophin-deficient model, SS-31, or elamipretide, is an agent 

that has demonstrated improvements to mitochondrial functions including reduction of 

mitochondrial ROS across several pathologies [330–332]. Elamipretide has also shown evidence 

of direct cardioprotective mechanisms, including the amelioration of apoptosis and fibrosis in 

preclinical models of heart failure [333,334]. 

Idebenone, a synthetic analogue of Coenzyme Q10 with electron-shuttling activity, can alter 

respiratory chain activity [335,336], although this may require very high micromolar doses 

[337,338]. Long-term idebenone therapy improved cardiac diastolic dysfunction, reduced cardiac 

inflammation and fibrosis, improved running performance, and limited mortality from cardiac 

pump failure induced by dobutamine stress testing in vivo in mdx mice [339]. Early clinical trials 

in patients with DMD revealed improved cardiac and respiratory function with idebenone 

treatment [340–342]. Specifically, a trend for increased peak systolic radial strain in the LV was 

seen in these patients [340]. However, no measures of mitochondrial bioenergetics were performed 

to verify that the drug was acting through a mitochondrial mechanism. As reviewed elsewhere, 

idebenone has a variety of effects on other organelles, which may not involve the antioxidant 

properties of the compound [343]. This suggests that the beneficial effects in some studies may 

not be due to alterations in mitochondrial functions despite claims to this effect. These factors 

might be consistent with a subsequent clinical trial in people with DMD that was unsuccessful 



62 
 

(NCT02814019). As such, no study to date has definitively tested the potential of mitochondrial-

targeted therapies on cardiac dysfunction in pre-clinical models of dystrophin deficiency or in 

clinical studies. 

Lastly, the potential for mitochondrial therapies to be combined with the current standard 

of care (glucocorticoids) or emerging gene-based and vector-mediated therapies requires extensive 

research to determine the potential for combinatorial treatments. 

2.9. Adiponectin Receptor Agonists as an Alternative Therapeutic Option 

2.9.1. Cellular and Structural Properties of Adiponectin and Relevance to DMD 

Adiponectin (ApN) and its receptors (which exist as structurally related AdipoR1 and 

AdipoR2 isoforms) have been implicated in a myriad of functions, ranging from regulating cellular 

metabolism to anti-inflammatory effects in both skeletal muscle and cardiac tissue [344–346]. In 

addition to AdipoR1 and AdipoR2, T-cadherin (T-Cad) is another cell surface molecule that has a 

significant affinity for high molecular weight oligomers of ApN [347]. Although T-Cad can bind 

to ApN, its lack of intracellular signaling domain impedes its consideration as an ApN signaling 

receptor [347].  

ApN is a 30-kDa multimeric protein, abundantly secreted by mature adipocytes within 

white adipose tissue (WAT), that consists of a globular C-terminal domain and a collagen-like N-

terminal domain [347–349]. Although the collagenous domain allows ApN to be secreted into the 

bloodstream as three oligomeric complexes, including a low molecular weight (LMW) trimer form 

(67 kDa), middle molecular weight (MMW) hexamer form (140 kDa), and high molecular weight 

(HMW) (300 kDa) form [350], the HMW oligomer in particular elicits insulin-sensitizing and 

cardioprotective properties [351]. While the trimer is formed by hydrophobic interactions in its 

globular heads and is stabilized by non-covalent interactions of the collagen-like domains, the 



63 
 

hexamer and HMW forms of ApN require intermolecular disulfide bond formation between highly 

conserved cysteine residues [351,352]. This is particularly important because several post-

translational modifications, including hydroxylation and glycosylation on conserved lysine 

residues, are vital for the assembly and secretion of HMW ApN [351].  

While ApN is produced by WAT in its full-length (fAd) form, fAd can be 

proteolytically/enzymatically cleaved to the smaller globular (gAd) form by neutrophil elastase 

produced from monocytes or macrophages [353,354]. In addition to secretion by WAT, ApN can 

also be secreted by human and murine liver parenchymal cells [355], skeletal muscle myocytes 

[356], cardiac epithelial cells [357], endothelial cells [358], osteoblasts [348,359], and kidney 

tubular cells [360]. ApN can represent between 0.01 and 0.05% of total plasma protein (~2–20 

μg/mL range) in humans, thus attesting to its abundance in circulation [347,361–363]. Despite 

being a stable protein in plasma, ApN has a relatively short half-life in circulation of only ~45–75 

min in humans and is cleared primarily by the liver [364].  

ApN is an attractive therapeutic candidate for a host of pathologies [365], given that its 

circulating levels have been negatively correlated with cardiovascular disease (CVD), cancer, and 

metabolic syndrome, while high circulating concentrations have been correlated with healthy 

physiological systems. 

Although the mechanisms by which ApN contributes to improvements in cardiac pathology 

are multifactorial and generally implicate AMPK and cyclooxygenase-2 (COX2) signaling [366], 

limited data are available on the intersection between ApN, cardiac function, and DMD. This gap 

in knowledge represents an avenue for future research, where additional work is encouraged to 

explore the role of ApN on cardiac electrophysiology, alterations to echocardiographic parameters, 
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fibrosis, Ca2+ transients, and inflammation as common diagnostic indicators of DMD-induced 

cardiac remodeling.  

ApN has long been recognized for its propensity to shift macrophage polarization toward 

an M2 anti-inflammatory phenotype, at least in murine peritoneal cavity and adipose tissue [367]. 

Of note, ApN induces the production of the anti-inflammatory cytokine IL-10 while also 

suppressing the growth and proliferation of bone marrow-derived macrophage progenitors in 

human leukocytes [347,368,369]. While macrophages from ApN-null mice demonstrate an M1 

pro-inflammatory phenotype by releasing higher levels of tumor necrosis factor (TNF-α), 

monocyte chemoattractant protein (MCP-1), and IL-6 compared to WT mice, the elevations to 

these cytokines is reversed by exogenous recombinant ApN administration [367]. Accordingly, 

while ApN is able to suppress differentiation and classical activation of M1-like pro-inflammatory 

macrophages, it is also able to promote M2-like ‘alternatively-activated’ anti-inflammatory 

macrophage proliferation and expression of cytokines like IL-10, and the M2 macrophage markers 

Arg-1and Mgl-1 [367,368,370–372] (Figure 2-9). To date, little is known about the role of ApN 

in regulating T cell and neutrophil function. Although previous studies have demonstrated that 

AdipoR1 receptors are expressed in murine Tregs [373], the mechanism through which this 

relationship confers anti-inflammatory effects requires further insight. 

2.9.2. Synthetic Adiponectin Receptor Agonists 

The discovery and design of AdipoR agonists that activate downstream signaling cascades 

have attracted great effort, given that it is difficult and expensive to produce biologically active 

recombinant ApN with an optimized dosage and route of administration for pre-clinical or clinical 

use [365] due to its large multimeric size and requirement for extensive post-translational 
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modifications [374]. Several molecules that activate AdipoR have been developed and explored in 

a variety of conditions including pre-clinical models of DMD.  

2.9.2.1. AdipoRon 

AdipoRon is a synthetic small-peptide AdipoR agonist that acts via both AdipoR1 and 

AdipoR2 to exert ApN-like effects [375,376]. It is the most studied AdipoR agonist available. 

Given that AdipoRon was the first orally active endogenous AdipoR agonist, many studies have 

been conducted to test its efficacy across different pathologies. Rodent models utilizing AdipoRon 

have determined that it has the ability to ameliorate insulin resistance, diabetes, and inflammation, 

in addition to its antiproliferative properties in various cancer models [376,377]. Subsequent 

studies demonstrated limited potency and specificity, which prompted the development of other 

AdipoR agonists [375,376]. 

2.9.2.2. ALY688 

The 10 amino acid-long peptidomimetic ADP355 was developed following the 

identification of the critical receptor binding domain of ApN. This compound demonstrated high 

specificity for both receptor isoforms, was modified to be more resistant to proteolytic degradation, 

and demonstrated greater potency than ApN [374,378,379]. Now called ALY688, this small 

peptide was shown to lower inflammation in inflammatory disorders such as dry eye disease and 

reduce fibrosis in the liver [380–382]. Recent work using ALY688 has demonstrated its efficacy 

at increasing basal glucose uptake and enhancing insulin-stimulated glucose uptake in skeletal 

muscle cells while also improving glucose handling when administered to mice on a high-fat, high-

sucrose diet [382]. Additionally, the same group also determined that daily subcutaneous ALY688 

administration to 10–12-week-old C57BL/6 mice subjected to pressure overload attenuated 
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cardiac hypertrophy, cardiac remodeling, fibrosis, and several cytokines consistent with 

inflammation, including IL-6, TLR-4, and IL-1β [383].  

2.9.3. Pre-Clinical Development of Adiponectin-Receptor Agonists for DMD 

Boys with DMD have lower serum ApN concentrations [384], as do male mdx mice [385]. 

As such, several investigations have explored the potential of AdipoR signaling to prevent 

inflammation, metabolic dysfunction, and fibrosis in pre-clinical models of DMD.  

Using C57BL/10.mdx mice, overexpression of ApN improved whole-body measures of 

muscle function, including grip strength, wire test, and treadmill activity, while reducing muscle 

damage and markers of inflammation [386]. AdipoRon treatment in this same model of DMD 

reduced inflammatory markers and muscle damage in skeletal muscle, stimulated markers of 

regeneration, lowered general marks of oxidative stress, and improved similar whole-body tests of 

muscle function [387]. This foundational work provides novel evidence to suggest that ApN 

signaling can beneficially influence whole-body indices of dystrophin deficiency-induced damage. 

Specifically, the work demonstrates a relationship between both genetically and pharmacologically 

elevated ApN in C57BL/10.mdx mice and attenuations of the dystrophic phenotype. These findings 

are important because they position ApN as a prospective therapeutic target and potential 

biomarker to aid in addressing DMD-induced cardiac remodeling (Figure 2-9). 

Two recent studies explored the potential for ALY688 to modify the disease process in 

mouse models of DMD. In one study, daily subcutaneous administration of ALY688 for 2 months 

beginning at 4 weeks of age in C57BL/10.mdx mice improved treadmill activity, wire test, and grip 

strength while lowering tibialis anterior necrosis and fibrosis [344]. Reductions in IL-1β and 

TNFα, the M1-type macrophage marker CD68+, as well as the lipid peroxidation product 4-HNE 

(4-Hydroxynonenal) were reduced in the limb muscle gastrocnemius. ALY688 treatment increased 
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the expression of muscle differentiation and maturation factors and enhanced the myogenic 

program, leading to partial increases in revertant dystrophin-expressing fibers in the quadriceps. 

mRNA levels of Mrf4, a marker of late muscle differentiation, was halved in C57BL/10.mdx mice 

and partially restored with ALY688 as were other regeneration markers (Figure 2-9). ALY688 also 

lowered fibrosis in quadriceps and the fibrotic regulators TGFβ and p-SMAD2 while activating 

adenosine monophosphate kinase (AMPK), which has been shown to mediate AdipoR-mediated 

reductions in inflammation and fibrosis and stimulate both glucose and fatty acid oxidation [388–

390] (Figure 2-9). Incubation of myotubes derived from DMD patients with ALY688 lowered IL-

1β and TNFα and increased the expression of utrophin, a dystrophin homolog—the latter also 

being increased in the treated C57BL/10.mdx tibialis anterior muscle. As discussed by the authors 

[344], the collective results suggest a possible role for ALY688 in lowering inflammation and 

fibrosis through AMPK activation, given that this mechanism was previously demonstrated in 

C57BL/10.mdx mice [391].  

In a second study, ALY688 was injected daily into D2.mdx mice—a more severe model of 

DMD than the C57BL10.mdx model—beginning at day 7 of age up to day 28 of age in order to 

determine the early effects of AdipoR agonism on muscle remodeling [392]. In the diaphragm, 

treatment reduced fibrosis in relation to lower IL-6 mRNA but increased IL-6 and TGFβ protein 

contents. ALY688 lowered mitochondrial complex I-stimulated H2O2 (a form of reactive oxygen 

species; ROS) without restoring pyruvate oxidation (a marker of glucose oxidation) that was 

shown to be lower in untreated D2.mdx mice assessed with high-resolution respirometry in vitro. 

Treatment lowered diaphragm force production assessed in vitro while quadriceps were not 

affected and remained lower compared to WT mice. Serum CK—a marker of sarcolemmal 

damage—was decreased by high doses of ALY688 and increased with low doses, while grip 
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strength, cage hang time, and voluntary wheel running were unaffected by treatment. No changes 

in AMPK phosphorylation were observed but it was noted that future studies could consider 

whether the signaling effects are rapid and transient and would be captured by assessing tissues 

shortly after the last drug injection. The early prevention of diaphragm fibrosis and markers of 

muscle damage at high doses of treatment in these 4-week-old mice suggests future studies could 

examine longer-term treatment into adulthood when complex muscle development during 

adolescence is complete.  

A separate study (using a parallel study design) assessed the effects of daily ALY688 

treatment on indices of recognition memory in D2.mdx mice [393]. Interestingly, ALY688 

prevented impairments in recognition memory in D2.mdx mice, indicated by a lower 

discrimination index in the novel objection recognition test. Furthermore, decreased hippocampal 

mitochondrial pyruvate-supported respiration was also prevented by ALY688. Lastly, ALY688 

completely prevented increases in protein contents of the neurofibrillary tangles marker total Tau, 

as well as protein contents of the upstream marker of tangles and autophagy, total Raptor. Together, 

the results indicate that ApN agonism improves recognition memory in D2.mdx mice through 

mechanisms that are not yet fully elucidated.  
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Collectively, ALY688 demonstrates contrasting effects on inflammatory cascades that may 

be dependent on the age of assessments, the mouse model employed, the duration of treatment, or 

the muscles selected for analyses. While no studies of ApN/AdipoR agonists have been performed 

in humans, some work has assessed the effects of ApN on human DMD-derived myotubes separate 

from the lower IL-1β and TNFα responses to ALY688 treatments discussed above [344]. 

Specifically, ApN incubations reduced several pro-inflammatory cytokines, including TNFα, IL-

17A, and CCL28 [388], while also decreasing the NLRP3 inflammasome [394]. ApN treatment in 

human DMD-derived myotubes increases IL-6 [388], similar to the findings of ALY688 treatment 

Figure 2-9. Mechanisms linking adiponectin receptor agonism to improved myogenic and fibrotic profile 

of striated muscle from dystrophin deficient mice. Dystrophic mice exhibit low circulating adiponectin 

levels [386], therefore, improving these levels with exogenous adiponectin receptor agonism may improve 

the myogenic profile of skeletal muscle by upregulating Mrf4, Myh7, and Myogenin while simultaneously 

attenuating fibrosis by downregulating TGFβ-SMAD2/3, Collagen Type I, and Collagen Type II [344]. 

Check mark denotes data previously published in mdx. Moreover, adiponectin agonists may also shift the 

pro-inflammatory macrophage polarization in dystrophic skeletal muscle [388] towards the anti-

inflammatory polarization, characterized by elevations in IL-10, Arg-1, and Mgl-1, although this has yet to 

be proven in mdx mice (denoted by question mark) [367,368,371,372]. ApN-A – Adiponectin agonist. 

Figure has been published in Biomedicines. Figure created using www.BioRender.com. 
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in young D2.mdx mice discussed above [392], but in contrast to the effects seen with longer 

treatments and later ages in C57BL10.mdx mice [344]. The repression of NLRP3 is notable given 

that mdx/NLRP3-KO cross-bred mice reverse the increases in caspase-1 activity and contents of 

the pro-inflammatory cytokines IL-1β, IL-18, and TNFα seen in C57BL/10.mdx controls [394]. It 

should be noted that the effects of adiponectin receptor agonism on the dystrophic heart in mdx 

has never been explored. 

 

Figure 2-10. Theoretical model outlining the current known mitochondrial, histopathological, and 

inflammatory profile of the dystrophin deficient LV in mdx mice aged 4-weeks. While previous research 

has elucidated several noteworthy molecular signatures underpinning the dystrophin deficient LV of young 

mdx mice, comprehensive chamber-specific data is sparse and reflects a significant gap in knowledge for 

clinical therapy development. As demonstrated in the schematic above, atrial and right ventricular data is 

notably limited at 4-weeks and may lend insight towards the complex and atypical progression of 

cardiomyopathy in DMD. Figure created using www.BioRender.com. 
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3 OBJECTIVES AND HYPOTHESES 

3.1. Overview of Thesis 

While there are several unique ‘stress paradigms’ in which cardiac mitochondria and 

inflammation have demonstrated involvement, the nature of why mitochondrial reprogramming 

and inflammation occurs across these diverse conditions with unrelated underlying etiology 

remains unclear. In this regard, the focus of this thesis is to examine myofiber mitochondrial 

stress response relationships to systemic and tissue-specific inflammation in two distinct models 

of cardiac remodeling, including in dystrophin deficient mice (Duchenne muscular dystrophy; 

DMD) and elective coronary artery bypass graft (CABG) surgery in humans. The first part of 

this thesis will focus on DMD, while the second part will focus on on-pump CABG in humans. 

There are two underlying goals of Study 1 (Chapter 4) (DMD):  

1) to comprehensively explore the contributions of mitochondrial stress response pathways and 

shifts in inflammatory macrophage sub-populations to chamber-specific dystrophin deficiency-

induced histopathological cardiac remodeling in a young mouse model of DMD (D2.mdx mice). 

2) to determine if daily administration of a novel adiponectin receptor agonist in D2.mdx mice 

influences indices of chamber-specific histopathological cardiac remodeling through 

mitochondrial or inflammation-mediated mechanisms. 

3.2. Objectives and Hypotheses for Study 1 (Chapter 4) (DMD) 

The current standards of care for DMD - glucocorticoid administration and gene-editing 

therapies - provide promise for patients, however, they can often be overshadowed by unwanted 

side effects and lack of applicability to the full spectrum of mutations that cause this debilitating 

disease. Moreover, the effects of these therapies on the dystrophic heart have yielded variable 

results. Cardiomyopathy - which is the leading cause of premature death among DMD patients - 
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remains relatively understudied compared to the skeletal (locomotor and respiratory) 

impairments that impact this patient population. While it has been established previously in our 

lab that mitochondrial stress responses - including impairments to bioenergetics - precede overt 

dystrophin deficiency-induced left ventricular dysfunction and histopathological remodeling in 

young D2.mdx mice, the current literature on the remaining chambers of the heart is scarce. 

Furthermore, all four chambers of 4-week-old D2.mdx mice have never been comparatively and 

comprehensively characterized using a combination of methods that assess histopathology, 

inflammation, and mitochondrial stress responses. Therefore, the primary objective of this 

chapter was to understand how the dystrophic hearts of young D2.mdx mice, beyond just the LV, 

are impacted by dystrophin deficiency. The secondary objective of this chapter was to implement 

a therapeutic intervention – specifically daily subcutaneous administration of a novel anti-

inflammatory adiponectin receptor agonist – to determine if this compound represents a viable 

alternative treatment option for addressing secondary contributors to dystrophin deficiency-

induced cardiac remodeling across chambers of the heart.  

Hypotheses for Study 1 (Chapter 4) 

1) 4-week-old D2.mdx mice will demonstrate robust, chamber-specific heterogeneity in 

histopathological cardiac remodeling signatures compared to healthy WT mice 

2) Chamber-specific histopathological remodeling will correspond with elevated pro-

inflammatory macrophage sub-populations and indices of aberrant mitochondrial stress    

3) Daily administration of an adiponectin receptor agonist will improve the 

histopathological phenotype of affected chambers in D2.mdx mice via anti-inflammatory 

and anti-apoptotic mechanisms, while also improving indices of mitochondrial stress 
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4 The novel adiponectin receptor agonist ALY688 completely 

prevents a unique right ventricular fibrosis in the dystrophic 

heart through anti-inflammatory and metabolic-enhancing 

effects 
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Abstract 

Cardiac fibrosis during Duchenne muscular dystrophy arises from cycles of cellular damage and 

inflammation and is often associated with cardiomyocyte hypertrophy and mitochondrial stress. 

Glucocorticoids may slow this pathology, but their numerous side effects underscores an unmet 

need for new therapies. Here, we explored the potential of a novel adiponectin receptor agonist, 

ALY688, with anti-inflammatory and mitochondrial enhancing properties to prevent cardiac 

fibrosis, tissue disorganization, fibre size, inflammation, and mitochondrial stress in both right 

and left sides of the heart during early disease stages of the D2.mdx mouse. To overcome 

considerable limitations in heart sizes, we pooled cardiac chambers by quadrupling the typical 

breeding strategy and discovered that 4-week-old D2.mdx mice are defined by a unique right 

ventricular and left atrial cardiac fibrosis that is absent in the right atrium and left ventricle. 

Moreover, cardiomyocyte hypertrophy was seen in both the right and left ventricle. Short-term 

daily treatment of ALY688 from 7-28 days-of-age completely prevented fibrosis in the right 

ventricle and left atrium and prevented right ventricular hypertrophy. Tissue disorganization 

assessed with H&E stains was present in all chambers except the right atrium which was not 

prevented by ALY688. Using a sophisticated and robust strategy for isolating macrophage sub-

populations, we identified an increase in a specific right ventricular infiltrating pro-inflammatory 

macrophage sub-population, CD11b+CD45+CD64+F4/80+CCR2+, that was prevented by ALY688 

consistent with its anti-fibrotic effects in this chamber. The diseased right ventricle also 

demonstrated reduced mitochondrial oxidation of carbohydrate, fatty acid, and other substrates 

and mitochondrial-linked apoptotic caspase-3 signaling that were all prevented by ALY688. 

These discoveries reveal a unique right ventricular fibrosis linked to distinct inflammatory and 

metabolic signatures in young dystrophin-deficient mice. The tissue preservation effects of 
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ALY688 that are mediated by attenuated infiltrating macrophages and preserved mitochondrial 

metabolism warrant further investigation for therapeutic development in Duchenne muscular 

dystrophy. 
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Introduction 

Duchenne muscular dystrophy (DMD) is a devasting X-linked recessive neuromuscular 

disease with an approximate global birth prevalence of 19.8 per 100,000 live male births [395]. It 

is caused by mutations to the DMD gene, which encodes the subsarcolemmal protein dystrophin 

[34,396,397]. Absence of dystrophin in cardiomyocytes can hinder the cardiac extracellular 

matrix (ECM) from anchoring to the actin and microtubule [58] cytoskeleton networks – a 

process critical in providing stability to the sarcolemmal membrane during contraction-relaxation 

cycles. This can lead to contraction-induced membrane damage that leads to repeated cycles of 

systemic inflammation, necrosis, and fibrosis [398]. Although the hallmark phenotypic 

manifestations of DMD, including locomotor impairments and respiratory failure, contribute to 

dependence on assistive devices, it is the dilated cardiomyopathy (DCM) that determines patient 

lifespan, and remains to be addressed with therapy development. 

Key to the development of DMD-induced DCM - which precedes a loss of contractility 

and ultimately heart failure - is the progressive, unregulated spreading of ventricular fibrosis that 

mediates a gradual enlargement of the ventricular wall [27]. Aberrant cardiac fibrosis 

development is one of several programmes that are initiated in the dystrophic heart after repeated 

injury or damage as a means of preventing additional, more detrimental consequences by 

replacing dead or dying tissue with collagenous scar tissue [35–37]. In addition to aberrant 

cardiac fibrosis development (which occurs when the scar tissue begins to interfere with normal 

physiological processes), cardiac necrosis (degeneration) and cardiomyocyte hypertrophy 

collectively encompass the cellular, molecular, and interstitial changes associated with cardiac 

remodeling in DMD [35,37,399,400]. These indicators of cardiac remodeling, which are usually 

assessed with histopathological and/or immunofluorescent methods (especially in younger 
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dystrophic models where tissue size is limiting), are paramount for identifying early signs of 

cardiac pathology that often precede functional impairments and other symptomatic 

manifestations.   

Current standard of care for DMD primarily relies on immunosuppression via 

glucocorticoid administration to prolong ambulatory function and slow disease progression 

[111]. However, glucocorticoids are often accompanied by deleterious side effects, such as 

attenuated growth, obesity, behavioural disorders, and other detriments [24]. The limited cardio-

protection offered by emerging gene therapies [103] further underscores the remaining unmet 

need to develop additional cardioprotective therapies in DMD. In this regard, adiponectin (ApN)-

based therapies offer a potential new avenue for consideration given ApN has been shown to be 

cardioprotective in other models of cardiovascular dysfunction through pleiotropic functions 

including anti-inflammatory and anti-oxidative stress properties [401,402]. Furthermore, the 

D2.B10-DMDmdx/2J (D2.mdx) mouse model of DMD exhibits decreased plasma ApN levels due 

to reduced secretion by adipose tissue [403]. Additionally, previous work demonstrated that 

transgenic overexpression of ApN in C57BL10.mdx mice improved locomotor activity thus 

suggesting ApN may have therapeutic potential role in DMD [403]. Other beneficial effects of 

ApN on skeletal muscle in C57BL10.mdx mice were observed in models utilizing AdipoRon, 

which is an orally administered synthetic small-molecule (non-peptide) ApN receptor (AdipoR) 

agonist [403]. Given that ApN turns over quickly and ideally should be injected rather than orally 

administered to produce its effects (like most large multimeric peptides), ADP355 was 

pharmacologically developed to overcome these limitations. ADP355, now known as ALY688, is 

a small peptidomimetic of ApN that activates both AdipoR1 and R2 receptors to induce ApN-like 

effects, and has exhibited potent anti-fibrotic phenotypes in liver, kidney, and skin fibrosis 
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models [378]. It is noteworthy that ALY688 has been developed with pharmacokinetics enabling 

once-daily injection (unpublished observation).  

Recent findings demonstrate that ALY688 preserves certain aspects of mitochondrial 

bioenergetics in skeletal muscle [392]. These effects further supports consideration of this 

compound as a therapeutic intervention for the dystrophin deficient heart. This is important given 

that mitochondrial stress response pathways represent a potential contributor to cardiac fibrosis 

development that occurs following a sustained inflammatory response [310]. Indeed, reduced 

mitochondrial pyruvate oxidation and increased mitochondrial reactive oxygen species occurs in 

the left ventricle of D2.mdx at an early age (4-week-old) where fibrosis has yet to manifest [34]. 

Exploring the degree to which adiponectin receptor agonism exerts cardioprotective effects 

through mitochondrial metabolism in addition to anti-inflammatory and anti-oxidative stress 

effects is therefore warranted.  

The development of new therapeutics to treat cardiomyopathy in DMD could be better 

informed by considering chamber-specific responses to this disease. In this light, the first 

purpose of this investigation was to examine the degree to which histopathological 

characteristics develop in all four chambers of the heart in early stages of the disease process in 

D2.mdx mice. The second purpose of the study was to determine the relationship between 

histopathology, inflammation, and mitochondrial metabolism and whether this differed between 

the right and left sides of the heart. The final purpose of this investigation was to determine the 

adiponectin receptor agonist ALY688 prevented fibrosis and other indices of histopathology in 

relation to anti-inflammatory effects and mitochondrial reprogramming. We chose to investigate 

early stages of disease progression by using 4-week-old D2.mdx mice given disease symptoms 

often manifest in young children [404]. Our discoveries uncover right ventricular fibrosis and 
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hypertrophy as an early event in cardiac remodeling that is completely prevented by short-term 

treatment of ALY688 through apparent anti-inflammatory and mitochondrial preservation 

actions.  
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Results 

Fibrosis is dominant in the right ventricle and left atrium in D2.mdx mice and is prevented by ALY688. 

To determine if fibrosis is present at early stages of disease progression, collagen deposition was assessed 

by staining sagittal (four-chamber) cardiac tissue sections with picrosirius red dye.  

Considerable heterogeneity between chambers was noted wherein the RV free wall (epicardial region) and 

LA of D2.mdx-VEH demonstrated increased collagen deposition (7.7-fold and 2-fold increase vs WT, 

respectively), in contrast to an absence of fibrosis in the LV free wall and RA of D2.mdx compared to WT 

(Figure 4-1A, B). Both drug doses significantly prevented collagen deposition along the RV free wall 

(LD, 2-fold decrease vs VEH; HD, 5-fold decrease vs VEH). In the LA, both drug doses significantly 

prevented collagen deposition (LD, 1.6-fold decrease vs VEH; HD; 3-fold decrease vs VEH) (Figure 4-

1A, B).  

D2.mdx-LD mice were excluded from subsequent analyses given that HD was more effective at 

preventing fibrosis in the affected chambers. 
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Figure 4-1. 4-week-old D2.mdx mice exhibit robust, chamber-specific cardiac fibrosis, which is prevented by daily 

ALY688 administration. A) 5 μM thick sagittal sections of cardiac tissue were stained with picrosirius red dye, which 

selectively binds collagen fibres. B) Epicardial RV and LA of D2.mdx-VEH exhibit increased collagen deposition compared to 

WT. ALY688 administration prevents collagen deposition along epicardial RV and LA in D2.mdx-LD and D2.mdx-HD. Images 

were taken with EVOS M7000 Imaging System at 4x magnification. Dark red segments denote collagen. Results represent 

mean ± SD; n=6-10. Scale bars are 1 mm. All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc 

analyses. *p<0.05 denotes significance. WT = Wildtype mouse; D2.mdx-VEH = vehicle (saline)-treated mdx; D2.mdx-HD = 

high dose (ALY688)-treated mdx; RA = right atrium; LA = left atrium; RV = right ventricle; LV = left ventricle. 
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Right ventricular cardiomyocyte hypertrophy is prevented by ALY688, while myocardial 

disorganization occurs in a chamber-specific manner in D2.mdx mice. 

D2.mdx-VEH demonstrated larger cardiomyocyte diameter in both ventricles’ vs WT (RV, 16% 

larger; LV, 15% larger) assessed by average Minimal Feret Diameter indicating that 

cardiomyocyte hypertrophy may occur early in this model. D2.mdx-HD exhibited a complete 

prevention of this hypertrophy in RV (HD, 14% smaller vs VEH) while MFD remained 

unchanged in the LV (Figure 4-2A). When assessing morphometrics between groups from hearts 

collected over two phases, WT heart weights were significantly larger than both D2.mdx groups 

(VEH, 12% smaller than WT; HD, 14% smaller than WT), however, when normalizing heart 

weights to tibia length, no significant differences were observed between groups (Figure 4-2B). 

D2.mdx mice also demonstrated significantly smaller body weights when combining data from 

both phases (VEH, 25% smaller than WT; HD, 26% smaller than WT) (Figure 4-2B). Four 

phases of in-house breeding and daily injections were required to collect chamber-specific data 

for all measures with a sufficient sample size (SFigure 4-1A). Morphometrics were collected 

from phase one and four, including ventricle-specific weights during phase four, which were 

unchanged between groups (SFigure 4-1B).  

H&E staining was used to identify myocardial disorganization. Loss of nuclear detail and the 

presence of coalescing nuclei were used as determinants of cardiac muscle damage. In D2.mdx-

VEH, increased myocardial disorganization was observed in the RV (4.4-fold increase vs WT), 

LV (1.8-fold increase vs WT), and LA (1.4-fold increase vs WT) (SFigure 4-2A, B). This 

disorganization was not prevented by ALY688 in any chamber (SFigure 4-2A, B).  
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Figure 4-2. Ventricular cardiomyocytes are hypertrophied in D2.mdx mice but this is prevented by ALY688 in the RV. A) Sagittal sections 

of both ventricles were stained with wheat-germ agglutinin and imaged using immunofluorescence. Results represent mean ± SD; n=7-10. Scale 

bars are 50 μm. All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. B) 

Morphometric data comparing heart weight (mg), body weight (g), and heart weight-to-tibia length (mg/mm) between WT, D2.mdx-VEH, and 

D2.mdx-HD, with representative images of perfused whole-heart with the RV oriented frontward. Results represent mean ± SD; n=23-35 

(combined phases 1+4). All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. 

WT = Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high dose (ALY688)-treated mdx; RV = right ventricle; LV = left ventricle. 
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Fibrosis markers are elevated in RV of D2.mdx mice.  

The RV of D2.mdx-VEH demonstrated significant elevations to TGF-β1 (an index of collagen) 

(30% increase vs WT) (Figure 4-3A, B). In D2.mdx-VEH, α-SMA was significantly elevated in 

both the RV and RA (RV, 30% increase; RA, 42% increase vs WT). In the RA, D2.mdx-HD had 

elevated α-SMA (36% increase vs WT). In the LA, α-SMA was elevated in both D2.mdx-VEH 

and D2.mdx-HD (VEH, 47% increase; HD, 34% increase vs WT), but in the LV, it was only 

elevated in D2.mdx-HD mice (38% increase vs WT) (SFigure 4-3A, B).  

No significant differences between groups were revealed when comparing mean fluorescent 

intensity of TGF-β1 and α-SMA within the septum (SFigure 4-4A). While only two mice treated 

with ALY688 demonstrated fibrosis in the RV, we noted reduced markers of both TGF-β1 and α-

SMA in the epicardial region (see representative image, SFigure 4-4B).  

Inflammatory cytokines are heterogeneously altered between chambers in D2.mdx 

In D2.mdx-VEH, the anti-inflammatory cytokine IL-10 was significantly elevated in all four 

chambers (41-58% increase vs WT). IL-10 was further increased in D2.mdx-HD in the LV (31% 

increase vs VEH) (SFigure 4-5A, B). When assessing the pro-inflammatory cytokine IL-6 across 

chambers, it was observed that only the LA of D2.mdx-HD revealed elevations (31% increase vs 

WT) (SFigure 4-6A, B).  

Atria were excluded from remaining measures given not all cryosections contained the atria due 

to their smaller size.  
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Figure 4-3. Chamber-specific immunofluorescent staining reveals that D2.mdx-VEH demonstrate elevated TGF-β1 compared to WT in the 

RV. A) TGF-β1 (denoted by white arrows) was quantified by Mean Fluorescent Intensity (A.U.) per region of interest (B). Whole atria and free-wall 

segments of the ventricles were analyzed. Stains were conducted on 5 μm thick paraffin-embedded sagittal sections and imaged by confocal 

microscopy at 20x magnification. Results represent mean ± SD; n=4-9. Scale bars are 100 μm. All p values are FDR-adjusted by Benjamini, Krieger, 

and Yekutieli post-hoc analyses. *p<0.05 denotes significance. WT = Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high dose 

(ALY688)-treated mdx; RA = right atrium; LA = left atrium; RV = right ventricle; LV = left ventricle. 
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Spectral flow cytometry reveals significant elevation to an infiltrating macrophage population 

in RV of D2.mdx-VEH which is restored in D2.mdx-HD mice. 

In the RV, CD11b+CD45+CD64+F4/80+CCR2+ cells, which represent an infiltrating (pro-

inflammatory) macrophage population, are elevated in D2.mdx-VEH (16-fold increase compared 

to WT when examining cells normalized per mg tissue), but this is restored back to WT levels in 

D2.mdx-HD (Figure 4-4A). No differences were detected between groups when examining the 

same serotype in the LV. When examining CD11b+CD45+CD64+F4/80+CCR2- cells, which 

represent a resident (anti-inflammatory) macrophage population, no differences were detected 

between groups in either ventricle (Figure 4-4B). A sample gating scheme retrieved from a 

D2.mdx-HD RV demonstrates how cell populations were carefully selected, or ‘gated’, with 

special considerations taken for excluding cellular aggregates and debris which may contribute to 

fluorescent artefact (SFigure 4-7). 
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Figure 4-4. Ventricle-specific spectral flow cytometry analysis of infiltrating and resident macrophage populations in 

D2.mdx. A) In the RV, compared to WT, D2.mdx-VEH demonstrated elevated CD11b+CD45+CD64+F4/80+CCR2+ cells 

(representative of an infiltrating macrophage population), which is restored by ALY688. In the LV, no differences were detected. 

B) When examining CD11b+CD45+CD64+F4/80+CCR2- cells (representative of a resident macrophage population), no differences 

were detected between groups in either ventricle. C) Representative gating scheme of CCR2+/- cells in all three groups between 

ventricles. Results represent mean ± SD; n=7. All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc 

analyses. *p<0.05 denotes significance. WT = Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high dose (ALY688)-

treated mdx; RV = right ventricle; LV = left ventricle. 
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D2.mdx-VEH exhibit indices of mitochondrial stress responses in the RV, but this is only 

partially prevented by ALY688 administration. 

In the RV, caspase 3 and 9, whose activities are both involved in apoptotic pathways, are elevated 

in D2.mdx-VEH (caspase 3, 3-fold increase compared to WT; caspase 9, 2-fold increase 

compared to WT), but are both prevented in D2.mdx-HD (caspase 3, 1.7-fold decrease compared 

to VEH; caspase 9, 1.8-fold decreased compared to VEH) (Figure 4-5A). No differences were 

detected in caspase 8 activity, which is involved in extrinsic non-mitochondrial-mediated 

apoptotic pathways, thereby demonstrating a unique apoptotic signature. In the LV, no 

differences were detected between groups in any caspase activity.  

As a complimentary measure to caspase 9/3 activity, mitochondrial calcium retention capacity 

was examined to determine the ability of mitochondria to uptake calcium prior to triggering 

permeability transition (mPT), which precedes mitochondrial-mediated apoptosis. In the RV, 

D2.mdx-HD exhibited a significantly elevated capacity to uptake calcium prior to mPT compared 

to both WT and D2.mdx-VEH, which corresponds with caspase 9/3 activity data. However, 

disease effects were not detectable at this low sample size (Figure 4-5C). It should be noted that 

only PmFBs that demonstrated a clear sign of calcium efflux (a sign of mPT) were included. 

Figure 4-5D demonstrates traces that exhibit mPT versus traces without clear mPT. When 

pooling traces with a clear opening and traces without clear mPT together, it was determined that 

D2.mdx-VEH had a significantly lower calcium retention capacity compared to WT, which was 

subsequently prevented in D2.mdx-HD (SFigure 4-8D). No differences were detected in the LV 

using either analytical technique (data reflecting only PmFBs with mPT versus pooled data) 

indicating that a heightened probability of calcium-induced mPT is unique to the RV.  
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By titrating pyruvate (5 mM) and malate (2 mM) with 20 mM creatine across increasing 

submaximal ADP concentrations to model metabolic demands close to physiological conditions 

(25, 100, and 500 μM) in the RV, it was observed that D2.mdx-VEH and D2.mdx-HD had 

elevated mH2O2 (denoted as a % of State II) (D2.mdx-VEH, 27-58% increase vs WT; HD, 28-

51% increase vs WT) (Figure 4-5B). As this measure was performed in the presence of ADP, 

which stimulates oxidative phosphorylation and attenuates mH2O2 due to its effects on lowering 

membrane potential and considering that data were expressed relative to maximal H2O2, the 

results indicate that the elevated mH2O2 in the RV are due specifically to a lower mitochondrial 

responsiveness to ADP. In the LV, it was observed that D2.mdx-VEH had elevated mH2O2 (14-

29% increase vs WT) due to lower mitochondrial responsiveness to ADP’s attenuating effects on 

mH2O2, but interestingly, this was prevented in D2.mdx-HD (17-29% decrease vs D2.mdx-VEH) 

(Figure 4-5B). 

By titrating pyruvate (5 mM) and malate (2 mM) (1st protocol) with saturating creatine, absolute 

mH2O2 was decreased in D2.mdx-VEH (PM, 31% decrease vs WT) in RV. Surprisingly, absolute 

mH2O2 was elevated in D2.mdx-HD (PM, 61% increase vs D2.mdx-VEH) in RV (SFigure 4-8E). 

No differences were observed in the LV. By titrating succinate (10 mM) exclusively (2nd 

protocol) in the presence of saturating creatine, mH2O2 was decreased in mdx compared to WT 

(Succ, 44.2% decrease vs D2.mdx-VEH; 29.7% decrease vs D2.mdx-HD), but interestingly, was 

elevated in D2.mdx-HD compared to D2.mdx-VEH (Succ, 26.5% increase) in the RV. No 

differences were observed in LV (SFigure 4-8F). 

 

 

 



92 
 



93 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4-5. D2.mdx exhibit indices of mitochondrial stress primarily in the RV that are partially 

prevented by daily ALY688 administration. A) Caspase 3 and 9 activities are elevated in D2.mdx-VEH and 

prevented by ALY688, but only in the RV. No differences were detected in caspase 3 and 9 activity in the LV. 

Caspase 8 activity, which is involved in extrinsic (non-mitochondrial-mediated) apoptotic pathways, is 

unchanged in both ventricles. Results represent mean ± SD; n=10-12. *p<0.05 denotes significance. B) 

D2.mdx-VEH mice exhibit elevated mitochondrial Complex I-Supported (pyruvate + malate) forward electron 

transfer mH2O2 (represented as % of State II) in the presence of creatine in both ventricles across metabolic 

demands (25, 100, 500 μM ADP), but this is only prevented by ALY688 in the LV. Results represent mean ± 

SD; n=10-12. RV: *p<0.05 denotes significance; LV (main effects are denoted by horizontal bar): γp<0.05 WT 

vs D2.mdx-VEH; §p<0.05 D2.mdx-VEH vs D2.mdx-HD. C) Mitochondrial calcium retention capacity (CRC) 

to trigger mPT (which precedes mitochondrial-mediated apoptosis) is elevated in the RV of D2.mdx-HD 

compared to WT and D2.mdx-VEH, but disease effects are not detectable at this low sample size. No differences 

were observed in the LV. D) Representative CRC trace demonstrating ventricular PmFB with distinct mPT, 

compared to PmFB without mPT. Results represent mean ± SD; n=3-10. All p values are FDR-adjusted by 

Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. Casp = caspase; mH2O2 = 

mitochondrial H2O2 emission; WT = Wildtype mouse; D2.mdx-VEH = vehicle (saline)-treated mdx; D2.mdx-

HD = high dose (ALY688)-treated mdx; Ca2+ = calcium; mPT = mitochondrial permeability transition. 
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Blunted Pyruvate-supported Complex I, and Complex II, -stimulated respiration in RV of 

D2.mdx is prevented by ALY688. 

In the RV, when assessed between groups, mitochondrial oxygen consumption using the NADH-

generating substrates pyruvate (5 mM) and malate (2 mM) with saturating (20 mM) creatine was 

significantly lower in D2.mdx-VEH across a spectrum of metabolic demands (25 μM to 5000 μM 

ADP) (35-53% decrease vs WT) but was prevented in D2.mdx-HD (36-46% increase vs D2.mdx-

VEH) (Figure 4-6B). Similar conclusions were also observed between groups without creatine 

(D2.mdx-VEH, 19-43% decrease vs WT; D2.mdx-HD, 7-24% increase vs D2.mdx-VEH) 

(SFigure 4-8A) which indicates that mitochondrial creatine-dependent phosphate shuttling may 

not be modified. The ability of creatine to stimulate respiration was further assessed by 

comparing respiration rates at submaximal ADP (100, 500 μM) with (20 mM Cr) and without (-

Cr) creatine between groups. A complex relationship was identified whereby D2.mdx-HD exhibit 

elevated mitochondrial creatine sensitivity compared to D2.mdx-VEH in the RV with 500 μM 

ADP, while in the LV at 100 μM ADP, creatine sensitivity in D2.mdx-HD is significantly 

decreased compared to both WT and D2.mdx-VEH and only significantly decreased compared to 

WT at 500 μM ADP (SFigure 4-8B). When examining 10 mM glutamate (further NADH 

generation) and 10 mM succinate (FADH2 generation; Complex II stimulation) it was observed 

that lower mitochondrial oxygen consumption in D2.mdx-VEH (glutamate, 52% decrease; 

succinate, 42% decrease vs WT) was prevented in D2.mdx-HD (glutamate, 44% increase; 

succinate, 39% increase vs D2.mdx-VEH) (Figure 4-6C, D).  

No differences were detected in the LV in pyruvate/malate-, glutamate-, or succinate-supported 

respiration between any groups in the presence of saturating creatine (Figure 4-6B). In the 

absence of creatine, differences were only detected in pyruvate/malate-supported respiration in 
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D2.mdx-VEH and D2.mdx-HD (D2.mdx-VEH, 5-30% increase vs WT; HD, 18-36% increase vs 

WT) (SFigure 4-8A). In the same protocol, D2.mdx-HD demonstrated elevated mitochondrial 

oxygen consumption (5-21% increase vs D2.mdx-VEH) (SFigure 4-8B). 

ALY688 prevents attenuations in fatty acid-supported mitochondrial respiration in D2.mdx.  

We also examined fatty acid (beta) oxidation in both ventricles by titrating 10 μM L-Carnitine, 

20 μM Palmitoyl-CoA, and 500 μM malate, across increasing ADP concentrations, with creatine. 

In the RV, when assessed between groups, mitochondrial oxygen consumption was lower in 

D2.mdx-VEH (30-39% decrease vs WT) but prevented by D2.mdx-HD (30-40% increase vs 

D2.mdx-VEH) (Figure 4-6E).  

In the LV, there were no differences in L-carnitine/palmitoyl-CoA/malate-supported respiration 

between any groups without creatine (Figure 4-6E).  

Electron transport chain complex-II subunit SDHB protein content may explain 

improvements to respiration in D2.mdx-HD.  

Collectively, the lower respiration under all substrate conditions seen in the RV of the disease 

group, and the preventative effect of the drug, suggests that a common feature of these metabolic 

pathways may be universally modified. In order to gain more insight into this pattern, we 

recognized that the normalization of respiration per mg of tissue could be influenced by potential 

shifts in the contents of electron transport chain proteins, particularly those that are common and 

downstream of Complex I and II stimulation.  

However, no changes in subunits of Complex III, IV or V (ATP Synthase) were seen in the RV. 

Of interest, complex-II subunit SDHB was significantly elevated in D2.mdx-HD (16% increase 

vs D2.mdx-VEH) which may have contributed to the higher succinate-stimulated respiration in 
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this group. No changes in the measured ETC proteins were observed in the LV. Total ETC 

content was also pooled together, but there were no differences between groups in either 

ventricle (SFigure 4-8C). 
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Figure 4-6. Substrate-specific stimulation of mitochondrial respiration in right and left ventricle of 

D2.mdx mice. A) Representative trace of high-resolution respirometry data demonstrating oxygen 

consumption that is calculated as the change in slope of oxygen consumption in the respirometry chamber 

(left trace, VEH RV - pyruvate + malate, ADP titration, glutamate, succinate protocol; right trace, HD RV 

- pyruvate + malate, ADP titration, glutamate, succinate protocol). B) ADP-stimulated respiration was 

supported by pyruvate (5 mM) supplemented with malate (2 mM) (NADH, Complex-I stimulation) as an 

index of carbohydrate oxidation. C) After the final addition of ADP (5000 μM) in 'A', glutamate (10 mM; 

NADH, Complex-I stimulation) was added as an index of amino acid oxidation, followed by D) succinate 

(10 mM) (FADH2, Complex-II stimulation). E) Palmitoyl CoA (20 μM, supplemented with 10 μM L-

Carnitine, 500 μM Malate and 100-7000 μM ADP; NADH and FADH2) was added to a separate 

permeabilized fibre bundle as an index of fat oxidation. FADH2 from the TCA cycle transfers its electrons 

at complex-II while FADH2 from beta oxidation provides electrons for ETF. NADH = Nicotinamide 

adenine dinucleotide; FADH2 = Flavin adenine dinucleotide; ETF = Electron transport flavoprotein; RV = 

right ventricle; LV = left ventricle; PM = pyruvate + malate; ‘D’ (from Panel A) = ADP. Results represent 

mean ± SD, n=10-12; a 2-way ANOVA was used to determine the difference between WT, D2.mdx-VEH 

and D2.mdx-HD across ADP concentrations in ‘B’ and ‘E’ while a 1-way ANOVA was used in ‘C’ and ‘D’. 

All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. LV data was log-

transformed given that it did not pass parametric testing. *p<0.05 denotes significance. Main effects are 

denoted by horizontal bar over ‘B’ and ‘E’: γp<0.05 WT vs D2.mdx-VEH; §p<0.05 D2.mdx-VEH vs 

D2.mdx-HD; †p<0.05 WT vs D2.mdx-HD. Oroboros image in Panel A obtained from 

https://www.oroboros.at/.  
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Mitochondrial signaling and mitophagy protein content does not explain divergent 

bioenergetic responses in the RV.  

We examined mtCK due to its involvement with ATP/ADP cycling, however, no significant 

differences were observed between groups in either ventricle (Figure 4-7A) which is consistent 

with the observations that changes in respiration in disease and drug-treated groups were similar 

whether creatine was present or absent in the assay. Collectively, this suggests that creatine-

dependent phosphate shuttling was not modified by either group. Total and phosphorylated 

protein content of AMPK were also examined, which are thought to be activated by adiponectin-

receptor agonism [405]. In the RV, both D2.mdx-VEH and D2.mdx-HD mice had elevated 

phosphorylated AMPK (D2.mdx-VEH, 21% increase vs WT; HD, 27% increase vs WT; (Figure 

-4-7A). In the LV, D2.mdx-VEH mice demonstrated elevated phosphorylated AMPK (32% 

increase vs WT) which was prevented by the drug (Figure 4-7A). Lastly, the redox-sensitive 

apoptosis-activating protein p38 MAPK, which can be phosphorylated in response to mH2O2 

[406] and activated by adiponectin as demonstrated in other studies [407–409], was examined to 

determine if it was altered between groups [406,410]. No differences were detected in total or 

phosphorylated p38 MAPK between groups in either ventricle (Figure 4-7A).  

Mitophagy can preserve or restore mitochondrial function in cardiac tissue. Impairments to 

mitophagic processes can induce mitochondrial dysfunction, which can exacerbate 

cardiomyopathy [411]. Protein content of the autophagosome-ubiquitination adaptor proteins 

SQSTM1/p62 and LC3BII/I were investigated, however, the only difference detected was in 

LC3B-I, where D2.mdx-HD was significantly elevated compared to WT in the RV (Figure 4-

7B).  
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Figure 4-7. Western blotting of mitochondrial signaling and mitophagy markers reveals that D2.mdx exhibit elevated phosphorylated 

AMPK in both ventricles, but this is only prevented in the LV by ALY688. Top panel (A) Ventricle-specific mitochondrial signaling markers, 

while bottom panel (B) represents ventricle-specific mitophagic markers. Results represent mean ± SD; n=11-12. All p values are FDR-adjusted 

by Benjamini, Krieger, and Yekutieli post-hoc analyses. The ‘ratio’ is defined as phosphorylated protein content divided by total protein content. 

*p<0.05 denotes significance. RV = right ventricle; LV = left ventricle. 
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Figure 4-8. Proposed mechanisms underlying dystrophin deficiency-induced cardiac fibrosis in 4-week-

old D2.mdx mice that can be partially prevented by daily adiponectin-receptor agonism. Herein, we 

established that three major secondary contributors to dystrophin deficiency-induced cardiac fibrosis 

(inflammation, cardiomyocyte apoptosis, and mitochondrial stress) differentially impacted chambers of the 

heart. Our findings indicated that these secondary contributors demonstrated prevention effects when D2.mdx 

mice were injected daily with ALY688, ultimately leading to reduced cardiac fibrosis in the right ventricle 

(RV). To examine indices of mitochondrial stress, we investigated chamber-specific mitochondrial respiration 

and mH2O2, while intrinsic (mitochondrial-mediated) apoptosis was assessed by a combination of calcium 

retention capacity and caspase activity as complimentary measures. Inflammation was assessed by spectral 

flow cytometry to determine shifts in macrophage polarization (infiltrating versus resident populations) as 

well as by immunofluorescence of various inflammatory and fibrosis-linked cytokines. Our results indicate 

that daily adiponectin-receptor agonism may represent a viable therapeutic intervention for preventing RV 

fibrosis in young D2.mdx mice. Green arrows denote protective effects of ALY688 observed in the D2.mdx-

HD RV across various remodeling signatures, including shifts to pro-/anti-inflammatory markers, 

mitochondrial stress responses, and cardiac fibrosis. Figure created using www.BioRender.com. 
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Discussion 

A gap in knowledge exists whereby data examining chamber-specific dystrophin 

deficiency-induced cardiomyopathy is limited. Furthermore, there is an unmet need to address 

chamber-specific secondary contributors to damage in DMD with a therapeutic intervention that 

can slow progression to pathologic cardiomyopathy. Secondary contributors to DMD-induced 

cardiomyopathy include aberrant cardiac fibrosis [412], inflammation [26], and mitochondrial 

stress responses [31], some of which have been previously assessed, albeit primarily in the LV.   

While there are numerous studies that have investigated inflammatory signaling and 

cardiac fibrosis development in both ventricles of DMD hearts (albeit at later time points of 

disease progression), data comparing mitochondrial stress responses between ventricles is 

limited. Our work identifies for the first time that hearts from 4-week-old D2.mdx mice are 

differentially impacted across chambers by fibrotic, inflammatory, and mitochondrial stress 

regulators. Specifically, we demonstrate that young D2.mdx mice exhibit robust, epicardial RV 

fibrosis and cardiomyocyte hypertrophy. Interestingly, the LA also exhibits fibrosis, while the 

RA and LV do not at this early time point. Notably, we posit a role for the novel anti-

inflammatory adiponectin receptor agonist, ALY688, in serving as an intervention that prevents 

LA and epicardial RV fibrosis, and RV cardiomyocyte hypertrophy, while also attenuating 

elevations to infiltrating (pro-inflammatory) macrophage populations and some mitochondrial 

stress responses in 4-week-old D2.mdx mice.  

4-week-old D2.mdx mice exhibit heterogeneity in chamber-specific cardiac fibrosis and 

cardiomyocyte hypertrophy that are prevented by daily adiponectin-receptor agonism 
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Robust collagen deposition in the heart, termed cardiac fibrosis, was detected with PSR 

staining in the LA and epicardial RV of young (4-week-old) D2.mdx-VEH, compared to age-

matched healthy WT. Daily subcutaneous administration of ALY688 completely prevented this 

accumulation in D2.mdx-HD. Although the finding of robust RV fibrosis was previously 

demonstrated in 4–6-month-old C57BL/10ScSn-Dmdmdx, which is a model of less severe 

cardiomyopathy, we provide novel evidence that this fibrosis may manifest at the earliest stages 

of life in D2.mdx mice - particularly affecting the RV free wall and the LA [184]. Additionally, 

using H&E staining, we provide evidence that both chambers affected by collagen accumulation 

(LA and RV) also demonstrate increased myocardial damage compared to WT, which is defined 

by loss of nuclear detail and presence of coalescing nuclei.  

In the present study, cardiac functional parameters could not be assessed in the RV given 

the small ventricular size at this age. However, previous work by other groups has demonstrated 

that systolic dysfunction is evident in both ventricles at later stages of disease progression, with 

one study indicating LV functional impairments in D2.mdx mice present at 28 weeks [184,396]. 

Together, this data suggests that collagen accumulation occurring early in disease progression 

within the LA and RV precede the LV echocardiographic decrements that manifest at later ages.   

Additionally, using H&E staining, we provide evidence that both chambers affected by 

collagen accumulation (LA and RV) also demonstrate increased myocardial disorganization 

compared to WT, which is defined by loss of nuclear detail and presence of coalescing nuclei. 

Although this myocardial disorganization is not prevented in D2.mdx-HD mice, we provide 

evidence that collagen accumulation may be a protective mechanism intended to uphold 

mechanical and structural integrity of the heart. Consistent with these findings, D2.mdx-VEH 

mice also exhibit hypertrophied cardiomyocytes compared to healthy WT. This increase in 
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cardiomyocyte diameter is preserved in D2.mdx-HD mice. Further investigations are required to 

established why collagen deposition is restricted to the epicardial RV free wall. We postulate that 

this is a finding best explained by echocardiography at an age where logistically feasible.  

Elevated infiltrating macrophage populations in RV of D2.mdx are prevented by daily 

adiponectin-receptor agonism 

 Using spectral flow cytometry, we investigated differences to infiltrating and resident 

macrophage populations in enzymatically digested ventricular samples to determine if dystrophin 

deficiency impacted macrophage polarization shifts. Additionally, we were interested to see if 

daily adiponectin-receptor agonism could correspondingly restore balance to these inflammatory 

populations. Given that adiponectin is characterized by its anti-inflammatory properties, we 

hypothesized that protective effects to the heart (such as against fibrosis and/or cardiomyocyte 

hypertrophy) could be attributed to improvements in the inflammatory state of the ventricle. The 

major macrophage populations investigated in each ventricle were 

CD11b+CD45+CD64+F4/80+CCR2+ (indicative of infiltrating macrophages; referred to as CCR2+ 

cells) and CD11b+CD45+CD64+F4/80+CCR2- (indicative of resident macrophage; referred to as 

CCR2- cells) [413]. CCR2 signaling is of particular interest in dystrophin deficient mouse 

models given that previous literature has demonstrated elevations to CCR2 expression and its 

chemokine ligands, alongside macrophages excessively skewing towards a proinflammatory 

phenotype in mdx diaphragms [192]. Interestingly, the same group determined that CCR2 

deficiency was linked to improvements in histopathological features and increased muscle 

strength in the diaphragm [192].  

In alignment with the findings in the dystrophic diaphragm, our data indicates that 

D2.mdx-VEH exhibited elevated CCR2+ cells in the RV, thus reflecting an increase in infiltrating 
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macrophage cells compared to healthy WT. This elevation was entirely prevented in D2.mdx-

HD, which restored CCR2+ cell levels back to baseline (WT). Additionally, we determined that 

no differences could be identified to CCR2- cell levels in either ventricle, meaning that levels of 

resident macrophages were unchanged. Given that these findings were localized to the RV, we 

hypothesized that dystrophin deficiency-induced damage to the RV led to the recruitment of 

proinflammatory macrophages to the site of damage (specifically the free wall epicardium), thus 

perpetuating the fibrotic response by upregulating the production of cytokines involved in 

fibrotic/collagen-producing processes. 

Inflammatory and fibrotic cytokines underpinning cardiac fibrosis may be difficult to 

capture 24 hours post-drug administration  

Inflammation is a hallmark component of whole-body DMD pathology and should be 

investigated in the context of macrophage polarization shifts. To understand the role of elevated 

CCR2+ cells that was observed in the RV of D2.mdx-VEH mice, as well as the protective effects 

conferred in D2.mdx-HD mice, chamber-specific immunofluorescent staining of pro-, anti-

inflammatory, and fibrotic cytokines was conducted.  

We first assessed the relative abundance of IL-10, a pleomorphic anti-inflammatory 

cytokine, and determined that it was elevated ubiquitously throughout the heart in all D2.mdx 

mice (VEH and HD). IL-10 is thought to be produced by the activation of virtually all immune 

cells, including B cells, mast cells, granulocytes, macrophages, dendritic cells, and multiple T 

cell subsets [414,415]. It modulates the inflammatory immune response to damage by reducing 

M1-like macrophage production of pro-inflammatory cytokines such as Interferon (IFN)-γ, 

Tumour necrosis factor (TNF)-α, and IL-6 in inflamed tissue [416]. The finding that D2.mdx-HD 

mice exhibited elevated IL-10 compared to D2.mdx-VEH in the non-fibrosed LV is particularly 
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interesting given the well-established anti-fibrotic properties of IL-10 [415]. We hypothesize that 

IL-10 may be elevated in response to cardiac damage originating from dystrophin deficiency, but 

specifically remains elevated in the LV after drug treatment due to the importance of this 

ventricle in distributing blood throughout systemic circulation in place of ‘less demanding’ 

chambers. 

In addition to IL-10, the pro-inflammatory cytokine IL-6 was also examined due to its 

indispensable role in immune response to injury. Given the low fluorescence observed in the IL-

6 stain, the authors acknowledge that the findings may not reflect a true response given the 

difficulty of accurately capturing a transient cytokine with immunofluorescent staining methods.  

Next, we examined a central regulator of cell differentiation, migration, proliferation, 

fibroblast activity, and gene expression which is extensively implicated in both reparative and 

reactive fibrotic responses, TGF-β1 [417]. At sites of injury, following an inflammatory 

response, many different cell types can produce and secrete TGF isoforms, including 

macrophages, lymphocytes, and cardiac fibroblasts [417]. Unsurprisingly, the RV of D2.mdx-

VEH, which incidentally had the highest collagen deposition, demonstrated elevated TGF-β1 

compared to WT. Although it was unusual that this elevation was not significantly restored by 

ALY688 (given that drug-treated mice demonstrated prevention against fibrosis), we postulate 

that TGF-β1 expression is transient, and it is possible that we missed a crucial timepoint in the 

immune response when expression is low. This possibility arises given that tissues were 

harvested 24 hours following the final ALY688 injection.  

Finally, we investigated a widely used marker of mature myofibroblast (matrix-

producing) cells in tissues, α-SMA [418–421]. During fibrotic expansion, a defining feature of 

myofibroblasts is the presence of a network of actin-myosin bundles that connect to the 
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surrounding matrix through focal adhesion proteins. Upon TGF-β stimulation, these contractile 

fibres become surrounded by α-SMA [417]. In our present study, we determined that in all 

chambers except the LV, α-SMA is elevated in D2.mdx-VEH compared to WT. Interestingly, it is 

also elevated in D2.mdx-HD compared to WT in all chambers except the RV. It is unusual that α-

SMA was not lower in drug-treated mice compared to D2.mdx-VEH, however, future studies 

should test these same markers 1 hr post-drug injection to identify time-course relationships.  

Mitochondrial carbohydrate- and fatty acid-stimulated respiration in the RV of D2.mdx are 

prevented by ALY688 

4-week-old D2.mdx-VEH mice exhibited blunted mitochondrial oxygen consumption in 

the RV compared to healthy WTs, as assessed by high-resolution respirometry on PmFBs. This 

decrement in mitochondrial respiration is prevented in D2.mdx-HD when assessing oxygen 

consumption using complex-I-stimulating carbohydrate oxidation substrates (pyruvate, malate, 

glutamate (NADH), and succinate (FADH2)) and β-oxidation (fatty acid-stimulating) substrates 

(L-carnitine, palmitoyl-CoA, malate; NADH/FADH2) over various [ADP] (physiological to 

supraphysiological workloads) in saturating creatine-infused buffer. These effects are not 

observable in the LV. When repeating these experiments in buffer without creatine, ALY688 

improves respiration compared to D2.mdx-VEH in both ventricles across increasing [ADP]. 

Although data was not normalized to OXPHOS protein content given that these measures were 

acquired from different hearts, the lack of changes to OXPHOS content proposes that the 

improved mitochondrial respiration may be attributed to quality rather than quantity of 

mitochondria.  

Mitochondrial stress in the RV of D2.mdx are only partially prevented in D2.mdx-HD  
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Various techniques, including caspase 9/3 activity (indicator of intrinsic mitochondrial-

mediated apoptosis), mitochondrial calcium retention capacity, and mH2O2 were assessed and 

compared across ventricles as indicators of mitochondrial stress responses to dystrophin 

deficiency.  

Notably, our results indicated that caspase 9/3 activity, but not caspase 8 activity, was 

elevated in the RV of D2.mdx-VEH, and subsequently prevented in D2.mdx-HD. These effects 

were not observed in the LV. This data is particularly important given that caspase 9/3 activity 

are involved in mitochondrial-mediated apoptotic cascades whereas caspase 8 is primarily 

involved in extrinsic apoptosis pathways [422]. This data suggests that in the dystrophic RV, 

mitochondrial apoptosis is elevated and may be a contributing factor to the cardiac fibrosis that is 

observed in D2.mdx-VEH mice, while reductions to mitochondrial-mediated apoptosis, as 

observed in D2.mdx-HD, may prevent fibrosis development. 

To further investigate the role of mitochondrial apoptosis in dystrophin deficiency-

induced damage, we assessed ventricle-specific mitochondrial calcium retention capacity (CRC), 

which is defined as the maximal calcium that the mitochondria can uptake prior to formation of 

the mitochondrial permeability transition (mPT) pore. Sustained mPT leads to mitochondrial 

swelling, which can rupture the outer mitochondrial membrane (OMM) and subsequently lead to 

apoptotic cell death [423]. Our results indicated that D2.mdx-VEH had significantly lower CRC 

compared to D2.mdx-HD, however, there were no disease effects due to low sample size when 

bundles without mPT were excluded from the analysis. Interestingly, when pooling bundles that 

had clear mPT with bundles that did not have clear mPT, RV of D2.mdx-VEH demonstrated 

disease effects whereby CRC was significantly lower compared to WT, which was prevented in 

D2.mdx-HD. No effects were observed in the LV. Collectively, this data suggests that chamber-
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specific CRC is influenced by the specific ventricles’ ability to maximally uptake calcium prior 

to mPT - which appears to differ between RV and LV and has never been previously 

characterized in 4-week-old D2.mdx mice. Although the sample size was low in our non-pooled 

analysis, the data still suggests that ALY688 may be modifying the ability of the dystrophic 

ventricle to maximally uptake calcium prior to mPT that precedes apoptosis. Furthermore, given 

that these effects were not identifiable in the LV regardless of analytical method, the data also 

suggests that ALY688 does not alter the LV’s capacity to uptake calcium in the same way it alters 

the RV’s maximal calcium uptake capacity.  

Chamber-specific mH2O2 were also assessed in D2.mdx mice to determine if elevated 

ROS could explain some of the cardiac remodeling that was observed. Two different protocols 

were used to assess ROS, including mitochondrial complex I-supported (pyruvate + malate) 

forward electron transfer mH2O2 and complex-I+II-supported (succinate) reverse electron 

transfer mH2O2.  

Using the complex I-supported (pyruvate + malate) forward electron transfer protocol, 

our results indicated that both D2.mdx groups exhibited elevated mH2O2 (expressed as % of state 

II) compared to WT in the RV, however, preventative drug effects were not observed. Although 

this was not entirely expected, it is noteworthy that when assessing the same protocol in the LV, 

D2.mdx-VEH mice exhibited elevations to mH2O2 compared to WT which were prevented in 

D2.mdx-HD. Collectively, our findings suggest that the ability of ALY688 to quench 

mitochondrial ROS is complex and differs between chambers. Future research may seek to 

investigate other indices of redox stress in tandem with mH2O2, including chamber-specific 

reduced-to-oxidized glutathione ratio.     
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Protein content of mitochondrial signaling and autophagy markers do not explain changes 

to cardiac inflammatory or fibrosis outcomes 24 hours post drug administration 

 We used Western blotting techniques to determine if markers of mitochondrial signaling 

or mitochondria-specific autophagy (known as mitophagy) could explain some of the 

improvements to mitochondrial function and fibrotic state of the ventricles.  

We first examined mitochondrial creatine kinase (mtCK) given that previous literature 

has implicated downregulated mtCK protein content and activity as a consistent feature of heart 

failure in several animal models [424–426]. In the presence of creatine, mtCK is vital in 

cardiomyocytes for trans-phosphorylating newly synthesized ATP to phosphocreatine (PCr), thus 

allowing PCr to be exported to the cytosol via VDAC to increase efficiency of ATP transport out 

of mitochondria, compared to the much slower ATP/ADP cycling process [424]. Previous work 

from our lab has demonstrated robust impairments to the ability of creatine to govern 

mitochondrial bioenergetics in the LV of 4-week-old D2.mdx mice [31]. Across a range of both 

low and high ADP concentrations, it was noted that in the presence of creatine, ADP’s 

governance of mitochondrial bioenergetics was impaired, thus suggesting perturbations to 

mtCK-dependent energy exchange [31]. In this same study, mtCK content was unchanged in the 

LV. In the current study, we determined that there were no differences to mtCK protein content in 

either ventricle across all groups, suggesting that an impairment to the mitochondrial phosphate 

shuttling system, which is particularly important in the heart to maintain constant rhythmic 

contractions, may remain unperturbed. Further assessments, such as the oxidation state (among 

other post-translational modifications to mtCK) should be investigated.  

Next, we examined total and phosphorylated protein content of AMPK. Previous 

literature has determined that in the heart, adiponectin signals to and activates AMPK – a process 
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thought to be mediated by upstream signaling through the cardiac cell surface receptors, 

AdipoR1 and AdipoR2 [427]. Although our results indicated elevations to phosphorylated 

AMPK in both D2.mdx mouse groups (VEH and HD) in the RV compared to WT, and only to 

D2.mdx-VEH mice in the LV compared to WT, no drug effects were observed in either ventricle. 

This is unusual given the previously published literature surrounding adiponectin’s propensity to 

signal AMPK. We believe that by delaying sacrifice to 24 hours post-injection, we missed a 

crucial window of AMPK upregulation, which is especially probable considering that ALY688’s 

half-life in rodent models is only 75 minutes (unpublished data).  

The final mitochondrial signaling proteins we investigated were total and phosphorylated 

p38 MAPK. It is well known that p38 MAPK is activated following ischemic cardiac events such 

as myocardial infarction, and its activation has been correlated with both cardiomyocyte 

apoptosis and oxidative stress [428,429]. Furthermore, upon activation, p38 MAPK has shown to 

contribute to LV remodeling, and heart failure development which is encompassed by 

inflammation, fibrosis, and hypertrophy [429,430]. Given that pharmacological inhibition and 

genetic knockout of p38 MAPK demonstrated improvements to LV function and attenuations to 

morphological alterations caused by myocardial infarction, there was value in determining if the 

improved fibrosis and mitochondrial function could be attributed to ALY688’s upregulation of 

p38 MAPK. Ultimately, no drug effects were detected in either ventricle.    

Mitophagic markers like p62 and LC3BII/I were both investigated to determine if the 

cell’s inherent ability to eliminate dysfunctional mitochondria was disrupted. In healthy tissue, 

defective mitochondria are selectively removed in a process intended to uphold quality control of 

the healthy mitochondrial pool. Decreases in mitophagy have been previously published in older 

C57BL/10 mdx mice. While Kang et al. determined that hearts of 12-month-old C57BL/10 mdx 
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exhibited lower mitophagy attributed to decreased expression of PINK1/PARKIN, Kuno et al. 

also published lower mitophagic capabilities in hearts of 22-week-old C57BL/10 mdx mice, 

instead demonstrated by increased colocalization of LC3 dots [312,315]. Despite these findings, 

we did not detect any changes to the mitophagic ability of either ventricle at this early time point.  

Perspectives, Limitations, and Conclusion 

The data suggests that D2.mdx mice exhibit robust, chamber-specific fibrosis and 

cardiomyocyte hypertrophy as early as 4-weeks of age. Herein, we present novel data 

demonstrating that the affected chambers (RV and LA) are protected against fibrosis by daily 

administration of the anti-inflammatory adiponectin-receptor agonist, ALY688. RV epicardial 

fibrosis observed in D2.mdx-VEH mice corresponds with increased myocardial disorganization 

and cardiomyocyte hypertrophy, of which the latter is prevented by ALY688. The use of spectral 

flow cytometry and immunofluorescent staining identifies a role of inflammation (specifically 

shifts in infiltrating versus resident macrophage populations) that may be contributing to the RV 

cardiac fibrosis that is observed in D2.mdx-VEH mice given that it is resolved by ALY688. 

Lastly, mitochondrial stress responses, including blunted mitochondrial oxygen consumption, 

elevated mH2O2, and caspase 9/3 activity, are partly restored in a chamber- and substrate-specific 

manner by ALY688.  

The authors acknowledge that there are several limitations of the model. Firstly, given the 

extremely small hearts in all three groups of mice, obtaining chamber-specific functional data via 

echocardiography proved to be challenging. Although we have previously assessed left 

ventricular function using echocardiography in this model, right ventricular function in particular 

was difficult to assess given the anatomical limitations imposed by the size and morphology of 

the ventricle. Although this data would have strengthened our model, future research may 
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consider alternative techniques for assessing cardiac function such as invasive hemodynamics or 

using larger mice. Secondly, immunofluorescent staining of inflammatory and fibrotic cytokines 

yielded variable, and generally inconclusive results. Given that these cytokines are transient, 

capturing them with RT-qPCR rather than immunofluorescence would be favourable. This was 

once again difficult for us to accomplish in a chamber-specific manner given the tissue size 

limitation on the RV in particular. An additional 5th phase of breeding would be required to 

satisfy this additional measurement whereby whole RV would be flash frozen specifically for this 

experiment. Lastly, we believe that waiting 24 hours following the final injection prior to 

sacrificing the animals may explain the absence of AMPK detection via Western blot in the drug-

treated animals. Given that adiponectin is known to signal AMPK, we believe that future study 

designs should consider sacrificing animals 1 hr following the final injection to capture the 

effects of adiponectin before it is washed out due to its relatively short half life in rodents.  

Collectively, our results support further investigation into adiponectin-receptor agonists 

for their roles in alleviating some of the secondary contributors of DMD-induced 

cardiomyopathy. Given that current generation treatment options, including gene therapy and 

glucocorticoid administration cannot, at this stage, correct the whole-body deficiency of 

dystrophin and are also accompanied by unwanted side effects, alternative therapy development 

that addresses DMD-induced inflammation, fibrosis, and mitochondrial stress responses are 

paramount. Furthermore, this work warrants investigation into other chambers of the heart, 

particularly the RV (which we have established as highly susceptible to damage), as a predictor 

of cardiomyopathic outcomes alongside the well-researched LV.  
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Methods 

Animal care 

Male D2.mdx mice were bred from an in-house colony established at York University’s rodent 

facility (Toronto, Ontario). Mice were housed with littermates in standard vivarium cages and 

aged to four weeks until sacrifice (aged 28-32 days), in a room maintained on a 12:12-h light-

dark cycle with ad libitum access to standard chow and water. Due to low in-house breeding 

success, 3-week-old DBA/2J Wildtype (WT) mice were ordered directly from Jackson 

Laboratories (Bar Harbor, USA) and allowed to acclimate for one week prior to sacrifice. 

Experiments, procedures, and personnel were all approved in accordance with both the Animal 

Care Committee at York University (AUP Approval Number 2016-18) and with the Canadian 

Council on Animal Care.  

Breeding regimen and ALY688 drug treatment 

Two groups of D2.mdx mice were treated with ALY688 (Allysta Pharmaceuticals) formulated at 

different dosages: low dose (LD; 3 mg/kg body weight/day) and high dose (HD; 15 mg/kg body 

weight/day) – both of which were dissolved in saline. A separate group of D2.mdx mice (VEH, 

vehicle) were treated with saline. Mice were treated starting at 7-days of age (until 28-32 days of 

age) via subscapular subcutaneous injection at a dosage of 1 μL/g body weight. WT mice did not 

receive injections. 

Due to limited tissues in each chamber of the heart, four mice per ‘n’ were needed to generate all 

data (Figure S1A). Accordingly, four breeding phases of D2.mdx mice were required to obtain 

sufficient tissue for all analyses. During phase 1, hearts from each group of mice were processed 

for tissue histology and immunofluorescence. Given that LD and HD yielded similar fibrotic 
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responses, as assessed by picrosirius red staining, it was decided that LD would not be pursued 

for analyses beyond phase 1. During phase 2, hearts from each group of mice (now WT, D2.mdx-

VEH, and D2.mdx-HD) were flash frozen for Western blot analyses. During phase 3, hearts from 

each group of mice were incubated in preservation buffer and subsequently processed for 

mitochondrial bioenergetic assays. Phase 4 was conducted to obtain additional morphometric 

data, additional mitochondrial bioenergetics data, caspase activities, and spectral flow cytometry 

data. Sample sizes are indicated in figure legends where appropriate. 

Surgical procedure 

Hearts were carefully excised while the animal was anesthetized with medical-grade isoflurane. 

For phase 1, whole-hearts were preserved in 10% neutral-buffered formalin (Millipore Sigma, 

Burlington, MA, USA) and processed for histology. Morphometric data such as heart weight was 

also collected during this phase. For phase 2, hearts were carefully separated into 4 chambers 

under a microscope with surgical-grade scissors and were then frozen in liquid N2 and stored at -

80°C for Western blots. For phase 3, ventricles were removed and placed in ice-cold BIOPS 

preservation buffer containing (in mM) 50 MES Hydrate, 7.23 K2EGTA, 2.77 CaK2EGTA, 20 

imidazole, 0.5 dithiothreitol, 20 taurine, 5.77 ATP, 15 PCr, and 6.56 MgCl2•6H2O (pH 7.1), 

before being separated into fibre bundles for mitochondrial bioenergetic assays (see below). 

During phase 4, hearts with either placed in ice-cold BIOPS preservation buffer or processed for 

spectral flow cytometry. 

Histological and immunofluorescent staining 

Preparation of microscope slides: Hearts were immediately submerged into a 15 mL canonical 

Falcon tube containing 10% neutral-buffered formalin and stored for 24 hours at room 
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temperature. Following a 24-hour incubation period in formalin, hearts were transferred to a 

separate 15 mL conical centrifuge tube containing 70% ethanol and stored at 4°C thereafter. 

Once ready for tissue processing, hearts were individually placed in plastic paraffin-embedding 

cassettes (Simport Scientific, Saint-Mathieu-de-Beloeil, QC) where they were dehydrated using a 

gradient of ethanol concentrations (70% to 99%), followed by two 100% xylene incubations. 

Cassettes were placed overnight in an oven heated to 54-57°C, which contained melting Type H 

paraffin wax (Thermo Fisher Scientific, USA), in a process intended to allow paraffin wax to 

penetrate and embed the samples. The following morning, after cassettes were removed from the 

oven and the paraffin wax had solidified at room temperature, paraffin within the cassettes was 

again heated to melting point, and samples were transferred to disposable base molds. Following 

this, paraffin was once again re-introduced to the cassettes and left to solidify at room 

temperature before the samples were ready to be sectioned at 5 μM thickness on a sagittal (4-

chamber) plane using a microtome and hot water bath. Finally, sections were carefully placed 

onto Fisherbrand SuperFrost Plus positively charged microscope slides (Thermo Fisher 

Scientific) for microscopy.  

Picrosirius Red (PSR): Fibrosis was assessed on formalin-fixed paraffin-embedded sections with 

PSR, which stains collagen [431]. Sections were deparaffinized with xylene incubations and 

subsequently rehydrated with ethanol incubations (100% to 70%, followed by distilled water). 

Sections were then incubated with PSR for 1 hour at room temperature, followed by washes in 

acidified water. Prior to mounting, sections were submerged in ethanol concentrations (95% to 

100%), followed by xylene incubations, and then subsequently mounted with Permount 

mounting medium (Thermo Fisher Scientific). Sections were imaged with Brightfield 

microscopy on the EVOS M7000 imaging system (Thermo Fisher Scientific). Fibrotic 
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(collagenous) regions were expressed as a percentage against standardized total regions of 

interest (anatomically consistent between all samples), which included whole atria and a central 

region of the ventricular free wall. Artefacts (such as irregular tissue folds) were avoided during 

the blinded analysis. Fibrosis was quantified using ImageJ (National Institute of Health).  

Hematoxylin and Eosin (H&E): Cardiac tissue disorganization was quantified using H&E 

staining, as previously described in our lab [432]. Disorganized cardiac tissue was defined by 

loss of nuclear detail and the presence of coalescing nuclei. Sections were imaged with 

Brightfield microscopy on the EVOS M7000 imager. Cardiac tissue disorganization was 

calculated by dividing areas containing coalesced nuclei or lost nuclear detail by total region of 

interest (artefacts and dead space subtracted) and expressed as a percentage. Regions of interest 

were kept consistent anatomically between samples. Blinded analyses were completed using 

ImageJ.  

Immunofluorescence: To assess inflammatory cytokine presence, and markers of fibrosis, tissue 

sections were incubated with primary antibodies and imaged against corresponding fluorescent 

secondary antibodies. Sections were deparaffinized with xylene incubations, rehydrated with 

gradient ethanol incubations (100% to 70%, followed by distilled water), and then incubated in 

boiling Tris-EDTA (TE) buffer pH 9.0 for antigen retrieval. Sections were incubated with equal 

parts pre-conjugated wheat germ agglutinin (WGA) (AlexaFluor 488; Cat. No. W11261; 1:1000) 

and multiplexed primary antibodies for IL-6 (rabbit; Cat. No. P620; 1:100) and IL-10 (mouse; 

Cat. No. ARC9102; 1:100) or TGF-β1 (rabbit; Cat. No. PA5-120329; 1:100) and α-SMA (mouse; 

Cat. No. 14-9760-82; 1:100) (Thermo Fisher Scientific), on duplicate sections per set of 

antibodies. The following morning, primary antibodies were rinsed off with PBS-T and sections 

were incubated with the following fluorescent secondary antibodies: AlexaFluor 594 (Goat Anti-
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Rabbit; Cat. No. ab150080; 1:1000), or Alexafluor 647 (Donkey Anti-Mouse; Cat. No. 

ab150107; 1:1000) (Abcam, Cambridge, UK) corresponding to the primary antibody for 1 hour 

at room temperature. Sections were mounted using an aqueous Fluoroshield DAPI mounting 

medium (Abcam) with edges sealed using clear nail polish. Slide microscopy was conducted 

using a fluorescence slide scanner (Zeiss AxioScan) at 20x magnification. Sections were 

analyzed using the QuPath-0.4.0 software. While blinded, the analyzer selectively avoided tissue 

folds and other fluorescent artefacts that influenced data, across all experimental groups. Entire 

atria were analyzed, while ROIs were kept consistent between ventricles. Endocardial, fibrotic 

epicardial, and septal regions were analyzed. Data was interpreted as Mean Fluorescent Intensity 

(MFI) corresponding to each of the four channels: AF408, AF488, AF594, and AF647, and 

expressed as Arbitrary Units (A.U.). The MFI from each channel of arbitrarily selected 

background ROIs (or neutral non-tissue sections) were averaged and subtracted from the MFI of 

each channel from the four chambers as a method for normalizing each section to its slide. 

Minimal Feret Diameter: To quantify individual cardiomyocyte size, a blinded analysis was 

conducted using the WGA (cellular membrane) filter on sagittal IF sections. Twenty arbitrarily 

selected cardiomyocytes from the top (mitral annulus), middle, and bottom (near-apex) portions 

of each ventricle (endocardial/non-fibrotic region) were free hand traced (ImageJ), pooled 

together, and averaged to obtain a mean cardiomyocyte diameter (μm) for each ventricle.  

Western blotting 

Hearts were excised, promptly weighed, and subsequently flash frozen in liquid nitrogen. Heart 

weights were normalized to both body weight and tibial length. Western blotting was performed 

using standard SDS-PAGE procedures. A frozen section of each ventricle (~10-15 mg in size for 

RV and ~20-25 mg for LV) was homogenized using plastic microcentrifuge tubes and an 
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ultrawave Sonic Dismembrator Model 500 (Thermo Fisher Scientific) in ice-cold lysis buffer 

containing (in mM) 20 Tris/HCl, 150 NaCl, 1 EDTA, 1 EGTA, 2.5 Na4O7P2, 1 Na3VO4, and 1% 

Triton X-100, supplemented with protease and phosphatase inhibitors (Millipore Sigma) (pH 

7.0), as previously published [433,434]. Protein concentrations were determined using a 

bicinchoninic acid (BCA) assay (Life Technologies, Carlsbad, CA, USA). Denatured and 

reduced protein was subjected to SDS-PAGE on 10-14% gels followed by transfer onto 0.2 μm 

low-fluorescence polyvinylidene difluoride membrane (Bio-Rad, Mississauga, Canada) and 

blocked with Li-COR Intercept Blocking Buffer for 1 hour (LI-COR, Lincoln NE, USA). 

Membranes were then immunoblotted overnight (4°C) with the specific primary antibodies listed 

below.  

To quantify mitochondrial electron transport chain complex subunits (including V-ATP5A (55 

kDa), III-UQCRC2 (48 kDa), IV-MTCO1 (40 kDa), II-SDHB (30 kDa), and I-NDUFB8 (20 

kDa)), a commercially available monoclonal rodent OXPHOS cocktail was used (Cat. No. 

ab110413; 1:1000) (Abcam). Commercially available polyclonal antibodies were used to detect 

AMPKα (Cat. No. 2532; 62 kDa; 1:500), p-AMPKα (Thr172) (Cat. No. 2535; 62 kDa; 1:500), 

p38MAPK (Cat. No. 9212; 40 kDa; 1:500), p-p38MAPK (Thr180/Tyr182) (Cat. No. 9211; 43 

kDa; 1:500), LC3BII/I (Cat. No. 2775S; 14/16 kDa; 1:500), and a monoclonal antibody was used 

to detect SQSTM1/p62 (Cat. No. 23214S; 62 kDa; 1:500) (Cell Signaling Technology, Whitby, 

Ontario).  

Following an overnight primary antibody incubation, membranes were washed 3x5 minutes in 

TBS-T, and incubated at room temperature with the appropriate infrared fluorescent secondary 

antibody (LI-COR IRDye 680nm (Cat. No. 925-68020) or 800nm (Cat. No. 925-32214)) at 

previously optimized dilutions (1:10,000 to 1:20,000). Immunoreactive proteins were detected 
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using infrared imaging (LI-COR CLx; LI-COR, Lincoln, NE, USA) and quantified on ImageJ by 

densitometry. All images were normalized to total protein from the same corresponding 

membrane using Amido Black total protein stain (Cat. No. A8181) (Millipore Sigma).  

Preparation of permeabilized muscle fibre bundles 

Mitochondrial bioenergetic assays were performed using permeabilized muscle fiber bundle 

(PmFB) preparations from heart tissue as we have described previously [34,432,435]. Upon 

sacrifice, the heart was immediately submerged in ice-cold ATP-containing media (BIOPS 

buffer) designed to mimic the extracellular environment. Tissue was carefully separated with 

precision forceps into small (0.6-1.6 mg) bundles that were blotted dry using a Kimwipe and 

weighed in 1.5 mL tared ice-cold BIOPS. Respiration values were normalized to fibre bundle 

wet weight. Extra precaution was taken when separating the tissue such that collagenous (non-

respiring) regions were avoided when preparing bundles, however, some bundles may have had 

larger non-respiring regions than others. Bundles were permeabilized in BIOPS that contained 

saponin (40 μg/ml) for 30 mins at 4°C on a rotator, which digests the cell membrane and allows 

the cytosol to be washed out by selectively permeabilizing the sarcolemma and leaving other 

intracellular organelles intact.  

Mitochondrial respiration 

High-resolution respirometry (measure of mitochondrial oxygen consumption) was performed on 

heart PmFBs using the Oroboros Oxygraph-2k (OROBOROS Instruments, Corp., Innsbruck, 

Austria). PmFBs were submerged in 2 mL Buffer Z containing (in mM) 105 K-MES, 30 KCl, 10 

KH2PO4, 5 MgCl2 • 6H2O, 1 EGTA, and 5 mg/mL BSA, in the respirometer chambers in the 

presence of 5 μM blebbistatin to prevent contraction of PmFBs by rigor in response to ADP 
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while stirring at 750 RPM and 37°C [435]. Chambers were manually oxygenated with 100% O2 

to an initial concentration of ~350 μM and experiments were completed prior to chamber [O2] 

dropping past 150 μM to prevent oxygen limitations to respiration.  

Oxygen consumption was measured in either Buffer Z devoid of creatine (Cr) to prevent 

activation of mitochondrial creatine kinase (mtCK) (creatine-independent), or in Buffer Z with 

20 mM Cr to saturate mtCK and promote phosphate shuttling through this complex (creatine-

dependent) as performed previously [436].  

For each heart, one PmFB from each ventricle was used to assess complex-I supported 

respiration using pyruvate (5 mM; carbohydrate substrate) and malate (2 mM) (NADH; State II 

respiration) followed by titrations of basal (25 μM), sub-maximal (100 and 500 μM), and 

saturating ADP (1000 and 5000 μM) to assess mitochondrial responsiveness to ADP across a 

range of metabolic demands (State III coupled respiration) [437]. Following ADP titrations, 10 

mM glutamate was added to further saturate complex-I with NADH generation. Next, 10 μM 

cytochrome c was added to test mitochondrial outer membrane integrity. Anomalous cytochrome 

c responses (over 15%), where ADP-stimulated respiration was correspondingly low, were 

selectively removed. 10 mM succinate (FADH2-stimulating) was then added to support complex-

II respiration [437]. 

In a separate PmFB from each ventricle, a fatty acid-based protocol was implemented with 10 

μM L-Carnitine, 20 μM Palmitoyl-CoA, and 500 μM malate to shuttle electrons through beta-

oxidation pathways [438]. This protocol generates NADH (Complex I stimulation) and FADH2 

from β-oxidation (ETF stimulation) and the TCA cycle (Complex II stimulation). A similar ADP 

titration protocol was then performed as described above. Following ADP titrations, 10 μM 

cytochrome c was added.  
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Mitochondrial H2O2 Emission (mH2O2) 

mH2O2 emission was detected spectrofluorometrically (QuantaMaster 40, HORIBA Scientific, 

Irvine, CA, USA) as previously described [432]. Assays were conducted in Buffer Z 

supplemented with 10 μM Amplex Ultra Red (AUR) (an H2O2 fluorogenic probe) (Life 

Technologies), 1 U/mL horseradish peroxidase (HRP), 1 mM EGTA, 40 U/mL Cu-Zn SOD1, 5 

μM blebbistatin, and 20 mM Cr.  

Two protocols were implemented in separate PMFBs, as follows. In protocol 1, maximal mH2O2 

in the absence of ADP (State II), was induced using the complex I-supporting substrates pyruvate 

(10 mM) and malate (2 mM) (NADH; forward electron flow). Next, stepwise ADP 

concentrations (25-100 μM (physiological ranges) and 500 μM (saturating for suppression of 

mH2O2) were titrated progressively to determine ADP’s ability to suppress mH2O2 and in the 

presence of 20 mM Cr [437]. In protocol 2, (separate PmFB), 10 mM succinate (State II) was 

added to stimulate mH2O2 by reverse electron flow from complex-II (FADH2) to complex-I 

followed by ADP titrations as performed in Protocol 1. To assess the effects of creatine-

dependent cycling of adenylates (ADP/ATP) on mH2O2 attenuation, the succinate protocols were 

repeated in a separate PmFB in the absence of creatine in the buffer given creatine enhances the 

ability of ADP to attenuate mH2O2 [300].  

At culmination of the protocol, bundles were collected and lyophilized in a freeze-dryer 

(Labconco, Kansas City, MO, USA) for ~4 hours and weighed using a microbalance (Sartorius 

Cubis Microbalance, Gottingen, Germany). Rate of mH2O2 was calculated using a standard curve 

in identical assay conditions. Values were normalized to fibre bundle dry weight.  
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Calcium retention capacity 

Mitochondrial calcium retention capacity (CRC) was performed as previously described [392]. 

Prior to commencing each experiment, a cuvette lined with 10 mM EGTA in ~500 uL deionized 

water was placed on a stir plate at room temperature for at least 10 mins. Water was aspirated 

without rinsing to allow EGTA to coat the cuvette, thus ensuring that residual Ca2+ in the assay 

buffer (Buffer Y) would be chelated. Experiments were measured spectrofluorometrically 

(QuantaMaster 80, HORIBA Scientific) at 37°C and continuous stirring in a cuvette with 300 μL 

Buffer Y containing 1 μL Calcium Green-5N (Invitrogen) as a fluorescent probe specific to Ca2+, 

2 μM thapsigargin (to inhibit SERCA), 5 μM blebbistatin, and 40 μM EGTA. For each 

experiment, minimum fluorescence (Fmin) was obtained by first adding 5 mM glutamate, 2 mM 

malate, and 500 μM ADP to Buffer Y containing the PmFB. Following these additions, a single 8 

nmol bolus of CaCl2 was titrated into the cuvette, followed by subsequent 4 nmol boluses until 

mitochondrial permeability transition (mPT) occurred, as reflected by an increase in fluorescence 

representing Ca2+ release from saturated mitochondria. Once mPT was established, two 

additional saturating boluses of 0.5 mM CaCl2 were titrated to saturate the fluorophore and 

establish a maximum fluorescence (Fmax). To calculate changes in free Ca2+ in the cuvette as an 

outcome of mitochondrial Ca2+ uptake, the known Kd for Calcium Green-5N and equations for 

calculating free ion concentration were utilized [432]. Once an Fmax was established, PmFBs 

were carefully recovered and lyophilized in a freeze-dryer overnight and weighed on a 

microbalance for dry weight trace normalization.  

Caspase activity assay 

Caspase activity was measured in whole-muscle lysates that were prepared in the absence of 

protease inhibitors, as described elsewhere [439]. Lysis buffer consisted of (in mM): 20 HEPES, 
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10 NaCl, 1.5 MgCl2, 1 DTT, 20% glycerol, and 0.1% Triton X-100. Briefly, samples were 

incubated at room temperature in 20 μM Ac‐DEVD‐AFC (caspase‐3), Ac‐LEHD‐AFC (caspase‐

9), or Ac-IETD-AMC (caspase-8) in assay buffer containing 20 mM HEPES, pH 7.4, 10 mM 

DTT, and 10% glycerol. Fluorescence was measured at room temperature using a Cytation 5 

Imaging Multi-Mode Reader with excitation (400 nm) and emission (505 nm) wavelengths for 

AFC substrates (Caspase-3 and Caspase-9). Excitation (360 nm) and emission (440 nm) 

wavelengths were utilized for AMC substrates (Caspase-8). Values were normalized to protein 

concentration of samples and expressed as a fold change in fluorescence. 

Flow cytometry 

Heparinized mice were anesthetized with isoflurane and placed into a nose cone with continuous 

vaporization. The RV was perfused with 7 mL pre-warmed (37°C) EDTA buffer (pH 7.8) to 

chelate calcium and prevent aggregation of cells. The heart was then removed and placed into a 

shale plate containing EDTA buffer, followed by perfusion into the LV with 10 mL EDTA to 

remove remaining blood. The heart was then perfused with 3.5 mL pre-warmed perfusion buffer 

(pH 7.8) to arrest the heart in diastole. Upon taking whole heart weight, RV and LV were 

surgically separated, washed with remaining perfusion buffer, and were subsequently dried and 

weighed. Finely minced pieces of each ventricle were digested for 60 mins at 37°C on a 140 

RPM shaker in DMEM containing DNase I (60 U/mL) (Sigma; Cat no. 11284932001), 

collagenase type II (450 U/mL) (Worthington; Cat no. LS004176), and hyaluronidase (60 U/mL) 

(Sigma; Cat no. h3506). Digested chamber-specific tissue was then filtered through 100 μM cell 

strainers (Miltenyi Biotec) and washed with 5 mL DMEM + 20% FBS into 15 mL conical tubes. 

Samples then underwent centrifugation for 5 mins at 4°C and 500 RCF. With only 2 mL 

remaining in the conical tubes, the pellets were resuspended, and fractions were separated into 
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‘unstained’ and ‘full stained’ 1.5 mL tubes. Following another identical centrifugation protocol, 

pellets were resuspended in FACS buffer (DPBS containing 2 mL FBS stock and 1 mM EDTA). 

FC block (Thermo Fisher; Cat no. 14-0161-85) was added to all tubes to prevent auto-antibody 

binding, and tubes were incubated on a shaker at room temperature for 15 mins. Additional 

FACS buffer was added to all unstained tubes while equal volume cell surface marker antibody 

master mix was added into the full stained tubes. All tubes were kept away from light and were 

incubated for 30 mins at 4°C on a shaker. Samples were then centrifuged again (same protocol), 

resuspended in FACS buffer and intracellular (IC) fixation buffer (Thermo Fisher; Cat no. 00-

8222-49), and were once again incubated for 30 mins at 4°C on a shaker. After one final 

centrifugation (same protocol), pellets were resuspended in 1 mL FACS buffer and stored in a 

dark, humidity-controlled 4°C fridge for subsequent processing using the Cytek Aurora 5-laser 

spectral flow cytometer (CytekBio). 

Cell surface marker antibody master mix 

CD45 – 1:1200 – Thermo Fisher Cat no. 64-0451-82 – 30-F11 AF700 

CD11b – 1:1000 – Thermo Fisher Cat no. 63-0112-82 – M1/70 SB600 

CD64 – 1:800 - Thermo Fisher Cat no. 17-0641-82 - X54-5/7.1 APC 

F4/80 – 1:600 – BioLegend Cat no. 10630 – BV650 

CCR2 – 1:100 – BioLegend Cat no. 13354 - FITC 

 

Statistics  

All results are expressed as mean ± SD. Outliers were identified and excluded in accordance with 

ROUT testing (Q=0.5%). Subsequently, the D’Agostino-Pearson Omnibus normality parameters 

were performed to determine if data resembled a Gaussian (normal), or lognormal distribution 

(GraphPad Prism 9.3.0 Software, La Jolla, CA, USA). Complex I-stimulated respiration in both 

20 mM Cr and No Cr conditions in the LV failed normality – therefore, relevant datasets were 

log-transformed, and we subsequently conducted standard parametric two-way ANOVA testing. 
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All other datasets passed normality. A two-way ANOVA was used for ADP-stimulated 

mitochondrial respiration and ADP-suppression of mH2O2, followed by Benjamini, Krieger, and 

Yekutieli’s post hoc analysis to correct for false discovery rate when a significant interaction was 

observed [440]. A one-way ANOVA was conducted for morphometric, Western blot, 

histopathology (fibrosis and myocardial disorganization), and immunofluorescence, followed by 

post hoc analyses where relevant. Significance was established at p < 0.05 for all statistics. While 

corrected p-values are typically reported as q-values with the Benjamini, Krieger, and Yekutieli’s 

post-hoc analysis, we herein report them as p-values. 
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 Supplementary Data – To be included in publication

SFigure 4-1. Study design and corresponding timeline of data collection phases, with morphometric data from 4-week-old 

WT, D2.mdx-LD (phase 1 only), D2.mdx-VEH, and D2.mdx-HD. A) To collect chamber-specific data for all measures with a 

sufficient sample size, four phases of in-house breeding and daily injections were required. D2.mdx-LD mice were dropped following 

the first phase due to logistical considerations. B) Specific comparisons include heart weight (mg), body weight (g), heart weight 

normalized to tibia length (mg/mm), heart weight normalized to body weight (mg/g), and ventricle-specific weights (phase 4 only). 

Results represent mean ± SD; n=7-14. All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. 

*p<0.05 denotes significance. Figure (SF 4-1A) created using www.BioRender.com. 
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SFigure 4-2. D2.mdx mice demonstrate robust myocardial disorganization across various chambers which is not prevented by 

ALY688. A) D2.mdx mice exhibit myocardial disorganization (represented as a % of total tissue), which is defined by loss of nuclear detail 

and the presence of coalescing nuclei as detected with H&E staining. B) D2.mdx-VEH exhibit increased myocardial disorganization in the 

RV, but this was not protected by ALY688. Comparable results were demonstrated within the LV in D2.mdx-VEH. Images were taken with 

EVOS M7000 Imaging System at 4x magnification. Results represent mean ± SD; n=5-11. Scale bars are 1 mm. All p values are FDR-

adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. 
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SFigure 4-3. Chamber-specific immunofluorescent staining reveals distinct differences in α-SMA across groups in D2.mdx mice. A) 

D2.mdx-VEH demonstrate elevated α-SMA compared to WT in the RA, RV, and LA. D2.mdx-HD demonstrate elevated α-SMA in the RA, LA, 

and LV. α-SMA (denoted by white arrows) was quantified by Mean Fluorescent Intensity (A.U.) per region of interest (B). Whole atria and free-

wall segments of the ventricles were analyzed. Stains were conducted on 5 μm thick paraffin-embedded sagittal sections and imaged by confocal 

microscopy at 20x magnification. Results represent mean ± SD; n=4-9. Scale bars are 100 μm. All p values are FDR-adjusted by Benjamini, 

Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. WT = Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high 

dose (ALY688)-treated mdx; RA = right atrium; LA = left atrium; RV = right ventricle; LV = left ventricle. 
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SFigure 4-4. Septum-specific immunofluorescent staining reveals no differences in TGF-β1 or α-SMA between any of the groups. 

B) When examining presence of TGF-β1 or α-SMA in the fibrotic (epicardial RV) regions of D2.mdx-VEH and D2.mdx-HD, it was 

determined qualitatively that VEH mice exhibited more of both compared to HD. Statistics could not be tested due to low sample size. n=6-

10 (septum). Scale bars are 100 μm. WT = Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high dose (ALY688)-treated mdx. 
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SFigure 4-5. Chamber-specific immunofluorescent staining reveals that dystrophin deficiency causes elevated IL-10 compared to WT 

mice, which is further elevated by ALY688 in LV of D2.mdx mice. A) IL-10 (denoted by white arrows) was quantified by Mean Fluorescent 

Intensity (A.U.) per region of interest (B). Whole atria and free-wall segments of the ventricles were analyzed. Stains were conducted on 5 μm 

thick paraffin-embedded sagittal sections and imaged by confocal microscopy at 20x magnification. Results represent mean ± SD; n=5-10. Scale 

bars are 100 μm. All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. WT = 

Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high dose (ALY688)-treated mdx; RA = right atrium; LA = left atrium; RV = right 

ventricle; LV = left ventricle. 
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SFigure 4-6. Chamber-specific immunofluorescent staining reveals that D2.mdx-HD mice demonstrate elevated IL-6 compared to WT in 

the LA. A) IL-6 (denoted by white arrow) was quantified by Mean Fluorescent Intensity (A.U.) per region of interest (B). Whole atria and free-wall 

segments of the ventricles were analyzed. Stains were conducted on 5 μm thick paraffin-embedded sagittal sections and imaged by confocal 

microscopy at 20x magnification. Results represent mean ± SD; n=5-10. Scale bars are 100 μm. All p values are FDR-adjusted by Benjamini, 

Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. WT = Wildtype mouse; VEH = vehicle (saline)-treated mdx; HD = high dose 

(ALY688)-treated mdx; RA = right atrium; LA = left atrium; RV = right ventricle; LV = left ventricle. 
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SFigure 4-7. Representative spectral flow cytometry gating scheme demonstrating how specific immune cell populations were gated. Gating 

scheme includes several quality control checks to exclude cell aggregates and debris which may contribute to artefacts in cell count. Corresponding 

serotype for this gating scheme is CD11b+CD45+CD64+/-F4/80+/-CCR2+/-, retrieved from a D2.mdx-HD RV. 
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SFigure 4-8. Mitochondrial respiratory control by ADP during oxidative phosphorylation is prevented by 

ALY688 in the absence of creatine, while mitochondrial stress responses (indicated by CRC and H2O2) differ 

between ventricles and are only partially prevented by ALY688. A) Across various metabolic demands, oxygen 

consumption by mitochondria that is blunted in D2.mdx-VEH is prevented in D2.mdx-HD in the RV. In the LV, 

D2.mdx-VEH demonstrate elevated mitochondrial oxygen consumption compared to WT, and this is further elevated 

in D2.mdx-HD compared to D2.mdx-VEH. All experiments were conducted using the Complex-I-stimulating 

(NADH-generating substrates 5 mM pyruvate and 2 mM malate) in the absence of creatine. Results represent mean 

± SD; n=10-12. LV data was log-transformed given that it did not pass normality testing. *p<0.05 denotes significance. 

Main effects are denoted by horizontal bar - γp<0.05 WT vs D2.mdx-VEH; §p<0.05 D2.mdx-VEH vs D2.mdx-HD; 

†p<0.05 WT vs D2.mdx-HD. B) Ventricle-specific creatine sensitivity using 100 and 500 μM ADP reveals a complex 

relationship whereby the D2.mdx-HD exhibit elevated Cr/No Cr JO2 compared to D2.mdx-VEH in the RV using 500 

μM ADP, while in the LV at 100 μM ADP, creatine sensitivity in D2.mdx-HD is significantly decreased compared to 

both WT and D2.mdx-VEH and only significantly decreased compared to WT at 500 μM ADP. n=10-12. *p<0.05 

denotes significance. C) OXPHOS content Western blot reveals differences whereby lower Complex-II subunit SDHB 

protein content in D2.mdx-VEH is prevented by ALY688 only in RV. No differences in other subunit or pooled ETC 

was detected in either ventricle. N=11-12. Results represent mean ± SD. *p<0.05 denotes significance. D) In the RV, 

D2.mdx-VEH demonstrate significantly blunted mitochondrial CRC compared to WT, which is prevented in D2.mdx-

HD, when examining pooled data of mPT and no mPT PmFBs. No differences were detected in the LV. Results 

represent mean ± SD; n=8-11. *p<0.05 denotes significance. E) D2.mdx-VEH mice exhibit decreased mitochondrial 

Complex I-supported (pyruvate + malate) forward electron transfer mH2O2 compared to WT exclusively in the RV in 

the presence of saturating creatine, which is surprisingly elevated in D2.mdx-HD compared to D2.mdx-VEH across 

various metabolic demands but is not different compared to WT. N=10-12. Results represent mean ± SD. Main effects 

are denoted by horizontal bar - γp<0.05 WT vs D2.mdx-VEH; §p<0.05 D2.mdx-VEH vs D2.mdx-HD. F) When 

assessing mitochondrial Complex I+II-supported (succinate) reverse electron transfer H2O2 emission in the presence 

of saturating creatine, it was again observed that D2.mdx-VEH had lower mH2O2 compared to WT, which was also 

decreased in D2.mdx-HD at 25 μM ADP. Results represent mean ± SD. *p<0.05 denotes significance. Main effects 

are denoted by horizontal bar - γp<0.05 WT vs D2.mdx-VEH; §p<0.05 D2.mdx-VEH vs D2.mdx-HD; †p<0.05 WT 

vs D2.mdx-HD. No differences were detected in the LV using either substrate protocol (pyruvate + malate or 

succinate). N=8-12. All p values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. 
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5 INTRODUCTION 

Coronary artery disease (CAD), which is defined as the reduction of oxygenated blood flow 

to the myocardium attributed to build-up of atherosclerotic plaque formation in one or more of 

the coronary arteries, is the most common cause of death globally [441]. While percutaneous 

coronary interventions (PCIs), which involve the placement of vascular stents to mechanically 

open the occluded artery, and anti-ischemic drugs such as beta-blockers and calcium-channel 

inhibitors can halt the progression of atherosclerosis and prevent atherothrombotic events [442], 

on-pump coronary artery bypass grafting (CABG) surgeries are considered the gold standard 

intervention for treatment of complex multi-vessel CAD [443]. On-pump CABG surgeries are 

intended to re-route blood flow around major occluded coronary arteries with a grafted artery or 

vein (typically the mammary artery or saphenous vein) while minimizing ischemic damage to the 

myocardium, ultimately preventing the development of more severe long-term cardiovascular 

complications. During on-pump CABG, the heart is arrested, however, artificial circulation is 

maintained throughout the body by the cardiopulmonary bypass (CPB) machine. The CPB 

circulation system enables ‘impure’ blood to be drained from the heart via specialized cannulas 

so that it can be purified and pumped back to the patient, ensuring that the body receives 

adequate blood supply to sustain physiological processes. While the heart is being connected to 

CPB, high-potassium-containing cardioplegic solution that is infused via the aortic cannula is 

responsible for arresting the heart so that the surgeon is able to anastomose the harvested grafts 

to the appropriate occluded coronary arteries. While cardioplegic solutions are meant to protect 

the heart against ischemic injury during CABG by reducing myocardial oxygen consumption, the 

disruptive combination of ischemia and rapid reperfusion (following successful anastomosis) 
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overwhelms cardiac mitochondria with oxygen, thus representing a major precipitator of damage 

in cardiac surgery through mechanisms that may implicate mitochondrial stress responses.  

While cardiac ischemia - defined as decreased oxygenated blood flow to the myocardium – 

can result in complications if the restricted blood flow is 10% or less of normal resting perfusion 

[444], reperfusion – the restoration of oxygenated blood flow to previously ischemic regions – 

can paradoxically exacerbate cellular dysfunction and death despite being necessary to ensure 

survival of the tissue. Collectively, this phenomenon is known as cardiac ischemia-reperfusion 

injury (IRI), and it exists in a multitude of cardiomyopathies and revascularization procedures. 

IRI, whether it is induced by CABG or by other cardiovascular complications such as 

myocardial infarction, can present severe metabolic consequences for the myocardium during 

both the ischemic and reperfusion phase. For example, periods of cardiac ischemia can lead to 

decreased mitochondrial ATP production due to a lack of oxygen required for oxidative 

phosphorylation [445], which in turn can impact the functionality of ATP-dependent enzymes 

that regulate ion balance. One of these enzymes is the sarcoendoplasmic reticulum Ca2+ ATPase 

(SERCA), which, if impaired, can cause intracellular Ca2+ accumulation and overload if their 

ability to extrude and reuptake Ca2+ from the sarcoendoplasmic reticulum (SR) L-type Ca2+ 

channels is compromised [446]. Impairments to Ca2+ homeostasis during ischemia can be 

detrimental given its contributions to cardiac contractility with Ca2+-troponin C interactions and 

may also lead to impaired post-ischemic mechanical function recovery [447]. On the other hand, 

rapid reperfusion following periods of prolonged ischemia can lead to alterations in ion flux, 

rapid renormalization of pH which can exacerbate cytotoxicity [448,449], and most notably, a 

myriad of mitochondrial stress responses which can impact the bioenergetic capacity of the heart. 

Together, severe cardiac IRI can lead to collapses in mitochondrial membrane potential (ΔΨm) 
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[450], damage to the ETC that perpetuates ROS generation [451], alterations to endogenous 

antioxidant systems [452,453], mitochondrial swelling [454], cytochrome c release [455], and 

disruption of cardiolipin [455], which can precipitate apoptotic and necrotic programs [456,457]. 

Another important metabolic response to cardiac IRI is mitochondrial substrate utilization shifts 

whereby cardiac ischemia leads to increased reliance on glycolysis-derived ATP while IRI 

increases reliance on fatty acid β-oxidation-derived ATP production [447]. Despite declines to 

both glucose and fatty acid β-oxidation during periods of cardiac ischemic stress attributed to the 

lack of oxygen as the final electron acceptor in the ETC, the latter remains the predominant 

source of residual oxidative metabolism due to increased availability of circulating FFAs, while 

glucose oxidation remains depressed [458–460]. Presently, it is not fully known why cardiac IRI 

favours fatty acid-stimulated oxidation as the primary ATP-generating source, however, 

pioneering work from the Lopaschuk group suggests that inhibiting fatty acid-stimulated 

oxidation while enhancing carbohydrate (pyruvate)-stimulated oxidation may ameliorate cardiac 

IRI and its associated downstream pathology, at least in murine models of inducible IR [461]. An 

experimental design comparing mitochondrial substrate utilization in pre- and post-CABG 

human right atrial appendage (RAA) samples has never been assessed. This gap in knowledge 

presents an opportunity for exploring how CABG influences adaptations to mitochondrial 

substrate oxidation and ROS damage (index of mitochondrial stress). The purpose of this chapter 

was to investigate the mitochondrial alterations associated with on-pump CABG by comparing 

pre-CABG RAA samples to post-CABG samples. By understanding the molecular mechanisms 

underpinning CABG surgeries at different time-points, future therapy development could target 

mitochondrial stress responses, including substrate oxidation adaptations and oxidative stress-

induced damage, to improve both peri-operative and post-operative patient recovery outcomes.  
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Figure 5-1. Novel repeated-measures study design for comparatively assessing pre- and 

post-CABG RAA samples in male patients. All samples were obtained from male patients 

aged 63-80 years undergoing elective CABG, who were monitored for up to three days post-

operation. This study was characterized by implementation of a unique design in which clinical 

characteristics including circulating complete blood count, demographics information, previous 

medical history, and medication list were among the variables assessed alongside high 

resolution mitochondrial respirometry with glucose and fatty acid-stimulating substrates, prx3 

oxidation, and ‘additional planned measurements’ at two distinct time-points. Figure created 

using www.BioRender.com. 
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6 LITERATURE REVIEW 

6.1. Overview of CABG 

Coronary artery disease (CAD) is the leading cause of death worldwide and coronary artery 

bypass grafting (CABG) surgeries are among the gold standard interventions for treatment of 

multi-vessel CAD [441]. CABG surgeries - sometimes referred to as heart bypass or 

revascularization procedures - are routinely performed when one or more of the major coronary 

arteries are narrowed or occluded (usually by atherosclerotic plaques), thus restricting blood 

supply to the heart. These invasive procedures are known to reduce mortality among medium- 

and high-risk patients and are generally preferred over non-surgical management options and 

percutaneous coronary interventions (PCIs) due to their ability to improve and extend lifespan 

[462–464]. CABG procedures are intended to re-route blood flow around major occluded 

coronary arteries while minimizing ischemic damage to the myocardium, ultimately preventing 

the development of more severe cardiovascular diseases.  

There are two predominant coronary arteries that supply blood to the myocardium: the left 

main coronary artery (LMCA) and the right coronary artery (RCA). While the LMCA typically 

branches into the left anterior descending (LAD) artery and circumflex artery, the RCA branches 

into the posterior descending artery (PDA) and marginal branches. Without promptly restoring 

blood flow to the ischemic myocardium through one of the aforementioned major arteries during 

instances of coronary occlusion, patients may experience anginal symptoms and other 

precipitators of cardiac dysfunction leading to long-term complications like permanent infarct 

and even death.   

The 2011 ACCF/AHA guidelines were developed to assess several indicators that would be 

indicative of a CABG recommendation. These indicators include LMCA disease >50%, three-
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vessel CAD >70% without proximal LAD involvement (generally observed in diabetics), two-

vessel disease impacting LAD and one other major artery, one or more significant stenoses >70% 

in patients with severe anginal symptoms, and/or one-vessel disease >70% in patient’s surviving 

ischemia-related ventricular tachycardia [465]. In order to ‘bypass’ these atheromatous 

blockages, anastomosis of the artery with healthy harvested venous or arterial grafts/conduits is 

paramount. Typically, bypass grafts are harvested from the internal mammary artery (IMA; 

usually left origin – LIMA, but also on rare occasions right origin – RIMA) and/or the saphenous 

vein (SV) from the lower extremity. Other popular bypass graft options include the radial artery 

and gastroepiploic artery.   

Grafts harvested from either the IMA or SV are associated with improvements to short- and 

long-term outcomes and patient survival following CABG due to their patency characteristics, 

which reflect their ability to remain unobstructed over time following CABG. While SV is 

among other common graft options, it is prone to early atherosclerotic changes, trauma from the 

harvesting procedure, and elevated arterial pressure exposure on the venous endothelium that 

perpetuates intimal hyperplasia, thus making it more susceptible to re-occlusion following 

CABG [465,466]. Interestingly, compared to IMA grafts, SV have reduced patency 

characteristics, whereby ~10-to-25% of grafts will occlude 1-year post-CABG, and only ~50-

60% are patent 10-years post-CABG [465]. On the other hand, IMA grafts have the best long-

term efficacy, with >90% patency 10-years post-CABG [467]. A study conducted by Loop et al., 

examined the 10-year survival of patients with an IMA graft to the LAD either exclusively or in 

the presence of additional vein grafts versus patients who only received SV grafts [468]. The 

group concluded that rates of survival for patients with an IMA graft (93.4%) were higher than 

rates of survival for patients with SV grafts (88.0%) in a one-vessel disease, two-vessel disease 
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(90.0% and 79.5%, respectively), and three-vessel disease as well (82.6% and 71.0%, 

respectively), thus solidifying IMA grafts as the superior option over SV grafts [468]. 

Additionally, unlike SV grafts, IMA grafts contain physiological, anatomical, and hemodynamic 

characteristics that insulate them against atherosclerotic changes [466]. It is thought that the non-

fenestrated elastic lamina of the IMA protects it against susceptibility to intimal hyperplasia, 

whose development precedes atherosclerosis [466,468–470]. Determining the correct grafting 

conduit based on the individual patient’s angiogram is essential for a successful CABG 

procedure. 

6.1.1. Surgical Procedure 

The CABG procedure serves to bypass atherosclerotic occlusions by connecting upstream 

blood flow from the ascending aorta or subclavian artery to a target distal to the blockage using a 

healthy grafted vein/artery (Figure 6-1). Before bypass grafts of LIMA origin (as an example) 

can be harvested for revascularization, standard median sternotomy must be performed by the 

surgeon. Following median sternotomy, the LIMA can be harvested for grafting while another 

member of the surgical team will typically remove segments of the SV, which can alternatively 

be harvested for grafting if the LIMA is deemed unsuitable. Following harvest of a suitable graft, 

the patient is put on cardiopulmonary bypass (CPB), also referred to as the heart-lung machine, if 

the procedure to be performed is considered ‘on-pump’ CABG.  

During on-pump CABG, the heart is arrested, however, artificial circulation is maintained 

throughout the body by the CPB machine. The CPB circulatory system enables ‘impure’ blood to 

be drained from the heart via specialized cannulas so that it can be purified and pumped back to 

the patient, essentially substituting the role of the pulmonary system. Alternative to this 

traditional technique is off-pump CABG, where the procedure is performed while the heart is 
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still beating independent of CPB. While some data proposes that the off-pump CABG method is 

associated with lesser post-operative complications compared to on-pump CABG for several 

reasons including due to the elimination of 1) artificial circulation, 2) excessive manipulation of 

the aorta, and 3) CPB-related cannulation, it is a complex technique that requires the surgeon to 

attach grafts to an actively beating heart, which can be accompanied with its own share of 

logistical intricacies [471]. 

The heart can be connected to CPB by cannulating the aorta and right atrium. Once the aorta 

is cannulated, it is connected to the arterial pump tubing, while the venous cannula is inserted 

into the right atrial appendage (RAA). High-potassium-containing cardioplegic solution that is 

infused via the aortic cannula is responsible for arresting the heart so that the surgeon is able to 

anastomose the harvested grafts to the appropriate coronary arteries affected by blockages.  

Oftentimes, excess RAA sample can be collected prior to cross-clamping the aorta and 

exposing the heart to cardioplegic solution once the double purse-string suture has been inserted 

[472]. When the venous cannula is being inserted, the superior suture holds the venous cannula 

in place, while the inferior purse-string suture remains loose such that this portion of the atrium 

is still exposed to cardioplegic solution and CPB after removal of the aortic cross-clamp [472]. A 

second RAA sample can be obtained following CPB from the area in between the purse-string 

sutures while the venous cannula is being removed. The first RAA sample would be considered 

pre-ischemic (given that it is explanted prior to cardioplegia solution exposure), while the second 

sample would be exposed to reperfusion stress.  
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After the distal portions of the coronary arteries are anastomosed, and the grafts are attached 

to new ostia (openings) created in the proximal aorta, the cardioplegic solution can be washed 

out to allow the heart to once again contract. Upon the surgeon’s discretion, if the CABG 

procedure is deemed successful, the chest can be closed, and the patient is sent to the 

cardiovascular ICU for monitoring.  

 

 

 

 

 

 

6.2. Possible Mechanisms of CABG-induced Ischemia-Reperfusion Injury (IRI) 

While cardioplegic solutions that arrest the heart are meant to protect against ischemic injury 

during CABG by reducing cardiac mitochondrial oxygen demand, the disruptive combination of 

ischemia and subsequent reperfusion, which overwhelms cardiac mitochondria with oxygen, 

remains a major contributor to post-operative complications.  

Figure 6-1. Schematic representation of coronary artery bypass grafting (CABG) surgical 

procedure. Left side of the image (pre-CABG) depicts one or more coronary arteries that are 

occluded by atherosclerotic plaque formation during coronary artery disease. Right side of the 

image (post-CABG) depicts two sample vessels that can be harvested as a graft (saphenous vein 

graft and internal mammary artery graft) to allow blood flow to be re-routed around the occluded 

coronary artery (denoted by glowing red ‘boxed’ occlusion), ultimately re-establishing coronary 

blood flow. Figure created using www.BioRender.com. 
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Cardiac ischemia - which is defined as reduced oxygenated blood flow to heart muscles – can 

result in a plethora of complications if the restricted blood flow is 10% or less of normal resting 

perfusion [444]. Severe damage that ensues following cardiac ischemia can lead to the onset of 

cell death starting in the endocardium as early as 20 minutes after blood flow cessation [444]. In 

addition to a decline in oxygen reaching the myocardium - which can result in severe metabolic 

consequences that impact mitochondrial oxidative phosphorylation (such as a sharp decline in 

aerobic ATP generation and simultaneous activation of anaerobic glycolysis), cardiac ischemia 

can also lead to tissue acidosis (reduction in pH) due to a disruption of intracellular ion kinetics 

implicating Na+, H+, K+, and Ca2+ ions [473,474]. During CABG, total ischemia is induced by 

aortic cross-clamping and the use of cardioplegic solutions (in addition to the ischemia caused by 

atherosclerotic coronary occlusion). However, cardioplegia, which is achieved by hyperkalemic 

and hypothermic cardiac arrest with a solution that typically contains glucose, is intended to 

minimize myocardial metabolic activity and oxygen demand during this period of myocardial 

vulnerability [473]. Although much is known about the detriments associated with artificially 

inducing ischemia such that extra precautions are routinely taken during surgery to minimize the 

after-effects, the subsequent global, dramatic reperfusion is classically thought to overwhelm 

physiological capabilities of the heart, leading to arrhythmias, myocardial stunning, altered 

cardiac output, and even long-term consequences like post-operative myocardial infarction [473].  

Cardiac reperfusion – which is the restoration or reintroduction of oxygenated blood flow to 

previously ischemic regions – can paradoxically exacerbate cellular dysfunction and death 

despite being necessary to ensure survival of the tissue. This is particularly intriguing given that 

timely reperfusion, which can be initiated ideally within 6 hours from onset of arterial 

thrombosis, can be critical for preserving left ventricular postinfarct contractile function to 
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improve patient survival [444]. Simultaneously, rapid reperfusion following periods of prolonged 

ischemia can lead to alterations in ion flux, rapid renormalization of pH which can exacerbate 

cytotoxicity [448,449], and most notably, a myriad of mitochondrial stress responses which can 

impact the bioenergetic capacity of the energetically demanding heart [444]. Aside from the 

aforementioned ischemic damage - which also includes damage to the electron transport chain 

(ETC) - damage to cardiac mitochondria that precedes aberrant mitochondrial metabolism during 

the early reperfusion period is a key contributor to the progression of cardiomyocyte death [444]. 

The mitochondrial stress responses associated with cardiac IRI will be discussed in detail in 

Sections 6.3 and 6.4. 

CABG-induced ischemia-reperfusion injury (IRI) has been documented since at least the late 

1970s, when Bulkely and Hutchins determined by histologic assessment that post-mortem 

autopsied patients who had undergone CABG exhibited contraction band necrosis and 

coagulation necrosis in regions of new graft-related coronary artery occlusions [475,476]. This 

data suggests that coronary artery reflow through harvested grafts (reperfusion), following 

periods of operative nonperfusion (ischemia), accounts for a large majority of CABG-related 

infarct developments [475,476]. Unsurprisingly, in one longitudinal study, it was determined that 

reperfusion injury was present in 25% of all myocardial infarction (MI)-related deaths 30 days 

following CABG procedures [477]. Accordingly, it is approximated that in experimental models 

of IR, 25-40% of cardiomyocyte death can be attributed to reperfusion injury [444].  

Although ample evidence supports the claim that patient recovery outcomes following 

CABG procedures are highly influenced by IRI, the metabolic implications of these procedures 

in patients is still poorly understood. Furthermore, this gap in knowledge warrants further 
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exploration towards the metabolic consequences associated with this procedure and the potential 

therapeutic avenues that can be targeted to improve post-operative recovery outcomes. 

6.3. Alterations Associated with Cardiac IRI and Implications for CABG: Mitochondrial 

Bioenergetics 

6.3.1. Oxidative Phosphorylation and Substrate Utilization 

Cardiac mitochondria are indispensable for continuously generating energy supply to 

maintain contraction-relaxation cycles, basal metabolism, and ionic homeostasis through a 

tightly regulated process known as oxidative phosphorylation, which is responsible for 

provisioning the energetic currency of the cell – ATP (See Sections 2.7. and 2.7.3.). 

Unsurprisingly, the heart experiences a near complete turnover of the cardiac ATP pool every 10 

seconds given that the ATP content in the myocardium is relatively low (~5 μmol/g wet wt) 

[478], and accordingly, cycles approximately 6 kg of ATP daily [447,479,480]. Specific enzymes, 

transporters, and proteins rely on the hydrolysis of ATP into its constituent products, ADP and an 

inorganic phosphate (Pi) molecule, which can be harnessed to maintain energetic demands of the 

cell.     

While ADP and Pi can be viewed as metabolic substrates necessary for upholding 

physiological processes, they must be recombined back to ATP in a cycle that ensures constant 

provision of ATP to contracting muscles. Carbohydrates (such as glucose) and fatty acids are two 

essential energy substrates (among others, such as lactate and ketone bodies) required for re-

synthesizing ATP through an organized system of enzymes that extract energy bound within 

hydrogen bonds tethered to the carbon backbones of both nutrient sources (Figure 6-2). This 

process manipulates the structure of glucose and fatty acids such that transfer of energy can be 

permitted by directing the product of reducing equivalents (electrons and protons) towards the 

synthesis of ATP in the mitochondria by the reduced forms of nicotinamide adenine dinucleotide 
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(NADH) and flavin adenine dinucleotide (FADH2). These reducing equivalents are generated 

through dehydrogenase reactions occurring within the tricarboxylic acid (TCA) cycle following 

the breakdown of pyruvate and also during fatty acid β-oxidation pathways. Glucose and fatty 

acid metabolism are tightly regulated in the healthy heart. Approximately 95% of ATP 

production can be attributed to oxidative phosphorylation of carbohydrate and fat, and moreover, 

fatty acid β-oxidation contributes 60-80% of ATP production while the remaining is accounted 

for by carbohydrate (glucose and lactate) and ketone body oxidation [478,480–482]. The 

remaining 5% is supplied by substrate-level phosphorylation in glycolysis [478]. The 

relationship between glucose oxidation and fatty acid β-oxidation, including their relative 

contributions to energy supply, is perturbed in hearts affected by cycles of cardiac IR [447].  

Periods of cardiac ischemia can lead to decreased ATP production, which in turn, can 

impact the functionality of ATPase enzymes that regulate ion balance. For example, Na+/K+ 

antiporter ATPases, which exchange 3 Na+ ions out of the cell for 2 K+ ions into the cell to 

maintain ionic homeostasis, can lead to intracellular Na+ accumulation and overload (and 

excessive K+ efflux) if the Na+/K+ ATPase is impaired [483]. The accumulating intracellular Na+ 

concentration could also be caused by intracellular proton accumulation-induced activation of 

Na+/H+ [484], perpetuating impairments to Ca2+ levels via the Na+-Ca2+ exchanger (NCX) [485]. 

Furthermore, sarcoendoplasmic reticulum Ca2+ ATPases (SERCA), if impaired, can cause 

intracellular Ca2+ accumulation and overload if their ability to extrude and reuptake Ca2+ into the 

sarcoendoplasmic reticulum (SR) L-type Ca2+ channels is compromised [446]. Of note, 

impairments to Ca2+ homeostasis during ischemia can be detrimental given its contributions to 

cardiac contractility with Ca2+-troponin C interactions and may also lead to impaired post-

ischemic mechanical function recovery [447]. In addition to IR-induced ion dysregulation, 
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severe IRI can also lead to a collapse in mitochondrial membrane potential (ΔΨm), damage to the 

ETC that perpetuates reactive oxygen species (ROS) production, mitochondrial swelling, 

cytochrome c release, and disruption of cardiolipin, which collectively can precipitate apoptotic 

(mitochondrial outer membrane permeabilization (MOMP) and mitochondrial permeability 

transition pore (mPTP)) and necrotic programs [455–457]. Understanding the role of ATP in the 

context of mitochondrial function in physiological processes is paramount to exploring the 

differential contributions of substrate sources (carbohydrate and fatty acid) to ATP production, 

which will be discussed in the next section. 

6.4. Carbohydrate (Glucose)- versus Fatty Acid-supported Respiration in the Heart 

6.4.1. Carbohydrate (Glucose)-supported Respiration  

Myocardial glucose utilization begins with the recruitment of the glucose transporters 

GLUT1 and GLUT4 to the sarcolemma (which are typically abundant), where, once glucose 

enters the cytosolic compartment, it is phosphorylated by hexokinase-II to generate glucose-6-

phosphate (G-6-P) (Figure 6-2). Depending on the energetic state of the heart, G-6-P is either 

stored in the form of glycogen (commonly recruited during cardiac ischemia) or catabolized 

during glycolysis. Glycolysis serves to breakdown glucose in the cytosol to either lactate 

(anaerobic conditions) or pyruvate (aerobic conditions) while producing 2 moles of ATP. 

Phosphofructo-1-kinase (PFK-1) is an important regulatory enzyme to consider in this process 

given that it is responsible for committing glucose to catabolism via glycolysis [486]. Of note, 

ATP, citrate, and protons serve as allosteric inhibitors of flux through PFK-1 to partly determine 

the fate of glucose [486]. Before glucose can be catabolized to either pyruvate or lactate, flux 

through glyceraldehyde-3-phosphate dehydrogenase (GAPDH) must occur, which enables the 

oxidation and phosphorylation of glyceraldehyde phosphate (GP) coupled to NADH production 
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[486]. NADH is re-oxidized to NAD+ to ensure continuous flux through GAPDH either by 

lactate dehydrogenase (LDH) in the absence of oxygen, or by the malate/aspartate shuttle and 

ETC in the presence of oxygen.   

At the end of glycolysis, the majority of pyruvate undergoes oxidative decarboxylation in 

the mitochondria by the pyruvate dehydrogenase complex (PDHc), which consists of PDH, PDH 

kinase (PDK), and PDH phosphatase (PDHp), to yield acetyl-CoA for the TCA cycle in the 

mitochondria [447,487,488] (Figure 6-2). The proportion of PDH in its active versus inactive 

form can be influenced by an increase in glycolytic flux, increase in cardiac workload, or by 

catecholamine stimulation, with only approximately 20% of PDH in the active form prior to 

stimulation by one or more of these factors [447]. It is noteworthy that PDHc can be influenced 

by NADH:NAD+ and/or acetyl-CoA:CoA and pyruvate. Furthermore, PDHp can 

dephosphorylate, and therefore activate PDHc, while PDK can phosphorylate and therefore 

deactivate PDHc in response to increasing acetyl-CoA:CoA and NADH:NAD+ ratios, thus 

blocking the oxidation of carbon from glycolysis [489,490].  

During periods of mild-to-moderate cardiac ischemia, which is defined by a transient 

absence of oxygen, glycolysis-derived ATP production (which is uncoupled from pyruvate 

oxidation) may be sufficient to maintain ionic homeostasis temporarily, however, it could lead to 

an accumulation of lactate and protons (intracellular metabolic acidosis) [447,491]. Moreover, 

myocardial glycogen stores are limited (albeit recruited during cardiac ischemia), meaning that 

glycolysis is generally viewed as a short-term solution [492]. Prolonged, complete ischemia can 

lead to impairments in glycolytic flux due to inhibition of the pathway by its own metabolic by-

products including an accumulation of protons at PFK-1 and GAPDH [493,494]. It is interesting 
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to note that accelerated glycolysis during ischemic periods can be resolved following reperfusion 

but would still remain uncoupled from carbohydrate (pyruvate) oxidation [495,496]. 

6.4.2. Fatty Acid-supported Respiration 

 Fatty acids oxidized by cardiac muscle are largely derived from dietary fats following 

consumption of a lipid-rich meal (primarily long-chain fatty acids in the form of oleate and 

palmitate) [478], fats stored in white adipose tissue (WAT) delivered through circulation, and, to 

a lesser degree, from endogenous cardiac intracellular triglyceride (IMTG) pools [497]. Before 

free fatty acids (FFAs) can be metabolized in the mitochondria, they must be activated by 

esterification to CoA - a process that generates a fatty acyl-CoA moiety in the cytosol capable of 

being transported across mitochondrial membranes. This is an ATP-dependent process that is 

catalyzed by fatty acyl-CoA synthetase (ACS) enzymes. In the cytosolic compartment, acyl-CoA 

is bound to an acyl-CoA binding protein (ACBP), thus facilitating its transport for mitochondrial 

fatty acid β-oxidation. Mitochondrial membranes (specifically the inner mitochondrial 

membranes (IMM)) are impermeable to (long-chain) fatty acyl-CoA moieties but not those 

attached to a carnitine molecule, therefore, carnitine (CPT-I at the outer mitochondrial membrane 

(OMM)) is utilized as a shuttle mechanism by substituting the CoA for a carnitine (Figure 6-2). 

To elaborate, at the OMM, carnitine palmitoyl-transferase I (CPT-I) is responsible for converting 

fatty acyl-CoA to fatty acylcarnitine moieties [498]. These fatty acylcarnitine moieties can then 

cross the IMM and are shuttled to the mitochondrial matrix via the carnitine-acylcarnitine 

translocase (which transports a free carnitine in the opposite direction). The fatty acylcarnitine 

moieties shuttled to the mitochondrial matrix are eventually reconverted back into a fatty acyl-

CoA moiety by the actions of carnitine palmitoyl-transferase II (CPT-II) on the IMM for further 

processing towards β-oxidation [499]. Fatty acid β-oxidation occurs in the mitochondrial matrix 
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where fatty acyl-CoA molecules are broken down to process acetyl-CoA (further metabolized in 

the TCA cycle) as well as reducing equivalents (NADH and FADH2) for the ETC.  

 There are three major factors that exert regulatory control over the rate of fatty acid β-

oxidation: level of circulating FFAs (which are elevated following cardiac surgery) [500], the 

intracellular level of malonyl-CoA, and the enzymes involved in mitochondrial fatty acid β-

oxidation. Circulating FFAs can become elevated as an outcome of catecholamine discharge 

(hormonal state) and norepinephrine (NE) levels that occurs during ischemic or surgical stress 

due to an increase in adipose tissue lipolysis and can also increase with fasting (prandial state) 

[447,501,502]. It is important to note that increased FFA delivery to the heart leads to increased 

rates of mitochondrial fatty acid β-oxidation [447]. The following section will primarily focus on 

the regulatory roles of malonyl-CoA on fatty acid β-oxidation.  

 Malonyl-CoA regulates fatty acid β-oxidation endogenous to the mitochondria. Malonyl-

CoA is generated from the conversion of cytosolic acetyl-CoA by the regulatory control of an 

acetyl-CoA carboxylase (ACC) isozyme known as ACCβ, while it is broken back down to acetyl-

CoA by malonyl-CoA decarboxylase (MCD) [503]. It is important to note that activity of ACCβ 

is under the phosphorylation control of AMPK, which is a critical energy-sensing enzyme that 

plays regulatory roles along several fatty acid and glucose metabolism pathways. Depending on 

the metabolic state of the heart, AMPK can phosphorylate (and thus inhibit) ACCβ to prevent 

chronic elevation of fatty acid levels, at least in skeletal muscle [504]. Malonyl-CoA is crucial 

for rates of β-oxidation given that it has the ability to inhibit the activity of CPT-I, therefore 

limiting mitochondrial fatty acid uptake at the OMM, as well as subsequent oxidation in the 

mitochondria [505,506]. Malonyl-CoA itself is regulated, in part, by the availability of acetyl-

CoA, which can be transported into the cytosol from the mitochondria through the formation of 
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mitochondrial acetylcarnitine, which is reconverted to acetyl-CoA in the cytosol by cytosolic 

carnitine acetyl transferase [507]. Malonyl-CoA can also be regulated by citrate that escapes 

oxidation in the TCA cycle and translocates to the cytosol, where it can allosterically activate 

ACC or contribute to cytosolic acetyl-CoA levels by feeding into the ATP citrate lyase pathways 

[508–510].  

6.4.3. Influence of Cardiac IR on Mitochondrial Substrate Selection 

  Glucose oxidation and fatty acid β-oxidation are inherently linked to each other, and the 

reciprocal relationship between shifts in glucose versus fatty acid oxidation has been known for 

over 60 years [511]. It is important to consider how these two energy substrate oxidation 

pathways regulate each other through a series of feedforward and feedback loops before 

exploring IR and its ability to influence shifts to their oxidation.  

 For example, fatty acid β-oxidation generates acetyl-CoA and NADH (similar to pyruvate 

oxidation) in the mitochondria which can activate PDH kinase and phosphorylation-inhibition of 

PDHc – a major regulatory complex involved in the conversion of pyruvate to acetyl-CoA 

through pyruvate decarboxylation during glucose oxidation. Moreover, as previously mentioned, 

β-oxidation-derived citrate – which contributes to the cytosolic acetyl-CoA pool, can inhibit 

PFK-1, thus inhibiting hexokinase (HK) via G-6-P during glycolysis and imparting an inhibitory 

effect on pyruvate (glucose) oxidation [512]. Since fatty acid β-oxidation uncouples glycolysis 

from glucose oxidation (e.g., during periods of ischemic stress where oxygen is limiting), the 

protons derived from ATP hydrolysis during glycolysis are not able to assist in the co-transport of 

pyruvate across the IMM, also leading to reductions in glucose oxidation [513].  

 On the other hand, glucose oxidation-derived acetyl-CoA generation can decrease fatty 

acid β-oxidation through feedback inhibition of 3-ketoacyl-CoA thiolase [447]. Glucose 
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oxidation-derived NADH can also decrease fatty acid β-oxidation through a feedback inhibition 

of acyl-CoA dehydrogenase and 3-hydroxyacyl-CoA dehydrogenase [447]. Cytosolic malonyl-

CoA, a potent inhibitor of mitochondrial fatty acid uptake, can be increased by glucose 

oxidation-derived acetyl-CoA, which signals to carnitine acetyltransferase and ACC [447,514].  

Despite declines to both glucose and fatty acid β-oxidation during periods of cardiac 

ischemic stress attributed to the lack of oxygen as the final electron acceptor in the ETC, the 

latter remains the predominant source of residual oxidative metabolism due to increased 

availability of circulating FFAs, while glucose oxidation remains depressed [458–460]. As 

glucose oxidation remains depressed during cardiac ischemia, pyruvate must be converted to 

lactate via LDH at the end of glycolysis to regenerate NAD+ to maintain glycolytic flux through 

GAPDH as an alternate ATP-producing pathway [447]. Interestingly, in the post-ischemic, rapid 

reperfusion phase, rates of fatty acid β-oxidation can return to near pre-ischemic levels, thus 

leading to inhibition of PDH and elevated production of both lactate and protons [447,513,515]. 

While this is occurring, glucose oxidation, cardiac efficiency, and mechanical function all remain 

impaired [516,517]. This is significant because it leads to the hypothesis that cardiac function 

may still be perturbed in the post-IR heart despite recovery of fatty acid β-oxidation capacity to 

pre-ischemia levels, thus stipulating that inhibiting fatty acid β-oxidation, while increasing 

glucose oxidation, may represent a viable therapeutic intervention for not only maintaining ATP 

production, but also restoring cardiac function. Additionally, this is further supported by 

evidence demonstrating that fatty acid β-oxidation requires more oxygen consumption for a 

given amount of ATP synthesis compared to carbohydrate oxidation, thus linking with the well-

established data that cardiac mechanical efficiency is impaired with elevated fatty acid oxidation 

[478,518]. To this end, there are several hypothetical ways in which substrate selection can be 
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influenced to optimize post-IR recovery, including: optimizing cellular uptake of specific 

substrate sources (glucose versus FFAs), upregulating transcription factors involved in substrate 

metabolism, modifying mitochondrial fatty acid uptake and/or regulators of mitochondrial fatty 

acid β-oxidation, and pharmacologically increasing glucose oxidation at the expense of fatty acid 

β-oxidation [447].  
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Figure 6-2. Schematic representation of integrated utilization of fat and carbohydrate oxidation in muscle, with key regulatory 

pathways, proteins, and enzymes. Differences in substrate catabolism are influenced by factors including metabolic demand, 

substrate availability, and diet. (Left side) Circulating free fatty acids (FFAs) are transported across the plasma membrane (PM) into 

the cytosol via fat-specific transporters, including fatty acid translocase/cluster of differentiation 36 (FAT/CD36), fatty acid binding 

protein (FABPPM), and fatty acid transport protein (FATP). In the cytosol, FFAs interact with several key enzymes and proteins to be 

oxidized in the mitochondrion following sequential breakdown via β-oxidation and tricarboxylic acid (TCA) cycle, which both 

provide reducing equivalents to be used in the electron transport chain (ETC). Malonyl-CoA serves as a prominent regulator of fat 

oxidation given its inhibitory actions on the mitochondrial outer membrane enzyme carnitine palmitoyltransferase 1 (CPT-I), which 

regulates fat entry into the mitochondrion. (Right side) Circulating 6-carbon glucose is transported across the PM via glucose 

transporter type 4 (GLUT1/4), where it is sequentially broken down by various glycolytic enzymes. The product, known as 3-carbon 

pyruvate molecules, are either shuttled into the mitochondrion for further oxidation via TCA cycle enzymes which provide reducing 

equivalents for the electron transport chain (ETC), or transformed into lactate. FFA – free fatty acid; FAT/CD36 – fatty acid 

translocase/cluster of differentiation 36 (FAT/CD36); FABPPM/c – plasma membrane/cytosolic fatty acid binding protein; FATP – fatty 

acid transport protein; IMTG – intramuscular triglyceride; HSL – hormone sensitive lipase; ATGL – adipose triglyceride lipase; MCD 

– malonyl-CoA decarboxylase; ACCβ – acetyl-CoA carboxylase; AMPK – adenosine monophosphate kinase; CPT-I/II – carnitine 

palmitoyltransferase 1/2; ACT – acetyl-CoA transferase; NADH – nicotinamide adenine dinucleotide; FADH2 – flavin adenine 

dinucleotide; TCA – tricarboxylic acid; I – IV – mitochondrial complexes I-IV; PDK – pyruvate dehydrogenase kinase; PDC – 

pyruvate dehydrogenase complex; MCP – monocarboxylate porter; GLUT – glucose transporter; GP – glycogen phosphorylase; G-

1-P – glucose-1-phosphate; HK – hexokinase; PFK – phosphofructokinase; LDH – lactate dehydrogenase. Figure created using 

www.BioRender.com. 
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6.5. Mitochondrial Redox Stress 

6.5.1. Cardiac IR-induced Oxidative Stress and Implications for CABG 

While it has long been known that cardiomyocyte mitochondria can be damaged as a 

result of both prolonged normothermic and cold (organ preservation) IRI [444,519–523], the 

specific mitochondrial reactive oxygen species (ROS)-mediated oxidative stress mechanisms 

remain understudied. Furthermore, mitochondrial ROS data from CABG-induced IRI is limited, 

with no known studies available to date that compare mitochondrial ROS of pre- and post-CABG 

RAA samples. This gap in knowledge presents an opportunity for exploring how CABG 

influences mitochondrial ROS – specifically, the effects of blood flow occlusion (oxygen 

deprivation) and rapid restoration of oxygenated blood flow on ROS-mediated damage. Given 

the lack of CABG-specific data that is currently available, this section will focus on the role of 

mitochondrial ROS in other models of cardiac IRI, including myocardial infarction and inducible 

cardiac IR in small mammals (e.g., rabbit, canine, guinea pig, rat, etc.). It should be noted that 

there are several other sites of ROS generation during IR, including NADPH oxidases and 

xanthine oxidases to name a few, however, this section will focus on mitochondrial sources of 

ROS.  

In physiological conditions, small amounts of ROS contribute to cellular signaling 

pathways and are in fact necessary to regulate several essential processes [524]. These 

molecules, which include the superoxide anion (O2
•-) and hydrogen peroxide (H2O2) (which is 

technically not a free radical but is still highly reactive) are generated as by-products of aerobic 

cellular metabolism from mitochondrial respiratory chain complexes embedded in the ETC (See 

Section 2.7.4.). Mitochondrial respiratory chain complexes I-IV are responsible for coupling the 

transfer of protons (H+ ions) directed to the intermembrane space (IMS) to the transfer of 
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electrons (e- ions) flowing through the complexes. During this process, attributable to the 

incomplete reduction of oxygen, superoxide radicals can form, primarily at complexes I and III, 

which can be quickly converted to H2O2 by mitochondrial manganese superoxide dismutase 

(MnSOD) [297,525] (Figure 6-3). A well documented consequence of myocardial IR, and pre-

eminent driver of IRI, is aberrant mitochondrial ROS production to levels that pathologically 

overwhelm the cell. IR-induced mitochondrial ROS bursts can be detrimental given that they 

often exceed the capability of endogenous antioxidant systems (e.g., mitochondrial catalase, 

glutathione peroxidase (GPx), MnSOD, peroxiredoxin/thioredoxin (Prx/Trx)) to scavenge these 

unstable molecules, leading to protein oxidation [526], lipid peroxidation [451,527], and opening 

of the mPTP [528] - collectively referred to as oxidative stress.  

6.5.2. Ischemic Damage 

ROS are primarily generated in mitochondria during ischemia [529,530]. It should be 

noted that cardiac ischemic damage independent of reperfusion can cause an increase in ROS 

generation from complex-I of isolated rat heart mitochondria, and it is hypothesized that 

complex-I activity decreases during ischemia due to this elevation in complex-I-derived ROS 

[531] (Figure 6-3). Complex-I-derived ROS generation in response to ischemia can lead to a 

conformational change in complex-I which shifts complex-I from its active ‘A’ configuration to 

its dormant ‘D’ configuration [532]. This shift to the dormant configuration - which complex-I 

can be trapped in due to excessive oxidant stress - leads to persistent decreased activity of this 

complex [444]. Interestingly, the dormant configuration of complex-I is associated with lower 

reverse electron transfer (RET)-associated superoxide generation as well as inhibited ROS 

production from decreased forward electron transfer (FET), both attributed to lower complex-I 

activity [444,532,533]. In certain pathological conditions, the dormant configuration may be 
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favoured due to the lower generation of RET-associated ROS, however, it can become 

problematic over long periods due to the reductions in ATP production caused by blunted 

complex-I activity. It is noteworthy that administering Metformin in high doses partially inhibits 

complex-I, and if given 5 minutes at the onset of reperfusion, can decrease cardiac damage [534]. 

Collectively, this data suggests that temporary inhibition of complex-I can attenuate ROS 

generation, which could lead to favourable cardioprotective outcomes if the effects of ischemia 

and reperfusion do not compound. Similar to complex-I activity, complex-III activity is also 

decreased during ischemia [535]. When ischemic damage occurs to complex-III, residual 

electron flow to this complex (possibly due to its dimeric composition and/or because 

cytochrome c oxidase does not rapidly consume all residual oxygen) leads to ROS generation 

[444]. The idea of residual electron flow following ischemia contributing to ROS generation is 

important given that ROS production virtually ceases during periods of anoxia. For this reason, 

ROS generation is directly linked to period of ischemia. Despite the activity of complex-II being 

decreased in rat heart mitochondria following prolonged ischemia, and further decreased 

following reperfusion [536], it is thought that complex-II is relatively resistant to ischemic 

damage [537]. Following mild ischemia, RET-associated ROS generation can occur, and 

preventing this ROS has been correlated with decreases to cardiac injury during IR [533]. 

Together, data suggests that ischemic damage to mitochondria may be mediated by mitochondria 

themselves, which is why, paradoxically, inhibiting various complexes within the ETC with 

rotenone or amobarbital, as an example, often protects against ischemic damage [538].  

6.5.3. Reperfusion Damage 

While it is often assumed that the majority of damage associated with IRI occurs solely at 

the onset of reperfusion attributed to a rapid influx of oxygen that overwhelms mitochondrial 
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machinery and leads to aberrant ROS generation and oxidative stress, newer data suggests that 

mitochondria, when free of ischemic damage prior to onset of reperfusion, mostly avoid cardiac 

injury [539]. To elaborate, ROS generation at complex-I and -III is lower following reperfusion 

if the ROS are not compounding with ROS also generated during ischemia [539]. It has been 

well established that many of the defects to the ETC as well as loss of cardiolipin and 

cytochrome c that occur as a result of ischemic damage persist and can even aggravate during 

reperfusion [540–542] (Figure 6-3). In this light, protecting cardiac mitochondria prior to 

reperfusion may carry forward into the early reperfusion period to minimize subsequent damage 

that ensues.   

Despite this unique perspective, considerable research has been conducted on the effects 

of reperfusion and its contributions to mitochondrial ROS generation. Much of the detrimental 

effects of reperfusion are linked to ETC damage from a variety of sources, including during 

ischemia and due to both ischemia-derived and reperfusion-derived ROS-induced ROS release 

(RIRR). In some cases, reperfusion injury may seem like the major precipitator of cardiac injury 

due to its effects being enhanced by ischemia. For example, isolated rat heart mitochondria 

exposed to periods of ischemia and reperfusion exhibit a more pronounced burst of ROS at the 

onset of reperfusion and the days following, compared to after onset of ischemia [540]. It is 

possible that ischemic damage leads to elevated rates of superoxide formation as a result of ETC 

damage or low ATP demand, which can both cause a buildup of NADH [451]. The reduction of 

ETC complexes that can occur as a consequence of this NADH buildup can further increase the 

likelihood of premature electron slip from the ETC to generate more superoxide, thus 

perpetuating a cycle of persistent ETC-related ROS generation at the onset of reperfusion [451]. 

While the exact source of ETC-related ROS generation during reperfusion is still largely 
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unknown, pharmacological inhibition of complex-I has demonstrated ROS-mediated reperfusion 

injury [538].  

Newer evidence suggests that succinate dehydrogenase (SDH) may be partly responsible 

for the mitochondrial ROS generated during early onset reperfusion. During ischemia, SDH may 

be playing a role in RET, which sees the conversion of fumarate to succinate, thereby driving 

succinate accumulation [533]. At the onset of reperfusion, SDH transitions back to FET, which 

leads to the rapid oxidation of the accumulated succinate to fumarate. This can ultimately lead to 

reduction of the CoQ pool on complex-II and cause electrons to transfer back towards the flavin 

mononucleotide site of complex-I, thus perpetuating RET-derived superoxide generation 

[451,533] (Figure 6-3). Since RET requires sufficient ΔΨm, the severity of mitochondrial 

damage can be a strong predictor of RET-derived ROS generation, with moderate damage a 

stronger predictor of RET than severe damage, which could depolarize the mitochondria, during 

IR [451,533].  
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Figure 6-3. Cardiomyocyte mitochondria are differentially impacted during periods of cardiac 

ischemia and subsequent periods of reperfusion. (Left side) Ischemic stress is primarily characterized 

by complex I and III-derived superoxide (O2
•-) generation which rapidly dismutates into mitochondrial 

H2O2. During periods of ischemia, which is defined as reduced oxygenated blood flow to tissues, the 

[ATP]:[ADP] ratio is lower due to various impairments in the ETC, most of which are perpetuated by a lack 

of oxygen as the terminal electron accepter at complex IV. Loss of cytochrome c is another outcome of 

cardiac ischemic stress. (Right side) Reperfusion stress following ischemia reflects the compounding effect 

of both loss of oxygen and a rapid surge in oxygen. Complex I and III-derived ROS and loss of cytochrome 

c that occur during ischemia are further aggravated during reperfusion. Furthermore, reverse electron 

transfer (RET)-derived ROS at complex II may be responsible for some of the deleterious effects of 

reperfusion injury. Figure created using www.BioRender.com. 
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6.5.4. Peroxiredoxin 3 as a Potential Therapeutic Marker of Cardiac Damage 

 Superoxide, which is primarily generated at complex-I and complex-III in the ETC, and 

to a lesser extent, by RET at complex-II, is detoxified to mitochondrial H2O2 by MnSOD. 

Thereafter, through the actions of various endogenous antioxidant systems including catalase, 

GPx, and Prx/Trx, H2O2 can be converted to the more stable H2O. The Prx antioxidant system (of 

which there are 6 isoforms in mammalian cells – Prx 1-6) is particularly interesting to consider in 

various cardiac diseases given that they are highly active in the elimination of intracellular ROS 

moieties such as H2O2 [543] (Figure 6-4). The Trx antioxidant system is commonly implicated 

alongside Prx given that thioredoxin reductase (TrxR) activity is required to return the reaction 

back to the reduced Prx after it has been oxidized by ROS [451] (Figure 6-4). 

Figure 6-4. Mitochondrial peroxiredoxin 3 (Prx3) is an endogenous antioxidant involved in cardiac 

remodeling processes and may represent a ‘snapshot’ of oxidative stress occurring after cardiac 

ischemia and/or reperfusion during CABG. Prx3 is oxidized by H2O2 and resultantly converted into its 

dimeric moiety during periods of stress, while the thioredoxin (Trx) system is responsible for converting 

oxidized Prx3 back to its monomeric reduced form. SH – cysteine free thiol; SOH – sulphenic acid; SO3H – 

sulphonic acid; SO2H – Sulphinic acid. Figure created using www.BioRender.com. 
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In mouse hearts subjected to IR, it has been observed that the mitochondrial isoform Prx3 

is oxidized during ischemia, however, interestingly, this oxidation was largely reversed during 

reperfusion [452]. Furthermore, overexpression of Prx3 can lead to changes in cardiac 

remodeling, including attenuated apoptosis of the non-infarcted myocardium, as well as reduced 

interstitial fibrosis and myocyte hypertrophy of the mouse LV following myocardial infarction 

[453]. While more research is certainly needed to define the complex, multifactorial role of 

mitochondrial Prx3 in IR, the limited data available suggests that Prx3 is protective against 

cardiac IRI through redox-related mechanisms that require further mechanistic insight.  
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7 OBJECTIVES AND HYPOTHESES 

7.1. Overview of Study 2 (Chapter 8) 

The major overview of this chapter was to understand how coronary artery bypass grafting 

surgery (an alternate model of cardiac stress) influences mitochondrial substrate selection 

adaptations and redox damage responses in human right atrial appendage samples obtained pre- 

and post-CABG. 

7.2. Objectives and Hypotheses for Study 2 (Chapter 8) (CABG) 

Coronary artery disease (CAD) is the leading cause of death worldwide, and accordingly, on-

pump coronary artery bypass grafting (CABG) surgeries are the gold standard intervention for 

treatment of multi-vessel CAD. These surgeries are routinely performed when one or more of the 

major coronary arteries are narrowed or blocked, thus restricting blood supply to the heart. While 

cardioplegic solutions that arrest the heart during on-pump CABG are meant to protect the heart 

against ischemic injury by reducing cardiac oxygen consumption, the disruptive combination of 

ischemia and subsequent reperfusion, which overwhelms the myocardium with oxygen, remain a 

major precipitator of morbidity and mortality following cardiac surgery. While it has long been 

known that a cascade of metabolic stress responses drive cardiac ischemia-reperfusion injury 

(IRI) during ischemic heart disease, the specific mitochondrial alterations during CABG surgery 

have never been explored. Therefore, the objective of this chapter was to compare pre-CABG 

right atrial appendage (RAA) biopsy samples to post-CABG samples to determine if this short 

(~1 hr) period of on-pump CABG influences alterations to mitochondrial stress responses.    
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Hypotheses for Study 2 (Chapter 8) 

1) Compared to pre-CABG RAA samples, post-CABG samples will demonstrate 

‘adaptations’ in substrate-specific mitochondrial respiration consistent with previously 

published literature suggesting that fatty acid-supported oxidation dominates over 

glucose oxidation after bouts of ischemia and reperfusion. 

2) Enhanced fatty acid-supported oxidation during on-pump CABG will be related to 

elevated mitochondrial stress responses (peroxiredoxin 3 redox state) as well as 

elevations to various serum immune cells, markers of the complete blood count, 

metabolites, and electrolytes. 

 

 

 

 

 

 

 

 

 

 

 

 

 



168 
 

8 Increased circulating leukocytes may predict elevations to 

mitochondrial fatty acid-supported respiration in the human 

myocardium during coronary artery bypass graft surgery. 
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Abstract 

Introduction: According to global health estimates by the World Health Organization, coronary 

artery diseases (CAD) are, as of 2024, among the leading causes of death worldwide. In CAD, 

accumulating atherosclerotic plaques can narrow or block coronary arteries, thus restricting 

oxygen and nutrient supply to cardiac muscles and precipitating hypoxia-induced 

cardiomyopathic damage if left untreated. In severe cases of CAD where lifestyle changes are 

insufficient to minimize blockages, on-pump coronary artery bypass graft (CABG) surgery is 

performed to redirect blood flow with harvested veins or arteries. A combination of ischemia and 

reperfusion during cardiopulmonary bypass is hypothesized to exacerbate injury to the 

myocardium, primarily owing to metabolic stress, thus impacting patient recovery.  

Purpose and methods: The purpose of this study was to employ a novel, repeated-measures 

clinically insightful design where viable pre- and post-CABG right atrial appendage (RAA) 

samples explanted from male patients undergoing elective CABG were compared for differences 

in mitochondrial stress responses and their correlation to indices of circulating immune cells, 

complete blood count, metabolites, and electrolytes at various time-points.  

Results: Findings from this study suggest that post-CABG RAA demonstrate enhanced fatty 

acid-supported mitochondrial respiration compared to pre-CABG samples, while carbohydrate-

supported respiration is unchanged between time-points. Furthermore, this ‘adaptation’ in 

substrate oxidation is related to reductions in post-CABG RAA peroxiredoxin 3 monomer 

abundance, an index of mitochondrial-mediated oxidative stress. While these mitochondrial 

stress responses were not statistically significant when correlated with patient discharge, a strong 

negative correlation was determined between these stress responses and circulating lymphocytes 
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and platelet count the day following surgery. Point-of-care data revealed that total leukocytes and 

neutrophils in circulation were significantly elevated immediately after the surgery.  

Future directions: Planned experiments will determine if this enhanced fatty acid-supported 

respiration in the post-CABG RAA is a protective mechanism, or instead, reflects an adaptive 

mitochondrial reprogramming response to stress.  

Conclusion: By understanding the complex relationship between human atrial appendage-

specific mitochondrial reprogramming (adaptations to substrate selection and oxidative stress), 

systemic immune cell count, and recovery outcomes during and after CABG, this study will 

guide therapy development that targets an underlying mitochondrial-inflammation axis.      
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Introduction 

 Coronary artery diseases (CAD) are among the leading causes of death worldwide and 

on-pump coronary artery bypass grafting (CABG) surgeries are considered the gold standard 

intervention for treatment of multi-vessel CAD [441]. CABG surgeries are routinely performed 

when major coronary arteries are narrowed or occluded (usually by atherosclerotic plaques), thus 

restricting oxygenated blood supply to the myocardium. CABG procedures re-route blood flow 

around major occluded coronary arteries with a grafted artery or vein to minimize hypoxic 

damage to the myocardium, ultimately preventing the development of more severe long-term 

cardiovascular complications.  

Despite the benefits of CABG, there are various peri- and post-operative (post-op) 

complications that can arise during and following the surgical period, including pulmonary 

hypertension, strokes, and post-op atrial fibrillation (POAF), the majority of which can be 

attributed to patient lifestyle, medical history, or extenuating post-op complications [544]. 

Beyond these factors, it is hypothesized that cardiac ischemia (which occurs when cardioplegic 

buffers arrest the heart for cardiopulmonary bypass (CPB)), and subsequent rapid reperfusion of 

blood flow, may play a pivotal role in precipitating cardiac damage [545–549]. While cardiac 

ischemia - defined as inadequate oxygenated blood supply to the myocardium – can result in 

complications if the restricted blood flow is 10% or less of normal resting perfusion [444], 

reperfusion – the abrupt restoration of oxygenated blood flow to previously ischemic regions – 

can paradoxically exacerbate cellular dysfunction and death despite being necessary to ensure 

survival of the tissue. Collectively, this phenomenon is known as cardiac ischemia-reperfusion 

injury (IRI), and it is thought to represent a major detrimental consequence of CABG.  
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Cardiac mitochondria are ‘stressed’ as a result of both prolonged normothermic and cold 

(organ preservation) cardiac IRI, at least in pre-clinical models [444,473,519,521–523]. This is 

evidenced by elevated post-reperfusion mitochondrial-derived reactive oxygen species (ROS) 

emissions [533] and over-reliance on fatty acid oxidation (which has been associated with 

detriments to functional mechanical recovery of ischemic hearts) in murine models subjected to 

cardiac IR [461,550]. However, to date, a comparative analysis of mitochondrial substrate-

specific respiration and its relationship to oxidative stress remains vastly understudied in clinical 

settings, and more specifically, during CABG surgery. Repeated-measures mitochondrial 

respiratory and oxidative stress data (i.e. acquired from the same patient throughout the CABG 

procedure) is sparse, with no known studies that compare indices of mitochondrial stress in 

viable pre- and post-CABG atrial appendage samples. In the context of this study, pre-CABG is 

defined as right atrial appendage (RAA) samples explanted prior to CPB, while post-CABG is 

defined as RAA explanted following anastomosis and reperfusion of blood supply.  

This gap in knowledge presents an opportunity for exploring how CABG influences 

adaptations to mitochondrial substrate oxidation and ROS-induced oxidative stress at two 

distinct time-points that have never been comparatively assessed in humans before. The study 

also presents opportunities for examining how adaptations to mitochondrial substrate oxidation 

(carbohydrate- and fatty acid-supported respiration as fuel sources for ATP) may predict post-op 

recovery outcomes, thus representing an avenue for exploration into therapeutic interventions to 

improve life after the procedure. With this unique study design, any adaptations to mitochondrial 

stress responses between pre- and post-CABG RAA can also be correlated to systemic 

inflammatory and metabolite markers (point-of-care data) that are monitored throughout various 
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peri- and post-op time-points. This could represent a potential CABG-induced mitochondrial-

inflammation axis that lends insight to multimodal factors governing patient recovery.  

The primary purpose of this study was to investigate mitochondrial stress responses 

associated with on-pump CABG in a novel and innovative study design that compares pre- and 

post-CABG RAA samples from the same patient. By understanding the molecular mechanisms 

underpinning CABG and its influence on repeated-measures mitochondrial stress responses 

before and after CPB, future therapy development could target mitochondrial adaptations, 

including respiratory substrate selection and oxidative stress-induced damage, to improve both 

peri- and post-op patient recovery outcomes.  
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Results 

On-pump CABG is associated with enhanced mitochondrial fatty acid-supported respiration in 

post-CABG human RAA, while carbohydrate-supported respiration is unchanged 

 By implementing a repeated-measures study design, mitochondrial oxygen consumption 

of PmFBs prepared from pre- and post-CABG RAA sample was comparatively assessed using 

the NADH-generating substrates pyruvate (5 mM) and malate (2 mM). These substrates for 

carbohydrate-supported respiration were titrated in the presence and absence of saturating (20 

mM) creatine. Respiration was assessed across a spectrum of metabolic demands (modeled by 

increasing ADP from 100 μM (physiological) to 7000 μM (supraphysiological)) in samples 

explanted from the same patient. No differences were detected between pre- and post-CABG 

PmFBs with this protocol with and without creatine (Figure 8-1A).  

On separate PmFBs prepared from the same pre- and post-CABG RAA sample, 10 μM 

L-carnitine, 20 μM palmitoyl CoA, and 500 μM malate was titrated to represent an index of fatty 

acid-supported mitochondrial respiration across a similar spectrum of metabolic demand (100 

μM to 7000 μM ADP) in the presence and absence of saturating creatine. Interestingly, fatty 

acid-supported respiration was significantly elevated in the post-CABG RAA sample compared 

to pre-CABG at maximal [ADP] (5000 μM (1.7-fold increase) and 7000 μM (1.7-fold increase)) 

in the presence of creatine, while results from the creatine-independent condition could not be 

conclusively interpreted due to low repeated-measures sample size (Figure 8-1B).  

A separate protocol that also assesses mitochondrial oxidation of fatty acids, albeit 

bypassing carnitine transporters required for fatty acid entry into the mitochondria, was also 

investigated by titrating 75 μM palmitoyl-carnitine and 500 μM malate in the presence of 

creatine. Despite no differences, this measure was underpowered and could not be conducted in 

creatine-independent conditions due to logistical limitations (Figure 8-1C).  
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Significant differences were observed when comparing carbohydrate (PM-supported) 

respiration to fatty acid (LPM-supported) respiration in pre-CABG RAA (Figure 8-1D). 

Surprisingly, these differences were no longer detectable when comparing the same protocols in 

post-CABG RAA, thus suggesting that reliance on fatty acid respiration is enhanced after CPB 

(Figure 8-1E). Comparisons were made with repeated-measures data from the same patient. 

 State II respiration (prior to the addition of ADP) was assessed using carbohydrate 

oxidation-supporting substrates (pyruvate + malate) in the presence and absence of creatine. No 

significant differences were detected between pre- and post-CABG RAA samples in either 

condition (Figure 8-2A). Respiratory coupling ratio was assessed between State III PM (7 mM 

ADP) and State II PM to determine if complex I was uncoupled in the presence and/or absence 

of creatine, however, no significant differences were observed (Figure 8-2B). State III 

respiration (after the addition of ADP) was assessed using 10 mM glutamate (further NADH 

generation; complex I stimulation) and 10 mM succinate (FADH2 generation; complex II 

stimulation), however, no differences were detected in both the presence and absence of creatine 

(Figure 8-2C, D). State II respiration was also assessed using fatty acid oxidation-supporting 

substrates (L-carnitine + palmitoyl CoA + malate) with and without creatine, however, no 

differences were detected (Figure 8-2E). Creatine sensitivity was assessed across a spectrum of 

metabolic demands (100 μM – 7 mM ADP) with carbohydrate- and fatty acid-supported 

mitochondrial respiration as an index of high-energy phosphocreatine shuttling for ATP export, 

however, no differences were detected with either protocol (SFigure 8-1). All measures were 

conducted and analyzed using a repeated-measures design. 
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Table 8-1. Baseline clinical characteristics and demographic information obtained from all enrolled 

patients prior to surgery. A total of 12 male patients, aged 63-80, consented to participating in this study. 

Patient 4 was dropped from analysis due to peri-operative complications. All morphometric data was collected 

by the interventional cardiology team prior to surgery. C = Caucasian; A = Asian; Y = Yes; N = No. 

 

Table 8-2. Patient medical history, including existence of various co-morbidities prior to surgery. All 

12 participants were screened for comorbidities prior to surgery. Only confounding co-morbidities that may 

interfere with or influence the CABG surgical procedure (including use of certain drugs/condition-specific 

medications) were screened for. CAD = coronary artery disease; MI = myocardial infarction; PCI = 

percutaneous coronary intervention; COPD = chronic obstructive pulmonary disease; Y = Yes; N = No.   
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Table 8-3. Medications taken by, or prescribed to, each patient reported prior to surgery. All 12 

participants completed a questionnaire regarding history of medication use. Dosage information was not 

collected, except for intensity of statins (low-to-moderate versus high intensity). ACE = angiotensin-

converting enzyme; ARB = angiotensin-receptor blocker; CCB = calcium channel blocker; Y = Yes; N = No. 
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Figure 8-1. Substrate-specific stimulation of mitochondrial respiration in permeabilized pre- and post-CABG 

RAA samples over a spectrum of metabolic demands. This novel study design was strengthened by repeated-

measures analysis of right atrial appendage (RAA) mitochondrial respiration data with carbohydrate- and fatty acid-

supporting substrates collected from the same patient before (pre-CABG) and after (post-CABG) cardiopulmonary 

bypass. A) ADP-stimulated respiration was supported by pyruvate (5 mM) supplemented with malate (2 mM) (NADH, 

mitochondrial complex-I stimulation) as an index of carbohydrate oxidation, in the presence (+Cr) and absence (-Cr) 

of saturating creatine across a spectrum of metabolic demands (100 μM to 7 mM ADP). B) 20 μM Palmitoyl CoA 

(supplemented with 10 μM L-Carnitine and 500 μM Malate (NADH and FADH2 generating substrates) and 100 μM - 

7 mM ADP) was added to a separate RAA PmFB as an index of fatty acid oxidation, also in +/- Cr conditions. FADH2 

from the TCA cycle transfers its electrons at complex-II while FADH2 from beta oxidation provides electrons for ETF. 

C) On a separate PmFB also assessing fatty acid oxidation, 75 μM palmitoyl-carnitine and 500 μM malate (along with 

100 μM - 7 mM ADP) were titrated and intended to bypass carnitine transporters across the mitochondrial membranes, 

thus providing reducing equivalents for ETF via beta oxidation. D-E) PM-supported respiration was compared to LPM-

supported respiration from the same patient (pre- and post-CABG) over a spectrum of metabolic demands in +Cr 

conditions. NADH = Nicotinamide adenine dinucleotide; FADH2 = Flavin adenine dinucleotide; ETF = Electron 

transport flavoprotein; CPT = carnitine palmitoyltransferase; CoA = Coenzyme A; I-IV = mitochondrial complexes; 

TCA = tricarboxylic acid. Results represent mean ± SD, n=7 repeated-measures data points in +Cr conditions; n=2 

repeated-measures data points in –Cr conditions. A repeated-measures 2-way ANOVA was used to determine the 

difference between pre- and post-CABG RAA across [ADP]. All p values are FDR-adjusted by Benjamini, Krieger, 

and Yekutieli post-hoc analyses. *p<0.05 denotes significance.   
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Figure 8-2. Complex I- and II-stimulated mitochondrial respiration in pre- and post-CABG RAA samples. A) To assess complex-

I (carbohydrate)-supported respiration, repeated-measures pre- and post-CABG permeabilized RAA bundles were stimulated with 5 mM 

pyruvate and 2 mM malate, which are NADH-generating substrates used in tandem as a measure of state II respiration (absence of ADP), 

in +/- Cr conditions. B) Respiratory control ratio (RCR) was calculated by dividing maximal State III (ADP-supported) PM respiration 

by State II PM respiration (no ADP) to determine if mitochondria elicited uncoupled respiration. C) Following ADP (100 μM – 7 mM) 

titrations, 10 mM glutamate was titrated to further saturate complex-I with NADH generation (only PM protocol). D) Similarly, following 

ADP titrations, 10 mM succinate (FADH2-stimulating) was added to further support complex-II respiration (only PM protocol). E) Fatty 

acid-supported respiration was assessed by titrating 10 μM L-carnitine, 20 μM palmitoyl CoA, and 500 μM malate to shuttle electrons 

through mitochondrial beta-oxidation pathways. This protocol is complex-I stimulating as it generates NADH, and ETF- and complex 

II-stimulating attributed to FADH2 generation from beta-oxidation. NADH = Nicotinamide adenine dinucleotide; FADH2 = Flavin 

adenine dinucleotide; ETF = Electron transport flavoprotein; PM = pyruvate + malate; GLU = glutamate; SUCC = succinate; LPM = L-

Carnitine + palmitoyl CoA + malate. Results represent mean ± SD, n=7 repeated-measures data points in + Cr conditions; n=2-3 repeated-

measures data points in – Cr conditions. 
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Enhanced mitochondrial fatty acid-supported respiration is accompanied by prx3 oxidation 

When assessing pre- and post-CABG RAA samples expressed as the percentage of the 

total prx3 signal in the dimerized (oxidized) form relative to total protein content (monomer + 

dimer content), no significant differences were detected at a modest sample size of 5 repeated-

measures data points (Figure 8-3A). While assessment of prx3 dimer density also did not reveal 

significant differences, prx3 monomer density demonstrated a significant decrease in post-CABG 

RAA samples (1.7-fold decrease) compared to pre-CABG, thus suggesting that the protein 

content of ‘reduced’ prx3 is lower following CABG compared to pre-CABG RAA sample 

(Figure 8-3A). The redox state of mitochondrial prx3 was assessed and compared between pre- 

and post-CABG RAA samples to determine if the surgical procedure influenced elevations to 

mitochondrial-mediated oxidative stress which would be consistent with reperfusion injury 

(Figure 8-3B). This measure was implemented to broadly determine if the observed enhanced 

fatty acid-supported respiration was associated with elevations to oxidative stress post-CABG, 

thus expanding future research to investigate components of fatty acid-supported respiration that 

regulate redox signaling.  
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Figure 8-3A. Mitochondrial peroxiredoxin 3 dimerization percentage, monomer density content, and dimer 

density content in pre- and post-CABG RAA samples, with representative Western blot. A modified Western blot 

was utilized to determine if CABG influences oxidative stress to RAA samples obtained before and after 

cardiopulmonary bypass. Prx3 = peroxiredoxin 3. Results represent mean ± SD, n=5 patients. A repeated-measures 

paired t-test was used to determine statistical differences between pre- and post-CABG RAA. *p<0.05 denotes 

significance.  

Figure 8-3B. Sources of mH2O2 during CABG that can oxidize mitochondrial peroxiredoxin 3. Mitochondrial 

superoxide (O2
•-) generated from premature electron slip at complex-I or III that is dismutated to mH2O2 by manganese 

superoxide dismutase (MnSOD) may be responsible for oxidizing mitochondrial prx3 in the mitochondrial matrix. 

Dimerized prx3 moieties are representative of oxidized prx3, whereas prx3 monomers represent its reduced state. 

Oxidized prx3 can be recycled back to its reduced state by the thioredoxin (Trx) antioxidant system. Oxidized prx3 

represents a ‘historical snapshot’ that oxidative stress occurred. Figure created using www.BioRender.com. 
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Immune cells, complete blood count, metabolites, and electrolytes are differentially affected 

during and after surgery, and may be related to fatty acid-supported respiration  

 Systemic immune cell counts for total leukocytes, absolute neutrophils, and absolute 

lymphocytes were assessed at various time points throughout the surgical period, including pre-

surgery, post-op surgery day, and up to three days following CABG (where applicable). These 

circulating cell counts were investigated at different stages of the surgical and post-op period to 

determine if enhanced fatty acid-supported respiration on the post-CABG RAA occurred in 

association with shifts to inflammatory state. Both total leukocytes and neutrophils were 

significantly elevated post-op surgery day compared to pre-surgery levels and remained elevated 

up to three days following the surgery, which was the duration that these markers were tracked 

for following the procedure (Figure 8-4A, B). Absolute lymphocytes did not change post-op 

surgery day, however, they were significantly decreased next day post-op and remained 

decreased two days after the surgery (Figure 8-4C). No significant differences were observed at 

any time point in absolute eosinophils and monocytes, while basophils were not detectable in the 

majority of patients (Figure 8-4D-F). 

 A complete blood count (CBC) panel was also assessed at the abovementioned time 

points. Erythrocytes, hemoglobin, and hematocrit were all significantly decreased post-op 

surgery day and remained significantly lower than the pre-surgery levels at the final measured 

time (three days post-op) (Figure 8-5A-C). For all three markers, two days post-op reflected the 

lowest cell count compared to pre-surgery (Figure 8-5A-C). Mean cell volume (Figure 8-5D), 

mean cell hemoglobin (Figure 8-5E), mean cell hemoglobin concentration (Figure 8-5F), and 

red blood cell distribution width (Figure 8-5G) were largely unaltered between time points. 

Platelet count was significantly lower compared to pre-surgery next day post-op but returned to 

pre-surgery levels three days post-op, with two days post-op being the lowest absolute cell count 
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throughout the duration of the measurement period (Figure 8-5H). Mean platelet volume was 

significantly elevated two days post-op and remained elevated until the final measured time point 

(Figure 8-5I).  

 Metabolites and electrolytes were assessed pre-biopsy, during CABG, immediately post-

CABG, post-op surgery day, and up to two days post-op for patients requiring closer monitoring 

(Figure 8-6). First, it was observed that compared to pre-biopsy levels, glucose levels were 

significantly elevated during CABG, immediately post-CABG, post-op surgery day, and next day 

post-op, thus suggesting that circulating glucose is elevated at the onset of CABG and remains 

elevated until at least the day after surgery for most patients (Figure 8-6A). Circulating levels of 

sodium surprisingly remained unaltered throughout the measured surgical period (Figure 8-6B). 

Chloride, on the other hand, was only significantly elevated post-op surgery day and remained 

elevated until the day after surgery (next day post-op), compared to pre-biopsy (Figure 8-6C). 

Potassium levels were consistently elevated, with significant increases during CABG, 

immediately post-CABG, post-op surgery day, and even the day after surgery (next day post-op), 

suggesting that similar to glucose, CABG increases circulating potassium levels compared to 

pre-biopsy (Figure 8-6D). O2 levels remained unchanged during CABG and also immediately 

post-CABG, however, these levels dramatically lowered post-op surgery day and remained 

significantly lower than pre-biopsy until the day after surgery (next day post-op) for most 

patients (Figure 8-6E). Arterial O2 saturation % significantly decreased two days following 

CABG and remained decreased for at least two days post-op (Figure 8-6F). pCO2 levels were 

significantly lower during CABG, immediately post-CABG, post-op surgery day, and even the 

day after surgery (next day post-op), thus suggesting that compared to pre-biopsy levels, CABG 

causes a continuous downward trend of pCO2 (Figure 8-6G). Bicarbonate was significantly 
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decreased during CABG, immediately post-CABG and stayed significantly lower than pre-

biopsy until the day after CABG (next day post-op) (Figure 8-6H). Interestingly, decreases to 

calcium began during CABG, and continued to remain significantly lower than pre-biopsy levels 

until the day after the surgery, akin to PCO2 levels (Figure 8-6I). pH levels were relatively 

transient, with modest, albeit significant elevations during CABG which remarkably returned to 

pre-biopsy levels immediately post-CABG (Figure 8-6J). Circulating levels of lactate remained 

unaltered throughout the measured surgical period (Figure 8-6K).   
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Figure 8-4. Circulating immune cell count obtained at various stages of the surgical procedure, including pre-surgery, post-op 

surgery day, next day post-op, two days post-op, and extended post-op (3+ days; where applicable). Point-of-care data was tracked 

in all patients undergoing CABG by the interventional cardiology team. Results represent mean ± SD, n=9-10 (with the exception of 

absolute eosinophils and basophils which were only detected in a smaller sub-set of patients). A 1-way ANOVA was used to determine if 

there was a difference in systemic immune cell count between various time-points throughout the surgery. All p values are FDR-adjusted 

by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. Figure created using www.BioRender.com. 
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Figure 8-5. Circulating complete blood cell count obtained at various stages of the surgical procedure, including pre-surgery, post-op 

surgery day, next day post-op, two days post-op, and extended post-op (3+ days; where applicable). Point-of-care data was tracked in all 

patients undergoing CABG by the interventional cardiology team. Results represent mean ± SD, n=9-10. A 1-way ANOVA was used to determine 

if there was a difference in systemic complete blood cell count between various time-points throughout the surgery. All p values are FDR-adjusted 

by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. Figure created using www.BioRender.com. 
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Figure 8-6. Circulating metabolites and electrolytes obtained at various stages of the surgical procedure, including pre-biopsy, during CABG, 

immediately post-CABG, post-op surgery day, next day post-op, and two days post-op (where applicable). Point-of-care data was tracked in all 

patients undergoing CABG by the interventional cardiology and CVICU perfusion team. Results represent mean ± SD, n=9-10. A 1-way ANOVA was 

used to determine if there was a difference in systemic metabolite and electrolyte cell count between various time-points throughout the surgery. All p 

values are FDR-adjusted by Benjamini, Krieger, and Yekutieli post-hoc analyses. *p<0.05 denotes significance. Figure created using 

www.BioRender.com. 

 



191 
 

Elevations to fatty acid-supported respiration are statistically correlated with systemic 

lymphocyte and platelet count levels next day post-operation 

 A Pearson’s correlation analysis was conducted to determine if statistically significant 

correlative relationships existed between RAA-specific mitochondrial data (fatty acid-supported 

respiration and prx3 monomer density expressed as delta % between pre-CABG and post-

CABG) and patient discharge parameters such as days until discharge from the CVICU and days 

until discharge to home. No significant differences were observed when correlating 

mitochondrial fatty acid-supported respiration to days until discharge from CVICU or to home, 

nor when correlating mitochondrial prx3 monomer density to the same parameters (Figure 8-

7A). This suggests that substrate selection adaptations that enhance fatty acid-supported 

respiration and lead to reduced prx3 monomer density (index of oxidative stress) post-CABG do 

not impact patient discharge times (Figure 8-7A). When correlating fatty acid-supported 

respiration (again expressed as delta % between pre- and post-CABG) to lymphocyte count next 

day post-op (expressed as delta % between next day post-op and pre-surgery values), it was 

observed that a significant negative correlation (r = -0.9331; p<0.006) persisted (Figure 8-7B; 

SFigure 8-2). This significant negative correlation also persisted between fatty acid-supported 

respiration (delta % between pre- and post-CABG) and platelet count next day post-op delta % (r 

= -0.8853; p<0.019) (Figure 8-7B; SFigure 8-3). Significant relationships between 

mitochondrial fatty acid-supported respiration delta and lymphocyte count next day post-op delta 

as well as platelet count next day post-op delta were detected using a correlation matrix, while no 

other statistically significant relationships between mitochondrial stress responses and point-of-

care data were detected (SFigure 8-3, 8-4). 
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Figure 8-7. Analysis of RAA-specific mitochondrial respiratory and oxidative stress data correlated to patient recovery 

metrics, and RAA-specific mitochondrial fatty acid-supported respiration correlated to systemic lymphocyte and platelet 

count data. A) Correlation plot between days to discharge from cvICU, hospital and mitochondrial data (including fat-supported 

respiration and prx3 monomer density (expressed as delta % pre- and post-CABG RAA)). B) Correlation plot between fat-supported 

mitochondrial respiration and systemic lymphocyte and platelet count data (expressed as delta % pre-surgery and next day post-op). 

Results represent mean ± SD, n=5-7 repeated-measures data points. For significant correlations, Sig. (2-tailed) is defined as p<0.05, 

however, the Pearson correlation coefficient (r) is also reported.  
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Discussion 

The present study employed a first-of-its-kind repeated-measures design in which RAA 

samples explanted from male hospital patients undergoing elective on-pump CABG were 

compared before (pre-CABG) and after (post-CABG) CPB for indices of mitochondrial stress. 

This study provides novel insight towards a relationship between CABG-induced mitochondrial 

stress responses and systemic inflammation that may guide clinical therapy development. First, 

we establish that mitochondrial respiration with fatty acid oxidation-supporting substrates (L-

carnitine, palmitoyl CoA, malate) is significantly enhanced on the post-CABG RAA compared to 

pre-CABG, while respiration with carbohydrate oxidation-supporting substrates (pyruvate and 

malate) is unchanged. Second, this ‘adaptation’ towards enhanced fatty acid-supported 

respiration is accompanied by a significantly lower prx3 monomer band density (modified 

Western blot) compared to pre-CABG, indicating that these samples are less ‘reduced’ – a broad 

index of oxidative stress. Lastly, it was observed that markers of systemic inflammation, 

including total leukocytes and neutrophils, were elevated post-op, suggesting that mitochondrial 

stress adaptations may be predicted by an inflammatory response that informs patient recovery.  

The relationship between adaptations to substrate-specific mitochondrial respiration and 

oxidative stress in RAA during CABG 

 Mitochondrial oxidative phosphorylation with fatty acid- and carbohydrate-supporting 

substrates accounts for >95% ATP production required to drive cardiac contraction in the healthy 

adult heart [447]. Plasticity and metabolic flexibility between energy substrate utilization 

upholds homeostatic processes [447]. Cardiac stress can lead to irregularities in the balance 

between fatty acid- and carbohydrate-supported mitochondrial respiration. In the post-ischemic 

reperfusion period, rates of fatty acid-supported respiration recover to pre-ischemic levels, while 

carbohydrate oxidation remains unchanged (in pre-clinical cardiac IRI) [515], however, the 

clinical implications of these substrate utilization adaptations during CABG are unknown.  
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In the present study, we observed enhanced fatty acid-supported respiration on the post-

CABG RAA compared to pre-CABG samples, while carbohydrate-supported respiration was 

unchanged. The novel finding that CABG influences mitochondrial substrate-specific respiration 

warranted an exploration into oxidative stress responses that accompany respiratory adaptations 

to stress. The observation that prx3 monomer band density was significantly lower post-CABG, 

suggesting that it was less ‘reduced’ compared to pre-CABG samples, implies that transient 

oxidative stress is present in samples explanted after CPB, alongside the adaptation to enhanced 

fatty acid-stimulated respiration. It is possible that this response is associated with reperfusion 

stress whereby mitochondria are ‘overwhelmed’ by the rapid reintroduction of oxygen, leading to 

enhanced ROS generation as an outcome of higher mitochondrial membrane potential (ΔΨM).  

Systemic inflammation that persists after surgery may predict atrial appendage-specific 

mitochondrial stress responses during CABG  

 Circulating total leukocytes and neutrophils were elevated post-op surgery day (compared 

to pre-surgery levels) and remained elevated for at least 3 days post-op. Although these immune 

cells were not measured directly in RAA due to tissue limitations, this does not preclude the 

existence of a potential axis between tissue-specific mitochondrial stress and a systemic 

inflammatory response. It is possible that CABG-induced systemic inflammation may be 

associated with adaptations in RAA-specific substrate utilization towards fatty acid-supported 

respiration as a response to stress. Previous literature suggests that a transcription factor with 

mitochondrial localization in the heart (signal transducer and activator of transcription 3 

(STAT3)) may underpin the link between systemic inflammation and enhanced atrial appendage-

specific fatty acid-supported respiration. STAT3 phosphorylation is associated with the induction 

of carnitine palmitoyltransferase-I (CPT-I) gene expression in the heart, a potent endogenous 

regulator of fatty acid oxidation [551]. To elaborate, the pro-inflammatory cytokine interleukin 
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(IL-6) is known to induce phosphorylation of STAT3 on its tyrosine 705 residue, and STAT3 

phosphorylation has been previously reported in a pre-clinical model of cardiac IR [552–555]. 

Therefore, it is possible that IL-6-mediated phosphorylation of STAT3 influences enhanced fatty 

acid-supported mitochondrial respiration through a pathway that also implicates CPT-I, which 

has been shown to underpin mitochondrial dysfunction and cardiac hypertrophy in mice [551]. In 

the same study, pharmacological inactivation of the STAT3/CPT-I pathway, which decreased 

mitochondrial fatty acid oxidation, rescued cardiac pathology [551]. At least one study 

examining on-pump CABG in humans determined that levels of myocardial IL-6 production 

(calculated as the difference between IL-6 levels in the CPB circuit and levels in coronary 

venous blood) were elevated post-reperfusion and may promote neutrophil-mediated reperfusion 

injury in the myocardium [556]. Experiments on myocytes obtained from these CABG patients 

revealed that elevated IL-6 levels during IR may be derived from hypoxic myocytes [556]. The 

group proposed that ischemia-induced upregulation of systemic IL-6 may mediate and 

exacerbate reperfusion injury by enhancing neutrophil migration and infiltration to the affected 

myocardium (SFigure 5) [556]. This data is interesting given that we also observed elevated 

systemic neutrophils post-op. Future experiments can assess total and phosphorylated STAT3 

protein content in pre- and post-CABG RAA to determine if concurrent with elevated circulating 

neutrophils, phosphorylated STAT3 is responsible for enhancing fatty acid-supported 

mitochondrial respiration (SFigure 8-5). 

Future directions: Can assessment of malonyl-CoA or biosynthetic (non-ATP generating) fates 

of glycolytic enzymes explain the adaptive substrate utilization response? 

 Data positions the pharmacological upregulation of carbohydrate-supported respiration 

following cardiac reperfusion as a protective mechanism against oxidative stress in pre-clinical 

IR models. For example, in a seminal study conducted by Dyck et al., it was demonstrated in rats 
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that malonyl-CoA decarboxylase (MCD) inhibition protected hearts affected by global IRI by 

significantly increasing myocardial malonyl-CoA levels, decreasing fatty acid-supported 

mitochondrial respiration, and subsequently enhancing glucose-supported respiration [557]. This 

work underscores the significance of adaptations to energy substrate utilization as an underlying 

mechanism for improving cardiac function during and after ischemia [557]. Kudo et al., also 

from the Lopaschuk group, demonstrated that enhanced fatty acid oxidation during cardiac 

reperfusion was associated with decreased malonyl-CoA levels linked to increased AMPK-

mediated inhibition of acetyl-CoA carboxylase (ACC) [550]. Malonyl-CoA in pre- and post-

CABG RAA should be assessed to determine if adaptations to substrate utilization can be 

explained by differences in this potent regulator of fatty acid-supported mitochondrial respiration 

(SFigure 8-5).  

 Conversely, fatty acid-supported respiration may be enhanced because glycolytic 

enzymes are being redirected towards biosynthetic fates that prioritize defence against oxidative 

stress post-reperfusion. It is possible that CABG induces metabolic adaptations such that 

biosynthetic fates of glycolytic enzymes ‘uncouple’ glycolysis from glucose (pyruvate) 

oxidation. Pentose phosphate pathway (PPP), which is recognized as a prominent endogenous 

source of nicotinamide adenine dinucleotide phosphate (NADPH) (oxidative PPP), which is 

essential for the regulation of redox-dependent signaling in the heart, may be implicated 

(SFigure 8-6) [558,559]. It has been observed in a mouse model of cardiac IR that shifting 

glucose flux towards the PPP preserves cardiac function and ameliorates oxidative damage 

induced by IR while enhancing the cellular reducing potential via NADPH upregulation [560]. 

Glucose-6-phosphate dehydrogenase (G6PD), a key rate-limiting enzyme responsible for the 

regulation of glucose flux to the PPP, is known to increase in response to oxidative stress 
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stimulation in the heart [561], and accordingly, its enzyme activity can be investigated in pre- 

and post-CABG RAA. The elevated systemic glucose observed during and immediately post-

CABG in the present study has been previously reported [562]. mRNA expression of GLUT1/4 

can be investigated via qRT-PCR and compared between time-points to determine if the 

procedure influences expression of these transporters to explain the reliance on carbohydrate 

oxidation pre-CABG (SFigure 8-6).  

Clinical relevance of the present study and ideas for therapy development 

 In the present study, human RAA exhibits metabolic flexibility to CABG, including 

adaptations towards enhanced fatty acid-supported mitochondrial respiration. The finding that 

fatty acid-supported respiration is upregulated between time points in CABG has never been 

reported in human heart. Given that oxidative stress (reduction to prx3 monomer band density) 

was also exhibited on the post-CABG RAA, and circulating immune cells (total leukocytes and 

neutrophils) were elevated post-op, the data suggests that RAA-specific mitochondrial stress may 

be informed by a systemic inflammatory response. Additional data is required to confirm if the 

observed metabolic flexibility is a pathological consequence of CABG or an intentional 

adaptation to limit damage. Understanding biosynthetic fates of glycolytic enzymes during 

CABG may lend insight towards these questions, particularly given that carbohydrate-supported 

respiration was unchanged during CABG. Additionally, investigation towards the proposed 

mitochondrial-inflammation axis that links the previously published ischemia-induced IL-6 

upregulation and neutrophil-mediated reperfusion damage [556] to STAT3/CPT-I-mediated fatty 

acid oxidation may inform therapy development towards attenuating inflammation following 

CABG. Despite limited availability of human atrial appendage sample, this study highlighted key 

mitochondrial stress responses that occur during and after CABG, and proposes several signaling 

pathways that might be associated with these metabolic adaptations. This unique insight 
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positions both an enhanced tissue-specific fatty acid-supported mitochondrial respiration and a 

systemic inflammatory response as potential determinants of patient recovery. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



199 
 

Methods 

Baseline patient morphometrics and clinical characteristics  

Approval for this study was granted by the Southlake Regional Health Centre (SRHC) 

Research Ethics Board (REB #059-1819) in collaboration with the Human Participants Review 

Committee at York University, Toronto, Canada.  

A total of 12 patients undergoing non-emergent on-pump coronary artery bypass graft 

(CABG) surgery using cardiopulmonary bypass (CPB) and hypothermic cardioplegic arrest 

between April 2023 and January 2024 were enrolled. Informed consent was obtained by the 

interventional cardiology research coordinator prior to each surgery. 1 patient was dropped from 

the surgery due to operative complications. A comprehensive assessment of baseline patient 

clinical characteristics and demographics information (Table 8-1), baseline patient medical 

history (Table 8-2), and medications taken prior to the CABG procedure for each patient was 

obtained by the interventional cardiology department (Table 8-3).  

Human right atrial appendage (RAA) biopsy and tissue processing 

Before grafts of healthy mammary artery or saphenous vein origin can be harvested for 

bypass anastomosis, standard median sternotomy must be performed by the surgeon. Following 

harvest of a suitable graft, the patient is put on cardiopulmonary bypass (CPB). Excess RAA 

sample can be explanted prior to cross-clamping the aorta and exposing the heart to cardioplegic 

solution once the double purse-string suture (directly inferior to the RAA) has been inserted (this 

sample is henceforth referred to as the pre-CABG RAA) [472,563,564]. When the venous 

cannula is being inserted, the superior suture holds it in place, while the inferior purse-string 

suture remains loose such that remaining portions of the atrium are exposed to cardioplegic 

solution and CPB after removal of the aortic cross-clamp [472]. A second RAA sample can be 
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explanted from the same patient following CPB and reperfusion of blood flow from the area in 

between the purse-string sutures while the venous cannula is being removed (henceforth referred 

to as the post-CABG RAA).  

Following explanation of RAA samples (both pre- and post-CABG), a portion was 

promptly incubated in PBS containing 75 mM MMTS (methyl methanethiosulfonate; MMTS), 

for 10 mins at room temperature with constant rotating, and thereafter flash frozen in a 

previously empty 1.5 mL conical tube for further processing. MMTS is an alkylating agent used 

to prevent artefactual oxidation of peroxiredoxin 3 (prx3) during lysis and sample preparation 

[565]. A modified Western blot assay was conducted on these samples to assess for the presence 

of CABG-induced mitochondria-mediated stress via evaluation of prx3 redox status, which was 

reported as a percentage of total dimerized protein, band density of prx3 monomer, and band 

density of prx3 dimer, which all reflect a broad index of oxidative stress. This method was 

validated prior to commencement of the study (SFigure 8-2). Concurrently, a separate piece of 

RAA was incubated in pre-chilled BIOPS (extracellular preservation buffer) to be processed for 

mitochondrial bioenergetics analysis with high resolution respirometry. The BIOPS used 

consisted of (in mM): 50 MES Hydrate, 7.23 K2EGTA, 2.77 CaK2EGTA, 20 imidazole, 0.5 

dithiothreitol (DTT), 20 taurine, 5.77 ATP, 15 PCr, and 6.56 MgCl2·6H2O (pH 7.1). Remaining 

tissue was promptly flash frozen in liquid N2 for additional experiments (SFigure 8-5, 8-6).  

Preparation of permeabilized muscle fibre bundles 

 Prior to conducting high-resolution mitochondrial respirometry, permeabilized muscle 

fibre bundles (PmFBs) were prepared from RAA that was carefully trimmed of excess 

connective tissue and fat to ensure that only viable tissue was assessed. The preparation of 

PmFBs is a technique previously performed in our lab [31,432,435,566–568]. Following harvest 
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of RAA during both the pre- and post-CABG stages of surgery, muscle samples were 

immediately submerged in ice-cold ATP-containing media (BIOPS buffer) supplemented with 3 

mg/mL collagenase Type I (Sigma Aldrich) while rotating on a nutator for 30 mins at 4°C. 

Following this 30 mins incubation to enzymatically digest excessive collagen, whole RAA was 

transferred to a separate conical tube containing BIOPS without collagenase. PmFBs were 

prepared by carefully separating tissue with precision forceps into small (~2.0-4.5 mg wet 

weight) bundles that were dried on a Kimwipe and weighed in 1.5 mL tared ice-cold BIOPS. 

Precaution was taken to avoid permeabilizing regions containing residual connective tissue, 

collagen, and/or fat. Bundles were permeabilized in BIOPS supplemented with 40 μg/ml saponin 

for 30 mins at 4°C on a rotator to ensure that the cell membrane was adequately digested, and the 

cytosol was washed out while other intracellular organelles were left intact.  

Mitochondrial respiration  

 Mitochondrial oxygen consumption was measured in PmFBs prepared from pre- and 

post-CABG RAA samples by performing high-resolution respirometry using the Oroboros 

Oxygraph-2k (OROBOROS Instruments, Corp., Innsbruck, Austria). Briefly, PmFBs were 

placed in respirometer chambers containing 2 mL Buffer Z consisting of (in mM): 105 K-MES, 

30 KCl, 10 KH2PO4, 5 MgCl2•6H2O, 1 EGTA, and 5 mg/mL bovine serum albumin (BSA). 

Chambers also contained 5 μM blebbistatin to prevent spontaneous contractions of PmFBs by 

rigor in response to ADP. PmFBs were exposed to constant stirring at 750 RPM and 37°C in the 

chamber [435]. Prior to stimulating PmFBs with various substrates, chambers were manually 

oxygenated with 100% O2 to a starting concentration of ~350 μM, and all experiments were 

completed prior to chamber [O2] dropping below 150 uM to prevent [O2] being a limiting factor 

for respiration.  
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Mitochondrial respirometry was measured in either Buffer Z without creatine (-Cr) to 

prevent activation of mitochondrial creatine kinase (mtCK), or in Buffer Z supplemented with 20 

mM Cr (+Cr) to saturate mtCK and promote high-energy phosphate shuttling through this 

complex, as previously performed [569].  

 To assess complex-I (carbohydrate)-supported respiration, PmFBs were stimulated with 5 

mM pyruvate and 2 mM malate, which are NADH-generating substrates used in tandem as a 

measure of state II respiration. This was followed by titrations of basal (100 μM), sub-maximal 

(300 and 500 μM), and saturating ADP (1000, 5000, 7000, and 9000 μM) to assess mitochondrial 

responsiveness to ADP across a spectrum of metabolic demand (State III coupled respiration). 10 

mM glutamate was then titrated to further saturate complex-I with NADH generation. As a 

quality control check, cytochrome c was titrated to test mitochondrial outer membrane integrity. 

Anomalous responses (over 15%), where ADP-stimulated respiration was correspondingly low, 

were selectively removed. Lastly, for this carbohydrate-supported protocol, 10 mM succinate 

(FADH2-stimulating) was added to further support complex-II respiration. 

In separate PmFBs, two fatty acid-supported oxidation protocols were implemented. The 

first fatty acid-supported protocol contained 10 μM L-carnitine, 20 μM palmitoyl-CoA, and 500 

μM malate to shuttle electrons through beta-oxidation pathways via the outer mitochondrial 

membrane fat transporter, carnitine palmitoyltransferase-I (CPT-I) (depicted in Figure 8-1) 

[438]. This protocol is complex-I stimulating as it generates NADH and is ETF- and complex II-

stimulating attributed to FADH2 generation from beta-oxidation. The second protocol contained 

75 μM palmitoyl-carnitine and 500 μM malate and was intended to bypass carnitine transporters 

on the outer mitochondrial membrane (depicted in Figure 8-1). For both protocols, a similar 
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ADP titration was performed as described above. Cytochrome c was the final substrate added to 

test for membrane integrity.  

Western blotting 

Pre- and post-CABG RAA samples were allocated for prx3 oxidation modified Western 

blot processing, while a separate portion was allocated for regular non-oxidizing Western blots.   

Prx3 Oxidation Assay: 

 Explanted RAA samples were promptly incubated in PBS containing 75 mM MMTS 

(methyl methanethiosulfonate; MMTS) (Sigma Aldrich) for 10 mins at room temperature with 

constant rotating [565]. Following this incubation, samples were carefully removed from MMTS, 

transferred into an empty 1.5 mL conical tube and flash frozen in liquid N2. A modified Western 

blot using standard SDS-PAGE procedures was performed for this assay. Briefly, a frozen section 

of each RAA sample was homogenized using a polytron homogenizer in 75 mM MMTS-RIPA 

buffer (Sigma Aldrich) supplemented with protease and phosphatase inhibitors (Sigma Aldrich). 

Protein concentrations were determined using a Bradford protein assay. Due to the presence of 

MMTS in the sample and homogenization buffer, a standard bicinchoninic acid (BCA) assay 

cannot be performed. Proteins were subjected to SDS-PAGE on 10% agarose gels followed by 

transfer onto 0.2 μM low-fluorescence polyvinylidene difluoride (PVDF) membrane (Bio-Rad) 

and blocked with Li-COR Intercept PBS Blocking Buffer (Li-COR) for 1 hour at room 

temperature. Membranes were then immunoblotted overnight (4°C) on a rotator with the 

following antibody:  

Anti-Peroxiredoxin 3/PRDX3 antibody (ab73349; Abcam); 1:1,000 primary, 1:20,000 secondary 

(Goat anti-rabbit; IRDye 675LT). 

Following an overnight primary antibody incubation, membranes were washed in TBS-T for 3x5 

mins and incubated with the abovementioned infrared fluorescent secondary antibody for 1 hour 
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at room temperature with constant rotating. Immunoreactive proteins were detected using an 

infrared imager (Li-COR) and quantified with densitometry on ImageJ. All images were 

normalized to total protein from the same membrane using Amido Black total protein stain 

(Sigma Aldrich).  

Statistics  

All results are expressed as mean ± SD. Outliers were excluded in accordance with ROUT 

testing (Q=0.5%). Subsequently, the D’Agostino-Pearson Omnibus normality parameters were 

performed to determine if data resembled a Gaussian (normal) or lognormal distribution 

(GraphPad Prism 9.3.0 Software, La Jolla, CA, USA). A repeated-measures 2-way analysis of 

variance (ANOVA) was used for ADP-stimulated mitochondrial respiration, followed by 

Benjamini, Krieger, and Yekutieli’s post hoc analysis to correct for false discovery rate when a 

significant interaction was observed. A paired t-test with repeated-measures was conducted for 

the prx3 oxidation modified Western blot assay. A mixed-model 1-way ANOVA was conducted 

to analyze point-of-care data given that systemic markers were not consistently detected in all 

patients through each of the specified time-points. Correlations were tested via Pearson’s 

correlation coefficient, described by Pearson’s r. Where deltas (Δ) are utilized to obtain 

percentage of change/difference between various CABG time-points, values were calculated as 

((final value – initial value)/initial value) *100. Significance was established at p<0.05 for all 

statistics. While corrected p-values are typically reported as q-values with the Benjamini, 

Krieger, and Yekutieli’s post-hoc analysis, we herein report them as p-values. 
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Supplementary Data – To be included in publication 

 

 

 

 

 

 

SFigure 8-1. Creatine sensitivity of PM and LPM protocol from pre- and post-CABG RAA over 

various metabolic demands with repeated measures analysis. Creatine sensitivity was assessed to 

determine if alterations to high-energy phosphate shuttling (the preferred/more efficient method of ATP 

export to the cytosol) was affected with either substrate protocols. Results represent mean ± SD, n=2-3 

repeated-measures data points.  
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SFigure 8-2. Peroxiredoxin 3 modified Western blot validation experiment. Heart and quadricep tissue 

from control CD2F1 mice was incubated in various oxidizing and non-oxidizing conditions to validate efficacy 

of the modified Western blot assay. Samples were either incubated in H2O2+NaI to exogenously induce 

oxidative stress, H2O2+NaI and 75 mM MMTS to induce oxidative stress and then ‘lock’ the oxidation state 

via incubation in a chelating agent, regular RIPA homogenization buffer (mechanical homogenization-induced 

oxidative stress without a chelating agent to ‘lock’ oxidation state), or 75 mM MMTS + RIPA (no oxidative 

stress). H1 and H2 demonstrated the highest dimer density (index of oxidation), while H4 demonstrated the 

highest monomer density (index of reduction or, conversely, non-oxidation), as expected. Quadricep muscle 

demonstrated similar results, albeit lower overall band density due to lower abundance of prx3 compared to 

heart.  
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SFigure 8-3. Correlation matrix comparing statistically significant mitochondrial data (pre- and post-CABG delta %) with immune cell 

count (expressed as pre-surgery and next day post-op delta %). Yellow boxes denote that correlation is significant at the p<0.05 level (2-tailed). 

Green boxes denote that correlation is significant at the p<0.01 level (2-tailed). 
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SFigure 8-4. Correlation matrix comparing statistically significant mitochondrial data (pre- and post-CABG delta %) with complete blood 

count (expressed as pre-surgery and post-op surgery day or next day post-op delta %). Yellow boxes denote that correlation is significant at 

the p<0.05 level (2-tailed). Green boxes denote that correlation is significant at the p<0.01 level (2-tailed). 
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SFigure 8-5. IL-6-mediated phosphorylation of STAT3, which is related to systemic neutrophil migration, might be responsible for enhanced 

fatty acid-supported mitochondrial respiration through a STAT3/CPT-I axis. Red star denotes prospective pathway that can be investigated 

using frozen pre- and post-RAA CABG samples. Figure created using www.BioRender.com. 
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SFigure 8-6. Biosynthetic (non-ATP generating) fates of glucose/glycolytic enzymes, as well as potential blunted inhibitory effect of malonyl-

CoA on CPT-I as mechanisms to be investigated that support increased fatty acid-supported respiration with no change to carbohydrate-

supported respiration. Red stars denote prospective pathways that can be investigated using frozen pre- and post-RAA CABG samples. Figure 

created using www.BioRender.com.   
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9 SUMMARY OF FINDINGS 

9.1 General Discussion and Future Directions 

The heart is the most metabolically active organ in the body and possesses the highest 

mitochondrial content per muscle cell of any tissue [570]. Mitochondria are indispensable for a 

myriad of cellular processes - including ATP provision in the ETC through oxidative 

phosphorylation, regulating ROS emissions to govern homeostatic and pathological programs, 

shifting metabolic substrate utilization to reflect dynamic workloads, and mediating ion 

homeostasis to meet demands of the cell. Given that the heart is constitutively active and 

accounts for approximately 8% of total ATP consumption in mammals, it is unsurprising that 

aberrations to mitochondrial metabolism in cardiac tissue plays a pivotal role in the 

pathophysiological manifestations associated with stress-induced remodeling. We aptly refer to 

these aberrations as ‘mitochondrial stress responses’ when they begin to influence structure 

and/or function of a cell or tissue. The phrase ‘mitochondrial dysfunction’ is strategically 

avoided in this thesis as these responses are not always causal of myopathy or remodeling. In 

concert (and sometimes direct association) with mitochondrial stress responses, inflammation is 

also centrally involved in histopathological cardiac remodeling following damage. There are 

several diseases and ‘stress paradigms’ in which cardiac mitochondria and inflammation have 

been purported to be involved. However, the nature of why mitochondrial reprogramming and 

inflammation occur across diverse conditions with unrelated underlying causes of disease 

remains unclear. In this regard, the present thesis examined myofiber mitochondrial relationships 

to tissue-specific inflammation in distinct models of cardiomyopathy including dystrophin 

deficient mice (Duchenne muscular dystrophy, DMD) [26,82,276,571,572] and on-pump 

coronary artery bypass graft (CABG) surgery in humans [475,476,573].  
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DMD is an X-linked recessive muscle-wasting disease caused by mutations to the DMD gene 

[574]. The current standards of care for DMD, which includes immunosuppression via 

glucocorticoid administration and gene-editing therapies, provide some promise for patients, 

however, these interventions are often accompanied by unwanted side effects and are not always 

translatable to the full spectrum of mutations that cause DMD [24]. Both of these interventions 

have yielded variable results for dystrophin deficiency-induced cardiomyopathy, which 

represents a major gap in clinical therapy advancement for a disease that currently has no cure.  

While pioneering work investigating the dystrophic LV has identified mitochondrial stress 

responses in a model of early onset DMD (4-week-old D2.mdx mice) in the absence of cardiac 

remodeling and dysfunction [571], data on the remaining chambers of the heart is scarce. The 

lack of comparative data between ventricles, and specifically pertaining to the RV, is of particular 

interest given that previous work by our group demonstrated fibrosis in the diaphragm of 4-

week-old D2.mdx mice [392], while work by another group proposed diaphragm degeneration of 

aged mdx mice as a major contributor and precipitator to RV dystrophic pathology [575].  

This thesis first attempted to comprehensively assess chamber-specific heterogeneity in 

dystrophin deficiency-induced cardiac remodeling in 4-week-old D2.mdx mice by comparing the 

histopathological, mitochondrial, and inflammatory profile across atria and ventricles where 

tissue availability was not a limiting factor. By understanding how the heart heterogeneously 

remodels in response to dystrophin deficiency at this early time point, the second objective was 

to determine if daily administration of a novel adiponectin peptidomimetic (ALY688) could 

prevent some of these remodeling signatures. The decision to investigate an adiponectin 

receptor-targeted intervention was supported by studies indicating that circulating levels of this 

cardioprotective hormone are lower in mdx [385] and humans with DMD [384].  
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The findings from this thesis first established that the RV and LA of 4-week-old D2.mdx 

mice demonstrated a previously undiscovered robust fibrosis that was not detectable in the LV, 

RA, or interventricular septum. Other histopathological remodeling signatures such as 

myocardial disorganization and cardiomyocyte hypertrophy were surprisingly identified in both 

ventricles, despite the absence of fibrosis in the LV. These signatures of histopathological 

remodeling were associated with several indices of mitochondrial stress responses in the RV, 

including lower mitochondrial respiration with carbohydrate (pyruvate) and fatty acid-supporting 

substrates, elevated caspase 9/3 activity, elevated mitochondrial ROS (H2O2) emissions, and 

lower calcium retention capacity, alongside elevations to circulating pro-inflammatory 

macrophage sub-populations. Importantly, the second contribution of this thesis established that 

ALY688 prevented remodeling signatures in the RV, thus positioning adiponectin receptors as a 

promising therapeutic target for right-sided histopathological cardiac remodeling.             

9.1.1. Chambers of the D2.mdx heart should be investigated as four distinct organs, each 

with their own unique molecular and histopathological responses to stress 

Although visually the heart is a single organ, the presence of different embryological 

origins, patterns of gene expression, and functional and structural capacities suggest that the 

heart can be analogized to four distinct organs, each with their own unique responses to stimuli.  

The decision to examine chamber-specific histopathological and molecular remodeling 

signatures followed the novel and somewhat accidental observation that 4-week-old D2.mdx 

mice exhibit a unique RV and LA fibrosis that was nonexistent in the LV and RA. While several 

studies have investigated cardiac fibrosis in D2.mdx mice, including [397] which observed 

elevations to non-specified regions of the heart in mice as young as 10-weeks-old, and [86] 

which established RV-specific fibrosis at 18-weeks, no study has investigated chamber-specific 
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histopathological remodeling at 4-weeks, a time point representative of early phenotypic 

manifestation of dystrophin deficiency. Disparity in the development of fibrosis may be 

attributed to structural differences. For example, the RV is thinner than the LV due to the 

difference in type and amount of muscle fibres (it is estimated to be one-third of the LV’s 

thickness) [576].  

Other indices of remodeling such as myocardial disorganization were also elevated in the 

RV and LA, although this was exhibited in the LV as well. Ventricle-specific cardiomyocyte 

diameter was assessed to determine if dystrophin deficiency affected cell size (which can be 

interpreted as a broad index of cardiomyocyte hypertrophy). This hypertrophic response was 

observed in both ventricles of D2.mdx mice. While it was unexpected that these remodeling 

signatures persisted in both ventricles despite the absence of fibrosis in the LV, one explanation is 

that the fibrotic diaphragm of 4-week-old D2.mdx mice exerts a hemodynamic pulmonary artery-

mediated back-pressure on the RV, thus precipitating pulmonary artery hypertension [575] that 

exacerbates respiratory dysfunction, leading to additional morphological changes to the RV and 

LA not observed in the LV. At least one study has demonstrated that at 16-17 weeks, D2.mdx 

mice present with pulmonary vascular resistance thought to be caused by a fibrotic diaphragm 

and RV [166].  

There are anatomical and physiological differences between the ventricles that might 

explain the disparate responses observed. It is thought that the RV may be subjected to a 5-fold 

increase in afterload, compared to only <50% increase in the LV, in systemic hypertension, 

suggesting that the adaptation to higher pressures is more extreme/sensitive in the RV and may 

rely on enhanced fibrotic strengthening compared to the LV [577]. In aged mdx mice, there is 

histological evidence of pulmonary hypertension concomitant with RV fibrosis and elevated RV 
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wall thickness [575], thus supporting the proposed mechanism linking diaphragm fibrosis to 

fibrosis in the RV.  

Alongside elevated RV fibrosis, mitochondrial stress responses also dominated this 

ventricle. This is a peculiar finding given that previous work in these mice demonstrated 

impairments to LV bioenergetics which were not observed this time [571]. Although this 

observation was difficult to explain, we believe it reflects the heterogeneity of disease severity 

between D2.mdx breeding colonies - a concern of the model that has been acknowledged by 

several groups. In contrast, the observation that PmFBs prepared from non-fibrotic regions of the 

RV exhibited decreased mitochondrial respiration with both carbohydrate- and fatty acid 

oxidation-supporting substrates suggested that cardiac remodeling may be associated with 

mitochondrial stress. This was an important observation given that mitochondrial stress 

responses have been previously characterized in fibrotic diseases [310]. In addition to 

mitochondrial respiration, ROS (mH2O2) was also investigated using complex-I supporting 

substrates that stimulate forward electron transfer. While it was not surprising that RV mH2O2 

was elevated (given the presence of fibrosis), the finding of elevated LV mH2O2 was supported 

by previous literature [571]. Activity levels of caspases 9/3, which are uniquely involved in 

intrinsic mitochondrial-mediated apoptosis pathways [578], were unchanged in the LV, which 

was paralleled by no difference to mitochondrial CRC - aligning with previous literature [571]. 

Caspase activity and CRC are important measures to assess with regards to remodeling processes 

given that excess mitochondrial calcium uptake can lead to swelling-induced rupture and the 

release of cytochrome c from the OMM (a process termed mPT), which can activate downstream 

caspases 9/3 to initiate mitochondrial-mediated intrinsic apoptosis as part of regulated cell death 

processes [243]. It was unsurprising that activity levels of caspases 9/3 were elevated in the RV, 
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which was paired with decreased mitochondrial CRC when pooling PmFBs with and without 

mPT. Given that D2.mdx do not demonstrate differences to CRC in RV when only assessing 

PmFBs with mPT, this highlights the importance of interpreting data multiple ways (pooled with 

and without mPT versus only with mPT), which yielded disparate conclusions. Nevertheless, the 

elevated caspase 9/3 activity in the RV and no change to caspase 8 in both ventricles suggested 

that mitochondrial-mediated apoptosis, rather than extrinsic apoptotic pathways, may be 

contributing to cardiomyocyte loss that necessitates cardiac fibrosis.    

Systemic inflammation is a well-known secondary contributor to DMD-induced 

pathology - therefore, assessing chamber-specific inflammatory signatures was paramount. Much 

of what is known about cardiac inflammation in mdx is limited to the LV, and the sparse data 

available is primarily retrieved from aged mice, as best exemplified in a study by Van Erp et al., 

in 6-month-old mdx mice [25]. This group detected F4/80+ infiltration in the LV of aged mdx 

mice, suggesting that macrophages may be involved with LV cardiac fibrosis that was also 

observed [25]. To our knowledge, the only study assessing cardiac inflammation in 4-week-old 

mdx mice was conducted by Morroni et al., who assessed cell counts of myeloid and T cell 

populations [579]. In this study, it was determined that 4-week-old mdx mice exhibited 

elevations to both myeloid (CD45+CD11b+) and T cells (CD45+CD3+) in the LV, which was 

interesting given that fibrosis was not detected [579]. This suggests that inflammatory infiltrate 

in the heart may precede development of overt cardiac fibrosis.  

In the present study, immunofluorescent staining revealed that TGF-β1 and α-SMA were 

both elevated in the RV, consistent with the detection of cardiac fibrosis. This finding was 

supported by a plethora of research [580]. It was surprising, however, that only α-SMA was 

elevated in the fibrotic LA, while TGF-β was not. Although this was peculiar, we believe it 
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represents a unique response to damage elicited by each chamber. Inflammatory cytokines were 

also assessed by immunofluorescence, including the anti-inflammatory interleukin (IL-10) and 

pro-inflammatory IL-6. We noted that IL-10 was elevated in all chambers of D2.mdx mice, 

which was a strange observation given that IL-10 is generally associated with the resolution of 

inflammation and fibrosis [415]. This finding demonstrates a limitation of tissue-based 

immunofluorescent detection of transient cytokines (which should instead be detected with cell 

sorting or RT-qPCR), and secondarily also supports the complex pleomorphic and pleotropic 

nature of IL-10 in health and disease [415]. Differences were not detected between chambers 

when assessing IL-6, however, it is acknowledged that more sensitive techniques would have 

been superior for detecting a cytokine that is as transient as IL-6.  

Due to limitations of immunofluorescence, ventricle-specific spectral flow cytometry was 

implemented in a subsequent phase to detect inflammatory macrophage sub-populations, 

particularly to examine shifts in bone marrow hematopoietic stem cell-derived recruited versus 

tissue-resident embryological and/or fetal yolk sac-derived macrophages. The novel finding that 

pro-inflammatory ‘recruited’ macrophages, defined by the validated serotype 

CD11b+CD45+CD64+F4/80+CCR2+ [413,581], were elevated in the RV but not LV suggested that 

chamber-specific fibrosis might be mediated by systemic recruitment of inflammatory bone 

marrow-derived macrophages that exacerbate fibrosis. Furthermore, the parallel finding that anti-

inflammatory ‘tissue-resident’ macrophages, defined by the serotype 

CD11b+CD45+CD64+F4/80+CCR2-, were unchanged between groups in either ventricle 

contributes to the well-established literature associating the F4/80+CCR2- population with 

homeostatic function [582]. Given that recruited macrophages (F4/80+CCR2+) are thought to 

mediate histological remodeling by stimulating cardiac fibroblast-to-myofibroblast 
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phenoconversion in response to damage [582], their upregulation observed in the RV (along with 

α-SMA) represents a mechanism integrating dystrophin deficiency-induced inflammation to 

aberrant cardiac fibrosis through potential myofibroblast activation.   

9.1.2. Adiponectin receptor agonism attenuates histopathological and molecular 

signatures of RV remodeling, but is this a protective response? 

A follow-up secondary objective of this study was to determine if daily administration of 

ALY688 could attenuate histopathological remodeling signatures through mitochondrial- and/or 

inflammatory-mediated pathways.  

 First, it was observed that 3 weeks of daily subcutaneous administration of ALY688 

starting at 7-days significantly attenuated RV and LA fibrosis. This was a key finding given that 

both chambers affected by fibrosis were prevented by the drug, akin to a previous finding from 

our lab where ALY688 also prevented diaphragmatic fibrosis [392]. Given that respiratory 

impairments are a hallmark manifestation of disease progression, this finding suggests that early 

RV fibrosis may be linked to pulmonary vasoconstriction through an axis also implicating a 

fibrotic diaphragm and pulmonary vascular resistance in mdx mice [166,184]. It was also 

observed that ALY688 prevented RV cardiomyocyte hypertrophy, but did not prevent 

cardiomyocytes hypertrophied in the LV. The finding that LV cardiomyocyte hypertrophy is not 

prevented by the drug suggests that the fibrotic diaphragm and RV in D2.mdx mice may be more 

interconnected than previously appreciated. 

 Adiponectin receptor agonists play an important role in anti-fibrotic [583] and anti-

inflammatory cascades [584], and also signal to 5' adenosine monophosphate-activated protein 

kinase (AMPK) [583] – a potent regulator of mitochondrial metabolism. To determine if 

mitochondrial stress underpins the attenuation of fibrosis, ventricle-specific high resolution 
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respirometry was assessed in mice treated with ALY688. Attenuation of RV fibrosis was 

paralleled by improvements to mitochondrial respiration using both carbohydrate (pyruvate)- and 

fatty acid-oxidation supporting substrates. Given that these findings were observed in the non-

fibrotic regions of the RV, and were not revealed in the LV, this suggests that fibrosis may impact 

the metabolic capacity of neighbouring unaffected ventricular tissue. In addition to mitochondrial 

respiration, it was also observed that ALY688 attenuated caspase 9/3 activity in the RV, without 

affecting the LV. Caspase 8 activity was unchanged in both ventricles. This data suggests that 

ALY688 may play a role in downregulating intrinsic mitochondrial-mediated apoptosis. This is a 

significant finding given that cardiomyocyte apoptosis could be responsible for excessive cell 

loss in the RV of D2.mdx mice, which is prevented by ALY688. This finding also supports 

mitochondrial CRC data examining pooled RV PmFBs with and without clear mPT, whereby 

lower mitochondrial CRC in D2.mdx was prevented in ALY688-treated mice, suggesting that 

calcium dysregulation may be involved in chamber-specific dystrophin deficiency-induced 

pathology. Continuing with the role of ALY688 in chamber-specific mitochondrial bioenergetics, 

a surprising finding was the ability of ALY688 to prevent LV complex I-supported forward 

mH2O2 across a spectrum of metabolic demands, but not against mH2O2 in the RV. While this 

data was unexpected, it may be attributed to the lower mH2O2 (expressed as % of state II) in the 

LV of D2.mdx compared to the RV, which contained a relatively higher percentage. 

 Low circulating adiponectin concentrations have been detected in hypertrophic 

cardiomyopathy, while high adiponectin concentrations are cardioprotective and associated with 

a lower risk of myocardial infarction [585]. Evidence suggests that adiponectin exerts protection 

against inflammation, with reductions in circulating adiponectin shown to be associated with 

elevated inflammatory markers in different metabolic diseases (extensively reviewed in [372]). 
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Although literature in this area is still growing, pioneering work by Yokota et al., and Ohashi et 

al., has demonstrated a role of adiponectin as an anti-inflammatory hormone by regulating M1-

like and M2-like macrophage proliferation, plasticity, and polarization [367,369,372]. The 

specific receptor-mediated mechanisms linking adiponectin to macrophage polarization remain 

to be elucidated [372]. At least one study has demonstrated that adiponectin incubation in 

primary human monocytes resulted in a 4-fold reduction of CCR2 surface abundance, suggesting 

that this adipokine might influence inflammatory state through an immunoregulatory role [586].  

Mechanisms directly linking adiponectin to CCR2+/- macrophages have not yet been 

extensively mapped or investigated. Macrophage polarization shifts remain a hallmark 

characteristic of the inflammatory response to damage and represent a major potential 

contributor to the histopathological remodeling processes that are associated with dystrophin 

deficiency. Given the robust RV fibrosis that was exhibited in D2.mdx mice, there was value in 

assessing chamber-specific inflammatory macrophage sub-populations to determine if ALY688 

shifted the macrophage polarization state towards an anti-inflammatory phenotype. Spectral flow 

cytometry of whole enzymatically digested ventricles revealed that ALY688-treated mice had 

reduced F4/80+CCR2+ cells in the RV compared to the significant elevated cells detected in 

D2.mdx mice. This finding demonstrated for the first time that adiponectin may attenuate RV 

fibrosis by decreasing the amount of ‘circulating’, or bone marrow hematopoietic stem cell 

(HSC)-derived, macrophages that are recruited to sites of damage. While F4/80+CCR2- cells are 

responsible for homeostatic cardiac tissue repair (a concept more recently popularized by Dr. 

Slava Epelman), the systemic recruitment of bone marrow HSC-derived macrophages implies 

that embryologic- and/or fetal yolk sac-derived macrophages cannot sustain the excessive 

damage experienced by the RV in D2.mdx mice, and therefore signals for additional 
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‘reinforcement’. Future work should investigate if pharmacological or genetic ablation of tissue-

specific CCR2+ recruitment attenuates the histopathological remodeling signatures exhibited in 

D2.mdx mice. Future work should also investigate if the elevated F4/80+CCR2+ cells in D2.mdx 

mice are associated with concomitant elevated pro-inflammatory cytokines such as IL-6. 

Additionally, combining F4/80+CCR2- cells with additional discriminatory markers 

representative of specific embryologic and/or fetal yolk sac-derived resident macrophages may 

also be beneficial for determining with more confidence if these cells are impacted by dystrophin 

deficiency. These markers, which include a combination of F4/80+ with Lyve1 + Timd4, and/or 

Folr2, would allow for the identification of specific ‘resident’ macrophage sub-populations [413]. 

While targeting the inflammatory response with an adiponectin receptor agonist represents a 

logical axis for addressing fibrosis, future work should assess myofibroblast activity in untreated 

and ALY688-treated mice to assess differences in collagen-producing ability. 

Much of this study has focused on fibrosis as a detrimental consequence of 

histopathological cardiac remodeling. Despite this, fibrosis is a necessary stage of the 

inflammatory response and is intended to uphold structural and functional integrity of the failing 

heart by replacing apoptotic and/or necrotic areas with collagenous scar tissue. Therefore, as a 

future direction, there is value in treating D2.mdx mice for longer than 3 weeks, until the animals 

reach a size that improves the feasibility of obtaining reliable cardiac functional data, so that the 

effects of attenuating fibrosis can be investigated comprehensively. To elaborate, understanding 

if preventing fibrosis predisposes the heart to more functional impairments in the long run by 

disrupting a programmed reparative response is important. This can also be determined by 

conducting a longitudinal time-course design in which animals with and without RV fibrosis are 

compared for lifespan. Although this study could not answer the original question that was posed 
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(is attenuating cardiac fibrosis protective?), the study provides invaluable insight towards 

chamber-specific heterogenous remodeling programs in D2.mdx mice and also proposes critical 

questions for the next steps of this study design which can guide therapy development. 

9.1.3. Right-sided adaptations in D2.mdx mice persist in other cardiac stress paradigms as 

well, including in human atrial appendage samples from CABG surgery  

D2.mdx mice proved to be invaluable for gaining insight towards the right-sided 

metabolic and inflammatory stress responses underpinning dystrophin deficiency-induced 

damage. Still, it remained to be seen if other cardiac paradigms also elicited similar right-sided 

adaptive responses to stress. To test this hypothesis, pre- and post-CABG right atrial appendage 

(RAA) samples explanted from patients undergoing elective on-pump revascularization surgery 

were subjected to mitochondrial stress response experiments and assessed alongside markers of 

systemic inflammation. In this study, pre-CABG was defined as RAA samples explanted prior to 

cardiopulmonary bypass (CPB), while post-CABG was defined as RAA samples explanted 

following CPB. The primary objective of this study was to determine if the procedure, which is 

characterized by ischemia and reperfusion during CPB, influenced mitochondrial and 

inflammatory-mediated adaptations to the RAA and systemic circulation, respectively. This work 

was strengthened by repeated-measures analyses assessing mitochondrial respiration from RAA 

samples of the same patient at two unique time-points. By examining indices of mitochondrial 

stress and concurrently investigating how these responses manifested in concert with alterations 

to circulating immune cell count at various time-points, the study shed light on the 

mitochondrion-inflammation axis that underpins CABG surgery.        

 On-pump CABG surgery is performed worldwide to mitigate the consequences of 

coronary artery disease. It is well known that the healthy human heart relies on fatty acids as its 
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primary fuel source, while carbohydrates (glucose) remains a reliable secondary contributor to 

ATP. It is unknown if the relative contributions of fat and carbohydrates to ATP provision in the 

healthy human heart is perturbed in ischemic and reperfused hearts. Additionally, there is 

contention among researchers regarding the clinical importance and relevance of differential 

mitochondrial substrate selection and usage during cardiac stress.  

It has been accepted that the heart’s metabolic reserves (cardiac glycogen stores) are 

relatively limited [492], albeit recruited during ischemia along with glucose transporters at the 

sarcolemma. Additionally, circulating free fatty acids (FFAs) are upregulated during cardiac IRI. 

Despite this, it is unknown whether the adaptation to enhanced fatty acid-supported oxidation 

observed in pre-clinical rodent models during cardiac IRI is an intentional protective mechanism 

required for long-term survival of cardiac tissue, or a detrimental metabolic response to stress. 

Given that stimulation of carbohydrate (pyruvate)-supported oxidation, either directly or 

indirectly by inhibiting fatty acid-supported oxidation, significantly improves cardiac function 

and efficiency in pre-clinical rodent models, current theories posit that the adaptation to 

enhanced fatty acid-supported oxidation is a pathological consequence of IRI [587–589]. 

Collectively, this gap in knowledge regarding mitochondrial substrate selection in clinical 

settings presented an opportunity for first understanding how RAA samples metabolically 

respond to CABG surgery. Subsequently, this was followed up by characterization of the effects 

of CABG on RAA-specific mitochondrial oxidative stress and circulating immune, blood, 

metabolite, and electrolyte cell count during various stages of surgery.  

 The present study was the first (to our knowledge) to demonstrate an adaptation towards 

enhanced fatty acid-supported respiration in human atrial appendage samples explanted during 

CABG. There are several possible hypothetical explanations for this adaptive enhanced fatty 
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acid-supported respiration that represent rich-in-potential avenues for future experiments. Some 

of these prospective experiments will be discussed below. 

First, it is possible that periods of hypoxia that affect pre-CABG RAA samples (attributed 

to the initial coronary artery disease-induced atherosclerotic blockage) metabolically reprogram 

the heart to prioritize the catabolism of glucose and cardiac glycogen stores towards pyruvate 

oxidation to uphold essential ATP-dependent processes (such as ion channel-specific ATPases) in 

the absence of adequate oxygen. Theoretically, this would allow pyruvate-supported oxidation to 

be reinforced by an enhanced reliance on fatty acid-supported respiration during the reperfusion 

phase of CABG (post-CABG RAA), when oxygen is no longer limiting. This theory could be 

tested by investigating RAA-specific GLUT-1/4 and glycogen content, as well as glycogen 

phosphorylase activity between time-points to determine if glucose uptake into cardiac muscle, 

and subsequent storage or further passage to pyruvate is perturbed on the post-CABG RAA 

sample. Research in this area is surprisingly sparse, even in pre-clinical models of ischemic heart 

disease. Lower GLUT-1/4 and/or glycogen content on the post-CABG sample could reflect lower 

substrate (glucose) availability for metabolism through oxidative phosphorylation pathways (via 

pyruvate), compared to high circulating FFAs that are available for β-oxidation post-reperfusion 

(at least in pre-clinical models of ischemic heart disease) [447,460,502]. In this regard, enzyme 

activities of pyruvate dehydrogenase (PDH) and its endogenous inhibitor pyruvate 

dehydrogenase kinase (PDK) can also be investigated to determine if pyruvate-supported 

carbohydrate oxidation is upregulated in pre-CABG RAA when oxygen is limiting (given that 

carbohydrate oxidation is more metabolically efficient than fat oxidation), while contributions to 

ATP supply are subsequently supported by fatty acids when oxygen is adequate during 

reperfusion (post-CABG RAA).  
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Additionally, there is value in investigating malonyl-CoA, which elicits potent 

endogenous regulatory control over fatty acid-supported respiration by inhibiting CPT-I on the 

OMM to limit oxidation of fatty acids in the mitochondria. Of note, malonyl CoA exists in flux 

with acetyl CoA, with acetyl CoA carboxylase (ACC) responsible for the conversion of acetyl 

CoA to malonyl CoA, while malonyl CoA decarboxylase (MCD) is responsible for the opposite 

conversion. A seminal study conducted by Kudo et al., determined that high rates of fatty acid-

supported oxidation during reperfusion were associated with decreases to malonyl-CoA content 

in isolated working rat hearts subjected to 30 mins of global ischemia, followed by 60 mins of 

aerobic reperfusion [550]. While it is conceivable that targeting the malonyl-CoA axis represents 

a therapeutic modality for limiting the consequences of enhanced fatty acid-supported oxidation 

in the post-reperfusion phase, human data is surprisingly limited. Mass spectrometry of RAA 

samples would be a gold-standard method for assessing malonyl-CoA content levels.  

Other critical regulators of mitochondrial substrate selection for ATP synthesis are the 

various ‘biosynthetic’ fates of glycolytic enzymes that ‘uncouple’ glycolysis from glucose 

(pyruvate) oxidation. Glucose can also be prioritized for biosynthetic pathways that branch off of 

glycolysis, which include the pentose phosphate pathway (PPP), hexosamine biosynthetic 

pathway (HBP), or one-carbon metabolism for the generation of critical substrates that favour 

survival of the cell [558,590,591]. For the current study, only the PPP will be considered for 

future experiments given the plethora of data linking this pathway to cardiac IRI. The PPP, which 

is recognized as the predominant endogenous source of nicotinamide adenine dinucleotide 

phosphate (NADPH) (oxidative PPP), is important to investigate in the current model given that 

this intermediate is essential for the regulation of cardiac redox-dependent signaling [558,559].  
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Notably, the NADPH and NADP cycle provides reducing equivalents for glutathione 

peroxidase (GPx), glutathione reductase (GRx), and the thioredoxin (Trx) system in order to 

return oxidized glutathione back to its reduced forms, a process critically necessary against 

cardiac reperfusion injury [560]. The PPP and glycolysis share flux through glucose-6-phosphate 

(G-6-P), thus, downstream glycolytic inhibition could promote glucose flux towards the 

generation of PPP-mediated NADPH rather than towards pyruvate for ATP provision during 

periods of reperfusion stress where protection against highly reactive oxidants is paramount 

[560]. Interestingly, a study by He et al., investigated the effects of genetically shifting glucose 

flux from glycolysis towards the PPP via L-2-hydroxyglutarate (L2HG) accumulation in mice (a 

mechanism that was originally validated in cell culture) to determine if this shift protected 

against cardiac IRI [560]. It was observed that shifting glucose flux towards PPP preserved 

cardiac function and ameliorated oxidative damage induced by reperfusion, while also enhancing 

cellular reducing potential via NADPH upregulation, suggesting that fatty acid-supported 

respiration may be enhanced over glucose-/pyruvate-supported respiration on post-CABG RAA 

to enable glucose-mediated biosynthetic processes to address the IR-induced oxidative damage 

[560]. Accordingly, glucose-6-phosphate dehydrogenase (G6PD), which is a key rate-limiting 

enzyme that regulates glucose flux to the PPP, is known to increase in response to oxidative 

stress stimulation in the heart [561] and this enzyme is also required to maintain reduced 

glutathione levels to prevent excessive IRI in mice with oxidative stress-induced cardiac 

dysfunction [592]. Collectively, this data suggests that enhanced fatty acid-supported respiration 

in response to IR is likely not entirely a pathological mechanism, but rather a ‘substrate-sparring’ 

response that prioritizes glucose catabolism for the generation of anti-oxidative intermediates 

(i.e. reduced glutathione) that are indispensable during reperfusion. The PPP can be assessed in 
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the current study by comparing pre- and post-CABG G6PD enzyme activity given that this 

enzyme (alongside 6-phosphogluconate dehydrogenase) is at the nexus of flux through the PPP. 

Another hallmark characteristic associated with cardiac IR is oxidative stress. While the 

present study could not measure mitochondrial H2O2 emissions on live cardiac samples as 

previously performed in D2.mdx mice, a surrogate method recently adapted by our group that 

assesses oxidative stress as a ‘historical snapshot’ was utilized to determine if CABG samples 

were oxidized by ROS at different time-points. Data from the peroxiredoxin 3 (prx3) modified 

Western blot revealed post-CABG RAA had a significantly lower Prx3 monomer (reduced) 

protein density compared to pre-CABG, suggesting that the protein content of reduced Prx3 is 

lower post-CABG. Although dimer density and percentage of Prx3 as a dimer (oxidized) were 

not statistically different, this is likely attributed to the low repeated measures sample size and 

does not preclude post-CABG RAA samples from being oxidized.    

A right-sided mitochondrial-inflammation axis as a coordinated adaptive response 

represents a commonality between two otherwise distinct models of cardiac stress: D2.mdx mice 

and human atrial samples from CABG surgery. Systemic immune cell data that was analyzed 

through 5 unique time-points before, throughout, and after the surgical period suggested that 

elevated fatty acid-supported oxidation post-CABG may be related to circulating total leukocytes 

and neutrophils post-operation surgery day. This data was intriguing because it suggests that a 

substrate selection adaptation towards enhanced fatty acid-supported oxidation post-CABG, 

although potentially protective, may also be associated with a systemic inflammatory response. 

While additional causal data is required to link mitochondrial stress to inflammation, findings 

from both D2.mdx mice and human atrial samples from CABG surgery suggest that cardiac 

stress may elicit these adaptive responses in an interdependent manner.  
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To mechanistically link inflammation to enhanced fatty acid-supported mitochondrial 

respiration as an underlying adaptive response in CABG, it is worth investigating changes to 

mitochondrial signal transducer and activator of transcription 3 (STAT3) in RAA from CABG, 

which is responsible for inducing the gene expression of the mitochondrial fatty acid transporter, 

CPT-I. This mitochondrial protein and transcription factor, which is known for its signal 

transduction capabilities from the plasma membrane to the nucleus, has multifaceted roles in the 

progression of myocardial hypertrophy, and notably, in vivo rodent models of cardiac IRI. STAT3 

is activated through the phosphorylation of its tyrosine 705 residue, which can occur in response 

to stimulation by pro-inflammatory cytokines including IL-6, and has been reported to be 

phosphorylated on this residue during both cardiac ischemia and reperfusion in vivo [552–555].  

There are several important regulatory roles of mitochondrial STAT3 in rodent 

cardiomyocytes. Recent work by Zheng et al., investigating lipid overload-induced 

mitochondrial dysfunction determined that inactivation of the STAT3/CPT-I pathway by 

Atorvastatin ameliorated myocardial hypertrophy by decreasing fatty acid-supported oxidation 

[551]. This work suggests that attenuating fatty acid-supported respiration may be protective 

against damage, possibly due to the upregulation of pyruvate oxidation, however, additional 

work is required to verify this theory. It would be interesting to assess protein content of 

phosphorylated and total STAT3 in pre-/post-CABG RAA to determine if inflammation-induced 

upregulation of phosphorylated STAT3 on the post-CABG RAA persists, which may partly 

explain the elevated fatty acid-supported oxidation that was observed (through a STAT3/CPT-I 

axis). This theoretical increase in phosphorylated STAT3 on post-CABG RAA as a result of 

enhanced systemic inflammation would position STAT3 as a therapeutic target for addressing 

mitochondrial substrate selection towards enhanced fatty acid oxidation after reperfusion.  
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9.2 Limitations and Perspectives (DMD) 

Chapter 4 addressed several questions that were posed as future directions by [34], who 

demonstrated that impairments in LV mitochondrial bioenergetics preceded overt cardiac 

remodeling and dysfunction in 4-week-old D2.mdx mice. Despite our best efforts to ensure 

careful consideration of study design and execution, there were limitations that may influence 

interpretation of the findings. While many of the limitations revolved around insufficient tissue 

availability - which is a recurrent theme in this thesis - this study design was novel in that unique 

signatures of cardiac remodeling were comprehensively assessed at a time point previously 

thought to be logistically unfeasible to characterize. This limitation was overcome by conducting 

over four rounds of animal breeding and daily injections.  

The first limitation of Chapter 4 was the absence of cardiac functional assessments which 

would allow for more clinically relevant interpretations of the data. Although LV 

echocardiography was not conducted given that this data has previously been published in this 

model [34], obtaining RV functional data presented difficulties despite our best attempts given 

the extremely small ventricular size and geospatial location beneath the septum/ribcage at this 

time-point in D2.mdx mice. Obtaining RV echocardiographic data was attempted in these mice 

aged 4-weeks, however, unreliability of readings due to morphological characteristics of the 

heart made interpreting the data difficult. While RV functional data (biventricular recording) has 

been previously demonstrated in C57BL/10.mdx mice, these mice were aged to 3-4 months prior 

to assessment, meaning both non-invasive (echocardiographic) and invasive catheterization 

techniques were more reliable [184]. Pilot experiments that attempted to assess invasive 

hemodynamics in the RV of 4-week-old mice resulted in several mice dying prematurely during 

the procedure. It should be noted that RV functional assessments have never been published at 
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this time point in D2.mdx¸while some data is available in older mice and other dystrophic models 

[171]. In one study assessing C57BL/10.mdx at 4-weeks-old with in vivo characterization 

techniques (LG-enhanced MRI) and dobutamine stress, cardiac abnormalities in the RV 

demonstrated by elevated end systolic volume compared to control were observed [185] in the 

absence of fibrosis. Given that robust RV fibrosis has been characterized in older (16-25 weeks) 

D2.mdx mice, correlating RV functional data (at a time point where it is logistically feasible) to 

cardiac fibrosis would provide invaluable insight towards the role of this remodeling program in 

the dystrophic heart [166].  

 Next, it is acknowledged that a comprehensive assessment of mitochondrial stress 

responses, frozen assays, or spectral flow cytometry could not be assessed in the atria as 

conducted in the ventricles. While the atria were assessed with histopathological techniques, 

tissue size limitations restricted the ability to assess these chambers with assays requiring PmFB 

preparation, frozen assay homogenization such as during Western blot, or cell digestion as with 

spectral flow cytometry. Future work should seek to pool atria to overcome these limitations. 

 Although a comprehensive inflammatory profile was conducted on both ventricles, which 

consisted of examining pro- and anti-inflammatory cytokines via immunofluorescence in 

addition to spectral flow cytometry, RT-qPCR may have strengthened the interpretation of some 

of these findings. While it is acknowledged that RT-qPCR is among the gold standard techniques 

for assessing gene expression of inflammatory cytokines, tissue size limitations would have 

necessitated a 5th round of animal breeding to obtain sufficient tissue, which was not feasible.  

 Another limitation is that animals were sacrificed 24 hours following the final drug 

injection. This is a limitation of the study design given that adiponectin’s signaling effects may 

have been washed out by the time tissue was harvested. Animals were not sacrificed earlier 
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because limb muscle functional tests for a separate study were conducted the morning prior to 

sacrifice, therefore, avoiding injection stress was paramount. Future studies may consider 

employing a time course design that investigates how many hours adiponectin elicits its 

signaling effects for prior to wash out.  

 Chapter 4 was also limited by sample size with regards to the mitochondrial calcium 

retention capacity assay. While this assay provides invaluable insight towards the contribution of 

mitochondrial calcium uptake to intrinsic apoptosis pathways, the sample size was underpowered 

when removing PmFBs without clear mPT (primarily evident in D2.mdx-HD). Although 

previous work from the lab has pooled mPT and no clear mPT PmFBs together, the current work 

acknowledges that this does not accurately represent the ability of mitochondria to uptake 

calcium prior to swelling-induced opening.  

9.3 Conclusion (DMD) 

The findings from Chapter 4 demonstrate that dystrophin deficiency in 4-week-old 

D2.mdx mice heterogeneously influences histopathological, inflammatory, and mitochondrial 

stress-related remodeling signatures across chambers of the heart. Robust fibrosis uniquely 

impacts the RV and LA in young D2.mdx mice, which is accompanied by RV-specific 

cardiomyocyte hypertrophy and myocardial disorganization. Daily subcutaneous administration 

of ALY688 for 3 weeks is sufficient to attenuate RV fibrosis and cardiomyocyte hypertrophy, in 

part by promoting anti-inflammatory macrophage sub-populations and by improving 

mitochondrial stress responses. Collectively, the data demonstrates that adiponectin receptor 

agonism may represent a therapeutic candidate for dystrophin deficiency-induced cardiac 

remodeling and should at least be considered among other compounds as part of a combinatorial 

therapy for addressing contributors to DMD pathology. 
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Figure 9-1. Updated understanding of newly discovered chamber-specific mitochondrial, 

histopathological, and inflammatory remodeling signatures in 4-week-old D2.mdx mice. Contributions 

of this thesis include a comprehensive characterization of chamber-specific histopathological remodeling, 

including robust RV and LA fibrosis, which may be related to metabolic and inflammatory perturbations in 

response to dystrophin deficiency-induced stress. Figure created using www.BioRender.com. 
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9.4 Limitations and Perspectives (CABG) 

Similar to Chapter 4, careful measures were implemented to ensure strict adherence to 

study design and execution for Chapter 8, however, limitations are inevitable and still to be 

acknowledged. For this study to be conducted, a satellite lab was established at a York PCI 

facility associated with Southlake Regional Health Centre in Newmarket, Ontario. Here, 

respirometers were assembled to allow live tissue assessments of RAA samples freshly explanted 

from patients undergoing CABG surgeries. The satellite lab was set up after trialing a pilot 

experiment whereby transporting samples to York University reduced viability of the sample.  

 Firstly, given that we had limited control during the surgical procedure and could not 

confirm the stage of surgery at which RAA samples were explanted, we acknowledge that 

samples cannot be described as ‘pre-ischemia’ and ‘post-reperfusion’ given that the appropriate 

validation experiments were not conducted to verify these descriptors. Instead, the terms ‘pre-’ 

and ‘post-CABG’ were conservatively used throughout this study to define the two time-points at 

which RAA samples were obtained (before and after cardiopulmonary bypass).  

Next, while extra caution was taken in handling the samples with time and temperature 

considered, there were several limitations that restricted additional data from being collected. 

Aside from high resolution respirometry, live tissue assessments of mitochondrial ROS (i.e. 

mH2O2 emissions) and mitochondrial CRC as an index of mitochondrial swelling-induced 

apoptosis could not be conducted on-site. This is because of logistical complications associated 

with transporting and setting up complex spectrofluorometry equipment outside of a 

conventional laboratory environment. Although this data could not be collected on live tissue, 

samples that were frozen in liquid N2 were utilized for a Peroxiredoxin 3 (Prx3) assay that was 

adapted for this specific study design in order to assess Prx3 oxidation state.  
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 Furthermore, the study had a relatively low sample size for a multitude of reasons. 

Firstly, to ensure consistency between samples, the same surgeon performed all RAA explants. 

While this prevented inter-surgeon variability, it also ensured that all samples were removed 

during the same point in surgery and with the same surgical technique. While this was a 

limitation because samples could only be obtained when the assigned surgeon was on site, it also 

presented other complications. On numerous occasions, patients required alternative surgeries 

(e.g. valve replacements or transcatheter aortic valve implantation) that disqualified them from 

consideration for the study. In addition, not all patients scheduled for a CABG procedure for the 

surgeon consented to donate their samples, thus reducing overall sample size. 

 Lastly, it should be noted that pre- versus post-CABG comparisons could not always be 

performed due to peri-operative complications. On numerous occasions, a post-CABG sample 

could not be obtained given that success of the surgery was always rightfully prioritized. Due to 

the possibility of peri-operative complications, samples were often on the smaller side (size-

wise) given that the surgical procedures did not require excessive sample to be explanted.   

9.5 Conclusion (CABG) 

The novel and clinically insightful findings from Chapter 8 demonstrate that elective on-

pump CABG surgery in male hospital patients influences adaptive mitochondrial stress 

responses to the RAA that are distinctive between pre- and post-CABG time-points. Notably, a 

unique observation in the post-CABG RAA suggests that the procedure, which is characterized 

by cycles of ischemia-reperfusion during and after CPB, enhances fatty acid-supported 

mitochondrial respiration in the absence of differences to carbohydrate (pyruvate)-supported 

respiration. While the contributions of IR as an underlying cause of this adaptation in substrate 

selection could not be verified with the current study design, this data agrees with rodent models 
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of myocardial ischemic heart disease whereby the reliance on fatty acid-supported substrates for 

ATP provision is elevated post-reperfusion. Additionally, this study suggests that elevated fatty 

acid-supported respiration on the post-CABG RAA is related to reduced prx3 monomer density, 

which reflects an index of oxidative stress potentially attributed to reperfusion injury. 

Comprehensive assessment of systemic immune cells, complete blood count, metabolites, and 

electrolytes at various time-points throughout the surgical period reveals that elevated total 

leukocytes and neutrophils following surgery occur in concert with the observed adaptation in 

mitochondrial RAA-specific substrate selection. Future experiments will elucidate if the 

enhanced fatty acid-supported respiration on the post-CABG RAA reflects an adaptive 

regulatory control over glucose metabolism that responds to local oxygen availability, reactive 

oxidant stress, and malonyl CoA activity. In this regard, rather than being passaged toward 

pyruvate for further oxidation, glucose in the post-CABG RAA may be instead sparred for 

biosynthetic fates that protect the heart against oxidative damage while fatty acids, the preferred 

substrate for ATP provision in the heart, dominate in a milieu where oxygen is once again 

abundant. 
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Appendix A: Additional Contributions 

The following first-author review articles were significant components of my PhD and were 

adapted for the literature review to Chapter 4. Sections (and relevant Figures) from these reviews 

can be found in Chapter 2. More comprehensive versions are available online (see below). 

A.1 First Author: Published 

1) Gandhi, S, Sweeney, G, and Perry, CGR (2024). Recent Advances in Pre-Clinical 

Development of Adiponectin Receptor Agonist Therapies for Duchenne Muscular 

Dystrophy. Biomedicines. 12(7):1407. DOI: 10.3390/biomedicines12071407 

 

2) Gandhi, S, Sweeney, HL, Hart, CC, Han, R, and Perry, CGR (2024). Cardiomyopathy in 

Duchenne Muscular Dystrophy and the Potential for Mitochondrial Therapeutics to 

Improve Treatment Response. Cells. 13(14):1168. DOI: 10.3390/cells13141168 

 

The following work encompasses the additional contributions made throughout my PhD that are 

not included in my dissertation.  

A.2 Co-Author: Published  

1) Bellissimo, CA, Gandhi, S, Castellani, LN, Murugathasan, M, Delfinis, LJ, Thuhan, A, 

Garibotti, MC, Seo, Y, Rebalka, IA, Sweeney, G, Hawke, TJ, Sater, AA, and Perry, CGR 

(2024). The slow-release adiponectin analog ALY688-SR modifies early-stage disease 

development in the D2.mdx mouse model of Duchenne muscular dystrophy. Am J Physiol 

Cell Physiol. 326(4):C1011-C1026. DOI: 10.1152/ajpcell.00638.2023 

 

2) Delfinis, LJ, Ogilvie, LM, Khajehzadehshoushtar, S, Gandhi, S, Garibotti, MC, Thuhan, 

AK, Matuszewska, K, Periera, M, Jones, RG, Cheng, AJ, Hawke, TJ, Greene, NP, 

Murach, KA, Simpson, JA, Petrik, J, and Perry, CGR (2024). Muscle weakness and 

mitochondrial stress occur before metastasis in a novel mouse model of ovarian cancer 

cachexia. Molecular Metabolism. 86(5):101976. DOI: 10.1016/j.molmet.2024.101976 

 

3) Ferguson, EJ, Bureau, J, Stokes, T, Nyman, D, Seigel, J, Gandhi, S, Delfinis, LJ, Gurd, 

BJ, Perry, CGR, and McGlory, C (2024). Quantifying Variability Associated with High-
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resolution Respirometry in Human Permeabilized Skeletal Muscle Fibers (2024). 

Advanced Exercise and Health Science. https://doi.org/10.1016/j.aehs.2024.05.006 

 

4) Ogilvie, LM, Delfinis, LJ, Coyle-Asbil, B, Vudatha, V, Alshamali, R, Garlisi, B, Pereira, 

M, Matuszewska, K, Garibotti, MC, Gandhi, S, Brunt, KR, Trevino, JG, Perry, CGR, 

Petrik, J, and Simpson, JA (2024). Cardiac atrophy, dysfunction, and metabolic 

impairments: a cancer-induced heart failure phenotype. American Journal of Pathology. 

DOI: 10.1016/j.ajpath.2024.06.008 

 

5) Bellissimo, CA, Castellani, LN, Finch, MS, Murugathasan, M, Gandhi, S, Sweeney, G, 

Sater, AA, MacPherson, REK, and Perry, CGR (2023). Memory impairment in the 

D2.mdx mouse model of Duchenne muscular dystrophy is prevented by the adiponectin 

receptor agonist ALY688. Exp Physiol. 108(9):1108-1117. DOI: 10.1113/EP091274 

 

6) Bellissimo, CA, Delfinis, LJ, Hughes, MC, Turnbull, PC, Gandhi, S, DiBenedetto, SN, 

Rahman, FA, Tadi, P, Amaral, CA, Dehghani, A, Cobley, JN, Quadrilatero, J, Schlattner 

U, and Perry, CGR (2023). Mitochondrial creatine sensitivity is lost in the D2.mdx model 

of Duchenne muscular dystrophy and rescued by the mitochondrial-enhancing compound 

Olesoxime. Am J Physiol Cell Physiol. 324(5):C1141-C1157. DOI: 

10.1152/ajpcell.00377.2022 

 

7) Fuller, NZK, McCoin, CS, Stierwalt, H, Allen, J, Gandhi, S, Perry, CGR, Jambal, P, 

Shankar, K, and Thyfault, JP (2022). Oral combined contraceptives induce liver 

mitochondrial reactive oxygen species and whole-body metabolic adaptations in female 

mice. J Physiol. 600(24):5215-5245. DOI: 10.1113/JP283733 

 

8) Delfinis, LJ, Bellissimo, CA, Gandhi, S, DiBenedetto, SN, Rosa-Caldwell, ME, 

Rahman, FA, Wiggs, MP, Schlattner U, Quadrilatero, J, Greene, NP, and Perry, CGR 

(2022). Muscle weakness precedes atrophy during cancer cachexia and is associated with 

muscle-specific mitochondrial stress. JCI Insight. 7(24):e155147. DOI: 

10.1172/jci.insight.155147 
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9) Gandhi, S, and Perry, CGR (2020). Mapping the role of mitochondrial DRP1 in skeletal 

muscle health: is too much and too little a bad thing? J Physiol. 598(17) DOI: 

10.1113/JP280316 

A.3 Co-Author: In Submission 

1) Delfinis, LJ, Khajehzadehshoushtar, S, Flewwelling, L, Andrews, N, Garibotti, MC, 

Gandhi, S, Brahmbhatt, AN, Morris, BA, Garlisi, B, Lauks, S, Aitken, C, Cheng, AJ, 

Petrik, J, and Perry, CGR. SkQ1 treatment in a mouse model of ovarian cancer prevents 

early- and late-stage skeletal muscle weakness while modulating skeletal muscle calcium 

release. In submission. 

A.4 Textbook chapter: In press 

1. Gandhi, S, Brahmbhatt, AN, and Perry, CGR. Open Textbook of Exercise Physiology; 

Chapter 6: Energy Supply for Muscle Contraction. In press. 

A.5 Co-Author: In progress 

1) Khajehzadehshoushtar, S, Delfinis, LJ, Rahman, F, Garibotti, MC, Gandhi, S, 

Brahmbhatt, AN, Morris, BA, Garlisi, B, Lauks, S, Aitken, C, Petrik, J, Quadrilatero, J, 

and Perry, CGR. Exploring the relationship between mitochondrial-linked cell death and 

muscle atrophy during ovarian cancer progression. In progress. 
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Appendix B: Detailed Experimental Methods 

B.1 ALY688-SR Drug Preparation 

The test article is provided as a lyophilized powder. Each vial of Lot# ALL.1188.BR.01 contains 

46.14 mg ALY688-SR. By weight, the lyophilized powder is 60% ALY688 peptide. 

Diluent: The diluent for this lot is 1:5 PBS (1X, pH 7.4):water (DIO water or water for 

injection). This can be prepared and stored in the refrigerator. If possible, it should be sterile. 

To reconstitute the entire vial: 

1.  Add 3 ± 0.1 mL of PBS:water diluent to vial, resulting in a 15.4 mg/mL suspension.  

2. Vortex/hand swirl for 30-60 seconds. Visually inspect the contents of the vial to confirm 

that the suspension is uniform (no large particles). 

3. Immediately load all suspension into syringes (within 5-10 minutes), using an 18- or 20-

gauge needle to draw it up. The suspension will thicken over time, making it more 

difficult to work with (will stick to the inside of the vial, making it more difficult to 

remove. 

4. Loaded syringes can be used immediately (suggest dosing within 30 mins of 

resuspension), or syringes can be stored frozen for use on a different day. 

5. To use frozen syringes: let thaw at room temperature. Attach another syringe using a 

syringe or luer-lock connector. Gently mix the suspension to resuspend any settled 

particles, by moving the suspension back and forth between the connected syringes 

several times. 

 

To reconstitute a partial vial: 

Lyophilized powder can be aliquoted into smaller amounts (i.e. the amount needed for each day 

of dosing. Accurately weigh (± 1 mg) the desired amount into an appropriate container (i.e. small 

conical Eppendorf tube). Reconstitute with the appropriate amount of diluent for the desired 

concentration. Note that the lyophilized powder is 60% ALY688-SR peptide by weight, thus 25.6 

mg of powder contains 15.4 mg ALY688-SR. Thus, an aliquot of 25.6 mg of powder would be 

resuspended with 1 mL of diluent to achieve a concentration of 15.4 mg/mL ALY688-SR. 

Stock suspension can be further diluted with PBS as diluent. For instance, to prepare 3 mg/mL 

suspension: dilute the stock 15 mg/mL suspension 1:4 with PBS. 

Sample dosing schemes: 

Dose 

(mg/kg) Avg Weight (kg)* Total mg 
ALY688-SR 

Concentration (mg/mL) 

Injection 

Vol (mL) 

Dose 

volume 

(mL/kg) 

3 0.005 0.02 3 0.005 1.000 

15 0.005 0.08 15 0.005 1.000 

  Pup weight: 3-5 g   
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3 0.025 0.08 3 0.025 1.000 

15 0.025 0.38 15 0.025 1.000 

  

* Full grown mouse 

weight: 25 g         
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B.2 ALY688-ER Drug Preparation 

Dose Formulation: 

1. Testing material is supplied as a sterile stock solution of ALY688-ER 40 mg/mL solution 

(store refrigerated 2-8°C at all times when not in use).  

2. The pH of the solution is approximately 4.7. When diluted with high pH buffer, a 

suspension forms which results in an extended-release profile. 

3. To formulate the SC dose (ALY688-ER suspension), ALY688-ER at 40 mg/mL will be 

mixed with PBS pH 9 (adjust the pH of the PBS using 1N NaOH to 9 ± 0.2) to create the 

ALY688-ER suspension at a final concentration of 15 mg/mL 

Recommended dosing scheme: 

Dose 

(mg/kg

) 

Avg 

Weight 

(kg) 

Tota

l mg 

Concentrati

on (mg/mL) 

Injectio

n Vol 

(mL) 

Dose 

volume 

(mL/kg

) 

Numbe

r of 

Animal

s 

Number 

of 

Doses/da

y 

Overage 

Total 

Volume/da

y  (mL) 

15 0.007 
0.10

5 
5 0.021 3.0 20 1 2 0.9 

 

Per the dosing scheme above, a daily volume of 1 mL should be sufficient to dose 15 µL/mouse 

x 20 mice The dilution should be prepared fresh for each set of daily injections. The total daily 

volume can be adjusted if needed, using the same mixing ratios as described below. 

To make 1 mL of 15 mg/mL ALY688-ER for each dosing day, follow these instructions: 

Materials: 

• Tube (2 mL Eppendorf or equivalent) 

• Pipette with tips that can aliquot up to 1 mL 

• 40 mg/mL ALY688-ER concentrate solution 

• Diluent (1X PBS adjusted to pH 9)  

• Insulin syringes (u-100, 0.3cc, 30-gauge needle) or a glass Hamilton syringe (50 or 100 

µL), with luer lock and removable 27-gauge needle. 

Instructions 

• Remove the stock solution of 40 mg/mL ALY688-ER from the refrigerator, inspect for 

particulates. If the solution is not clear, make notes in the study documents 

• With a pipettor, aliquot 0.875 mL of diluent (PBS, pH 9) into the tube 

• With a pipettor, aliquot 0.125 mL of ALY688 (40 mg/mL) into the tube with the PBS 

• Gently pipette up and down 5-10 times to mix the solution. The solution may be slightly 

cloudy, which indicates that a suspension has formed. It should flow as a normal aqueous 

solution, but if it becomes more viscous, should still be able to inject easily. 

• Draw up the desired volume (3 µL/g x body weight (g) x number of mice injected per 

syringe) into the injection syringe. 

• Be careful not to shear the solution when drawing up the syringe (i.e., when loading the 

syringe, do not press the plunger hard to push the solution back into the tube. Shearing of 

the solution will increase viscosity) 
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Notes:  

- The 40 mg/mL ALY688-ER stock solution is sterile and does not contain a preservative. 

Care should be taken to avoid contamination (suggest pipetting within a BSC). If 

necessary, it can be re-sterilized through a 0.22 µM syringe filter (PES or PVDF 

membrane recommended). 

- Multiple aliquots of 0.125 mL of ALY688-ER 40 mg/mL can be prepared in advance (one 

for each study day) and stored at 2-8°C in Eppendorf tubes until needed for the daily 

dilution. 

- If the mixed suspension becomes too thick and will not draw up through the 30-gauge 

needle fixed to the insulin syringe, we suggest using a syringe with a removable needle 

(such as a 50 µL glass/Hamilton syringe) and drawing up the suspension with a larger 

diameter needle (27-gauge should work better), or directly into the syringe. Because of 

the dead space in the needle hub, it may need to be primed by loading suspension using a 

different syringe. 
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B.3 Caspase 8/3/9 Activity Assay 

Sample Preparation: 

1. Homogenize 10-15 mg of sample tissue in 19X volumes of Muscle Lysis Buffer. Do NOT 

add protease inhibitor 

*** Remember: you will need enough homogenate for 3 caspase assays in duplicate (90 

μL) and 1 protein assay (10 μL) 

2. Only homogenize 3-4 samples at one time. For example, if you have 4 groups, 

homogenize 1 sample from each group and proceed to step #3. As first set of samples are 

incubating on ice, start homogenizing next set 

3. Incubate on ice for 15 minutes, centrifuge at 1000 g for 10 mins at 4°C 

4. Transfer supernatant to new Eppendorf tube, and store in -80°C freezer until needed 

Caspase Assay: 

1. Try to run all samples on one plate and run only 1 caspase type per plate. If all samples 

do not fit in one plate, split samples into even groups in two or more plates. If required, 

make sure a standard is in each plate so you can normalize values to the plate 

2. Set fluorometer to the correct excitation and emission wavelengths for the substrates in 

question (excitation: 360 nm, emission: 440 nm) 

3. Prepare all appropriate working solutions for the assay(s) to be performed 

a. Do everything in DUPLICATE 

b. Be sure to keep fluorogenic substrates, inhibitors, and positive controls in the dark 

and on ice until needed (i.e. in a drawer or a cupboard) 

c. Assay is performed at room temperature. Make sure the temperature is turned off 

on the plate reader! 

4. Use the following table to work out volumes of each solution to be plated (total volume 

of each well is 100 μL): 

 1X Assay 

Buffer 

Positive 

control 

Unknown 

sample 

Inhibitor Substrate 

Blank (AB 

only) 

100 μL --- --- --- --- 

AB + 

substrate 

90 μL --- --- --- 10 μL 

AB + 

substrate + 

positive 

control 

88 μL 

(cas-3, cas-

8) 

 

80 μL (new-

cas-9) 

2 μL  

(cas-3, cas-

8) 

 

10 μL (new-

cas-9) 

--- --- 10 μL 

AB + 

substrate + 

positive 

86 μL 2 μL  --- 2 μL 10 μL 
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control + 

inhibitor 

(cas-3, cas-

8) 

 

78 μL (new-

cas-9) 

(cas-3, cas-

8) 

 

10 μL (new-

cas-9) 

Unknown 

sample + 

Substrate 

75 μL --- 15 μL* 

 

 

--- 10 μL 

Unknown 

sample + 

inhibitor + 

substrate 

73 μL --- 15 μL* 2 μL 10 μL 

* If initial sample volume is low, you can use 10 μL here (adjust assay buffer accordingly) 

5. Add the necessary amount of 1X Assay Buffer to each well of BLACK 96-well plate, as 

calculated from the table above 

6. Add necessary inhibitors to appropriate wells 

7. Place positive control or unknown samples into appropriate wells 

8. Using repeater pipette, dispense 10 μL of substrate into appropriate wells 

9. Place the plate in the spectrofluorometer and read at 15-minute intervals for 2-3 hours 

Data Analysis 

1. Pick a time point where all samples have positive activity (usually 1 or 2 hours into assay 

run time) 

2. Calculate the Gross Fluorescence of each unknown sample (2 wells per sample) and 

subtract the associated zero time points. Next, calculate the Gross Fluorescence of the 

“Assay Buffer + Substrate” wells and subtract the associated zero time point. If this 

number is positive, subtract it from the unknown Gross Fluorescence; if it is negative, do 

not subtract. This gives the Mean Net Fluorescence 

Net Fluorescence = Dunknown – DAB+substrate 

where  

Dunknown = difference between unknown sample fluorescence at chosen time point and 

zero time point 

DAB+substrate = difference between Assay Buffer (AB) + Substrate fluorescence at chosen 

time point and zero time point 

3. Calculate the Mean Net Fluorescence by taking the mean of the original and duplicate net 

fluorescence values. 

4. Normalize the Mean Net Fluorescence obtained for each sample to that sample’s protein 

concentration (see Western procedures for protein assay procedure) 

Reagents 

• Muscle Lysis Buffer 

• 2X Caspase Assay Buffer 
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• Substrates 

o Caspase-3: Ac-DEVD-AMC [prod. # 260-031-M005, Alexis Biochemicals] 

o Caspase-8: Ac-IETD-AMC [prod. # A7457-1ML, Sigma] 

o Caspase-9: Ac-LEHD-AMC [prod. # 260-080-M001, Alexis Biochemicals] 

• Inhibitors 

o Caspase-3: Ac-DEVD-CHO [prod. # 260-030-M001, Alexis Biochemicals] 

o Caspase-8: Ac-IETD-CHO [prod. # A6464-500UL, Sigma] 

o Caspase-9: Ac-LEHD-CHO [prod. # 260-079-M001, Alexis Biochemicals] 

• Positive controls 

o Caspase-3 [prod. # SE-169, Biomol International] 

o Caspase-8 [prod. # C68498-5µg, Sigma] 

o Caspase-9 [prod. # SE-173, Biomol International] 

Reagent preparation 

Muscle Lysis Buffer (20 mM HEPES, 10 mM NaCl, 1.5 mM MgCl, 1 mM DTT, 20% glycerol, 

0.1% Triton X-100), pH 7.4 

2.383 g HEPES (FW 238.3) 

0.2922 g NaCl (FW 58.44) 

0.0714 g MgCl (FW 95.22) 

0.077125 g DTT (FW 154.25) 

100 mL 100% Glycerol 

500 μL  Triton X-100 

Add all ingredients to 300 mL ddH2O. Adjust pH to 7.4. Top up to a final volume of 500 mL with 

ddH2O. Store at 4°C 

 

2X Assay Buffer, pH 7.5 (stock solution) (40 mM HEPES,  20 % glycerol) 

0.95324 g HEPES (FW 238.3) 

20 mL  100% Glycerol 

Add all ingredients to 70 mL ddH2O. Adjust pH to 7.5. Top up to 100 mL with ddH2O. Store at 

4°C 

 

1X Assay Buffer (working solution, made fresh every day) 

Dilute stock solution down to appropriate dilution 

**Add DTT fresh to 1X assay Buffer at a 10 mM concentration prior to use.  Store on ice 

 

Caspase-3 reagents: 

Substrate [Ac-DEVD-AMC] (10 mM stock solution – 50X) 

Add 740 μL of 0.2 μm filtered DMSO to 5 mg of Ac-DEVD-AMC. Vortex well and aliquot to 20 

μL vials 

Store at -20ºC 
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Substrate [Ac-DEVD-AMC] (200 µM working solution) 

Prior to use, remove ONLY the required amount from one tube, add to new tube, and dilute 50X 

in 1X Assay Buffer. Place an “X” on the tube so you use this tube first the next time you run the 

assay 

For example, remove 2 μL of 10 mM stock and add to 98 μL of 1X Assay Buffer and vortex 

well. This is a working solution of 200 μM and is sufficient for 10 wells (at 10 μL per well); the 

final concentration in each well is 20 µM. Always make a little bit more than needed (i.e. If 50 

wells worth are needed, then make up enough for 55 wells) 

Inhibitor [Ac-DEVD-CHO] (10 mM stock solution – 10X) 

Add 199 μL of 0.2 μm filtered DMSO to 1 mg of Ac-DEVD-CHO, vortex well and aliquot entire 

contents to 5 μL vials 

Store at -20ºC 

 

Inhibitor [Ac-DEVD-CHO] (1 mM working solution) 

Prior to use, add 45 μL of 1X Assay Buffer to one tube of 5 μL stock solution, making a 1 mM 

working solution 

Add 2 μL of this solution to the appropriate wells; the final concentration is 20 µM/well. Mark 

tube containing remaining solution with an “X”, and freeze at -20ºC for future use 

Positive control (200 U/tube stock solution – 8X) 

Aliquot directly to 2µL vials. Store at -80ºC 

Prior to use, add 14 µL of 1X assay buffer to one 2 µL tube of stock solution. Add 2 µL of 

working solution to appropriate wells, giving a final concentration of 25 U/well 

 

Caspase-8 reagents: 

**NEW** Substrate [Ac-IETD-AMC] (10 mM stock solution – 50X), rec’d Sept. 2009 

Add 740 μL of 0.2μm filtered DMSO to 5 mg of Ac-IETD-AMC, vortex well and aliquot to 20 

μL vials. Store at -20˚C 

 

**NEW** Substrate [Ac-IETD-AMC] (200 μM working solution) 

Prior to use, remove ONLY the required amount from one tube, add to new tube, and dilute 50X 

in 1X Assay Buffer. Place an “X” on the tube so you use this tube first the next time you run the 

assay 

 

For example, remove 2 μL of 10 mM stock and add to 98 μL of 1X Assay Buffer and vortex 

well. This is a working solution of 200 μM and is sufficient for 10 wells (at 10 μL per well); the 

final concentration in each well is 20 µM. Always make a little bit more than needed (i.e. If 50 

wells worth are needed, then make up enough for 55 wells) 

 

Inhibitor [Ac-IETD-CHO] (25 μM working solution – 40X) 

Combine 2 μL of inhibitor stock (1.5 mM) and 78 μL of 1X Assay Buffer 
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Aliquot to 10 μL vials and store at -20ºC 

Use required amount, which will give a final concentration of 0.5 µM/well, then re-label tube 

with an “X” and put back in freezer to use in next assay 

 

Positive control (100 µg/mL stock solution – 10X) 

Original shipped solution (100 µg/mL) is reconstituted in 50 μL of ddH2O to a concentration of 

10 µg/mL. Vortex solution and aliquot into 2.5 μL volumes  

Store at -80ºC 

Prior to use, add 22.5 μL ddH2O to one tube. Add 2 μL of working solution to appropriate wells, 

giving a final concentration of 0.02 µg/well 

Re-label tube and freeze working solution for future use at -80ºC 

Caspase-9 reagents: 

Substrate [Ac-LEHD-AMC] (10 mM stock solution – 50X), rec’d Jan 2009 

Add 702.4 µL of 0.2µm filtered DMSO to 5mg of Ac-LEHD-AMC, vortex well and aliquot to 20 

µL vials. Store at -20ºC 

 

Substrate [Ac-LEHD-AMC] (200 µM working solution) 

Prior to use, remove ONLY the required amount from one tube, add to new tube, and dilute 50X 

in 1X Assay Buffer. Place an “X” on the tube so you use this tube first the next time you run the 

assay 

 

For example, remove 2 μL of 10 mM stock and add to 98 μL of 1X Assay Buffer and vortex 

well. This is a working solution of 200 μM and is sufficient for 10 wells (at 10 μL per well); the 

final concentration in each well is 20 µM. Always make a little bit more than needed (i.e. If 50 

wells worth are needed, then make up enough for 55 wells) 

 

Inhibitor [Ac-LEHD-CHO] (10 mM stock solution – 10X) 

Add 185.67 μL of 0.2 μm filtered DMSO to 1 mg of Ac-LEHD-CHO 

Aliquot entire contents to 5 μL vials and store at -20ºC 

 

Inhibitor [Ac-LEHD-AMC] (1 mM working solution) 

Prior to use, add 45 μL of 1X Assay Buffer to one 5 µL tube of stock solution, making a 1 mM 

working solution 

Plate 2 μL of this solution to the appropriate wells; this gives a concentration of 20 µM/well. 

Mark tube containing remaining solution with an “X”, and freeze at -20ºC for future use 

 

Positive control (15X)  

Aliquot directly to 2 µL vials. Store at -80ºC 

Prior to use, add 28 µL of 1X assay buffer to one 2 µL tube of stock solution. Add 10 µL of 

working solution to appropriate wells 
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B.4 Mitochondrial Calcium Retention Capacity 

 

Buffers: 

1. BIOPS 

Chemical Stock Solution Molecular 

Weight 

Final 

Concentration 

Addition to 2 

L final volume 

CaK2EGTA 100 mM  2.77 mM 55.4 mL 

K2EGTA 100 mM  7.23 mM 144.6 mL 

Na2ATP  555.1 5.77 mM 6.28 g 

MgCl2 • 6H2O  203.3 6.56 mM 2.67 g 

Taurine  125.1 20 mM 5.02 g 

Na2Phosphocreatine  327.14 15 mM 9.81 g 

Imidazole  68.1 20 mM 2.72 g 

Dithiothreitol 

(DTT) 

 154.2 0.5 mM 0.154 g 

MES Hydrate  195.2 50 mM 19.52 g 

2. Buffer Y – pH 7.1 

Chemical Final 

Concentration 

Addition to 500 mL 

final volume 

Sucrose 250 mM 42.78 g 

Tris-HCl 10 mM 0.788 g 

Tris Base 20 mM 1.21 g 

KH2PO4 10 mM 0.68 g 

BSA 0.5 mg/mL 0.25 g 

• store in fridge at 4°C quickly 

• filter once total volume is made 

• may require heat to dissolve everything 

Sucrose: Weak antioxidant  

Tris-HCl: Acidic form 

Tris Base: Basic form 

KH2PO4: Potassium salt; buffers protons 

BSA: Common in biological buffers; buffers protons and certain amino acids; weak antioxidant 

3. CRC Assay Buffer – with Creatine (NEW Composition) 

Chemical Molecular 

Weight 

Final 

Concentration 

Addition to 120 mL 

final volume 

Buffer Y (freshly made)   120 mL 

Creatine 131.13 20 mM 0.315 g 

EGTA  40 uM 9.6 uL of 0.5 M 

BLEB  5 uM 60 uL of 10 mM 

Calcium Green 5N* 1192.19 1 uM 400 uL of 0.3 mM 

Thapsigargin** 650.76  2 uM 160 uL of 1.5 mM 

* Dissolve 0.5 mg CG5N in 1.398 mL water 

** 1mg vial, make 1mL, aliquot into 165 uL stocks and freeze 

- Aliquot in 900 uL aliquots 
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4. Create a stock of 5 mM & 50 mM CaCl2 dissolved in water and store in 50 uL 

aliquots in freezer 

 

Procedure 

*Place cuvettes on stir plate and fill with ddH2O and 10 uL EGTA (0.5 M stock) (10 mins) 

1. Harvest muscle and place in ice cold BIOPS 

2. Separate fibres into bundles (SMALLER than those used for respiration & even more 

separated) 

3. Permeabilize for 30 minutes in BIOPS with 30 ug/mL saponin 

4. WASH 1: 10 minutes in 1.5 mL Buffer Y + 1 mM EGTA (3 uL of 0.5 M) 

5. Turn on fluorometer to allow lamp to heat up 

6. WASH 2: 10 minutes in 1.5 mL Buffer Y + 10 uM BLEB (1.5 uL of 10 mM BLEB) **be 

conscious of how long bundles are in fridge for- max viability 4 hours 

7. Aspirate out water from cuvette but DO NOT RINSE (keep cuvette lined with EGTA) & 

add necessary ingredients according to table below and fibre 

8. Select Calcium Uptake Assay Protocol on PTI Software. Make sure the following 

parameters are set: 

a. Excitation: 506 

b. Emission: 532 

c. Duration – 3000 seconds 

d. Slit Widths:  Excitation 3 nM  

Emission 3 nM  

e. x-axis window: 2000 seconds 

f. y axis max and min: 200 000 and 500 000 – this can change depending on 

strength of the bulb (newer bulbs may be closer 500 000 as the min) 

Substrate Stock 

Concentration 

Addition to cuvette Final Concentration in 

Cuvette 

CRC Assay Buffer  300 uL  

Glutamate 2 M 1.5 uL 10 mM 

Malate 1 M 1.5 uL 5 mM 

ADP 500 mM 3 uL 5 mM 

Fibre       ** make sure fibre is at the bottom of cuvette attached to stir bar** 

Collect 400 second background to establish “F-Min” 

CaCl2 5 mM 2.5 uL  8 nmol 

Wait 5 minutes or until steady state 

CaCl2 5 mM 1.25 uL  12 nmol (4 nmol pulse) 

Wait 5 minutes in between pulses and continue pulsing until pore opens 

CaCl2 50 mM 3 uL 0.5 mM Pulse (F-Max) 

Wait 3 minutes before final addition, this should establish F-Max but last addition is to 

make sure 

CaCl2 50 mM 3 uL 0.5 mM Pulse (F-Max) 

• For each addition remove cuvette from holder and ensure fibre has not been 

disrupted 

• Make sure y axis is no more than 300 000 units or you will miss opening 

9. Remove bundle and save for freeze drying (if applicable) 
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B.5 Mitochondrial H2O2 Emission (mH2O2) 

BUFFER Z (Intracellular) 

Chemical Molecular Weight 

(g/mol) 

Final Concentration Addition to 500 mL 

Final Volume 

K-MES 233.33 105 mM 12.26 g 

KCl 74.55 30 mM 1.12 g 

KH2PO4 136.08 10 mM 0.7 g 

MgCl2 • 6H2O 203.3 5 mM 0.51 g 

EGTA 380.35 1 mM 0.19 g 

BSA  5 mg/mL 2.5 g 

*ALWAYS double check molecular weights for supplier-specific chemicals (n=m/M.W.) 

To make Buffer Z: 

1. Add approximately 400 mL of ddH2O to 1000 mL beaker 

2. Weigh and add all powder chemicals 

3. Adjust pH to 7.4 using KOH pellets 

4. Using graduated cylinder, bring total volume to 500 mL 

5. Filter and then aliquot into 50 mL falcon tubes 

6. Freeze falcon tubes 

 

Amplex Ultra Red (AUR) Preparation 

Total volume per experiment: 1000 uL  

Total volume per tube:  1050 uL  

 

Stock A = No Creatine 

Stock B = 20 mM Cr (saturating mtCK) 

Stock C = 13.9 PCr + 9.1 Cr (modelling in vivo resting concentrations) 

 

Ingredients required for all 3 Stocks:   

  Amplex Ultra-Red (Invitrogen A36006) 

  5000 IU/ml Cu/Zn Superoxide dismutase (SOD1; Sigma S9697) 

  10 mM Blebbistatin (BLEB; Cayman) 

  DMSO 

  Buffer Z (0.5 mg/mL BSA) 

  0.5 M EGTA (aliquots in freezer) 

 

Final concentrations for all stocks: 

  10 uM AUR 

  5 uM BLEB 

  25 U/mL Cu/Zn SOD1 

  1 mM EGTA 

Stock B additional ingredients: 

  20 mM Creatine hydrate 

Stock C additional requirements: 
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  13.9 mM Phosphocreatine and 9.1 mM Creatine 

  

Preparation of Stock Ingredients  

Step 1: Make Fresh Buffer Z (500 mL) – will only need approximately 320 mL, freeze the rest 

Step 2: Prepare 5 mM AUR.  Add 666.6 uL of DMSO to 1 mg AUR.  Vortex gently.  Place tube 

in drawer out of light (do not place on ice DMSO will freeze) 

Step 3: Thaw 10 mM BLEB stocks – you will need a total of 165 uL so you likely need 8 tubes 

Step 4: Thaw 5000 IU/mL SOD – you will need 2 Eppendorf’s of stock (will need to add KOH 

pellet when making solution)  

Step 5: Thaw 0.5 M EGTA – you will likely need 4 Eppendorf’s of stock 

 

Preparation of AUR Stock A (No Creatine): Multiply these values by 3  

Prepare 10 uM AUR stock.  Mix the following (have this stirring in a beaker covered in foil): 

- 107 mL of Buffer Z – 321 mL 

- 216.7 uL of 5 mM AUR – 650.1 uL 

- 541.7 uL of 5000 IU/mL SOD1 – 1625.1 uL 

- 53.5 uL of 10 mM BLEB – 160.5 uL 

- 216.7 uL of 0.5 M EGTA – 650.1 uL 

 

Aliquot 1050 uL into tubes and store in freezer labeled Ziplock bag (No Creatine Amplex Red – 

Date and Name) 

Total volume (with x3 amount) = 321 mL + 3.0858 mL = 324.1 mL 

324.1/3 = 108.03 mL per stock 

 

Preparation of AUR Stock B (20 mM Creatine): 

 

Prepare 10 uM AUR stock.  Mix the following (have this stirring in a beaker covered in foil): 

 

- 107 mL of Buffer Z  

- 281 mg of creatine 

- 216.7 uL of 5 mM AUR 

- 541.7 uL of 5000 IU/mL SOD1 

- 53.5 uL of 10 mM BLEB 

- 216.7 uL of 0.5 M EGTA 

Aliquot 1050 uL into tubes and store in freezer labeled Ziplock bag (20 mM Creatine Amplex 

Red – Date and Name) 

Preparation of AUR Stock C (13.9 PCr and 9.1 Cr): 

Prepare 10 uM AUR stock.  Mix the following (have this stirring in a beaker covered in foil): 

 

- 107 mL of Buffer Z  

- 127.8 mg of creatine 

- 354.8 mg of phosphocreatine 

- 216.7 uL of 5 mM AUR 

- 541.7 uL of 5000 IU/mL SOD1 

- 53.5 uL of 10 mM BLEB 

- 216.7 uL of 0.5 M EGTA 
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Aliquot 1050 uL into tubes and store in freezer labeled Ziplock bag (13.9 PCr and 9.1 Cr Amplex 

Red – Date and Name) 

 

H2O2 Standard curve for Amplex Ultra Red 

1. H2O2 dilution (serial dilution) 

• H2O2 is light sensitive. Keep in dark when possible. 

• Use H2O2 purchased within the last 6 months (stored in fridge, wrapped in foil).  

• One standard curve per batch is acceptable, but re-make curve if batch approaches 6 

months of age. Discard if curve no longer consistent with original curve. 

• Good in -20°C freezer for up to 6 months or so. 

• Use stock 3% w/w H2O2: 3 g H2O2 / 100 mL solution (1 mol H2O2 / 34.01 g) = 0.0882 

mol H2O2 / .100 L = .882 mol H2O2 / 1 L = 0.882 M H2O2 

(1) 4310 ul ddH2O + 100ul 3% w/w H2O2 >>>> 20 mM H2O2. Use in dilution step 2. 

(2) 3980 ul ddH2O + 20ul of 20mM H2O2 >>>>>> 100 uM H2O2. Use in dilution step 

3 for 20uM. 

(3) 3200 ul ddH2O + 800ul 100uM H2O2 >>>>> 20 uM H2O2. Use in table below. 

(4) 2000 ul ddH2O + 2000ul 20uM H2O2 >>>>>> 10 uM H2O2. Use in table below. 

(5) 2000 ul ddH2O + 2000ul 10uM H2O2 >>>>>> 5 uM H2O2. Use in table below. 

NOTE: 

- H2O2 is light sensitive. (KEEP H2O2 (in tin foil) ON ICE) 

- Prepare large volumes to minimize pipetting/dilution errors.  

- Do not vortex – H2O2 is unstable and dismutates spontaneously to H2O2 over time. 

Agitation may worsen. Flip tube in hand several times. 

- Make this right before you are about to start standard curve  

 

2. Add your Amplex UltraRed (photosensitive and keep in oven under lid), HRP 

(photosensitive), (oligomycin) and other substrates (G/M/S/G-3-P……) into the cuvette as 

per your protocol.   

 

Step 1: Clean out cuvette with 3 EtOH and 3 water washes 

Step 2: Once all substrates are thawed and H2O2 has been prepared, begin background (add 

AUR, HRP, ADP (7.3 uL of 500 D), Substrate into cuvette, which goes in slot 1, and then hit 

start for a 3 min background) 

Only hit Start and Pause, no stop until experiment is over 

After 3 min background, begin first H2O2 titration (3.33 uL of 5 uM H2O2) 

3. H2O2 titration. NOTE: [final H2O2] depends on the final volume in the cuvette, which will 

vary depending on your protocol 
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Make sure to clean the pipette tip by pipetting up and down in a beaker of ddH2O after 

each addition, and wipe pipette tip with Kim wipe. This avoids excess additions of H2O2 

as you progress. 

If for 1000 ul 

Titrate very fast, 45-60 sec 

If for 600 ul 

Titrate very fast, 45-60 sec 

[H2O2] (µM) Add (µl) [H2O2] (µM) Add (µl) 

5 3.33 5 2.0 

5 3.33 5 2.0 

10 3.33 10 2.0 

10 5 10 3 

20 5 20 3 

20 5 20 3 

20 10 20 6 

 

4. Repeat 3 times. Average all 3 standard curves to make one equation for analyses in Excel if 

values are consistent. See next page for acceptable ranges of values and general 

considerations… 

NOTE: Prepare a standard curve for project- make sure you save some Amplex red buffer 

for any redos for standard curve you need to do.  

General Considerations:  

- In general, collect background of 3 mins and collect 45s-60s for each H2O2 titration.  

- During analyses, it can be common to drop points if the standard curve begins to form a 

curvilinear response. Check curve closely following analyses. Aim for at least 4 data 

points in the final curve.  

- Finally, the accuracy of dilutions has an enormous effect on the lowest H2O2 points of the 

standard curve. It is not uncommon for new trainees to see scattered points at the low 

end. The stocks must be re-made with new curves prepared if this is the case. 

 

RANGES: 

A. SLOPE: LOW 1 million- LOW 2 million (**newer bulbs will give you closer to low 2 

million) 

• Bulb should be changed if slopes are seeing less than 1 million- always check 

bulb usage hours if you are getting lower slope maximum bulb usage time is 

400 hours. Always check bulb usage hours before you start a study  

• If you get a very high slope (i.e. 2.5 million) it might be a new bulb but re-run 

the standard curve to be sure it was not an H2O2 dilution error 
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B. Y-INTERCEPT: do not go above 5000 if slope is around 1 million, 8000 if slope is 

closer to 2 million 

• You need positive value- needs to be as close to 0 as possible 

• If all y-intercepts are positive, then go to the values as closest to 0 (and are below 

cutoffs listed above) and average these intercepts 

• If all y-intercepts are negative, then redo standard curves. But negatives that are 

close to 0 might be acceptable as well  
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B.6 Mitochondrial High Resolution Respirometry 

Pre-surgery 

1. For every fibre bundle you are going to make you will need one 0.5 mL tube for wet 

weights one 1.5 mL Eppendorf tube for permeabilization and one 1.5 mL tube for wash 

* Keep all tubes and buffers on ice 

2. In a 5 mL tube, make 10 mg/mL Saponin solution by dissolving a small amount of 

saponin in distilled water 

a. Vortex gently and place on rocker until ready for use 

3. Fill all permeabilization tubes with 1.5 mL of freshly thawed BIOPS and *40 ug/mL 

saponin (6 uL in 1.5 mL BIOPS). 

a. * Different saponin concentrations may be used depending on species/tissue type 

but 40 ug/mL is standard for rodent 

4. Fill all wash tubes with 1.5 mL freshly thawed Buffer Z 

5. Fill all 0.5 mL tubes with 500 uL of BIOPS 

6. Using a 50 mL falcon tube, weigh out creatine (this number will change based on the 

number of chambers you need with creatine), add the correct amount of Buffer Z to make 

a 20 mM Creatine-Buffer Z Solution 

a. Place on rocker as creatine takes some time to dissolve 

7. Label and fill a 5 mL tube with 3.5 mL BIOPS for every muscle that will be harvested 

during surgery 

 

Post-surgery 

1. Separate fibres in BIOPS as quickly and carefully as possible 

a. Remember to change ice block/ice pack frequently as buffer should never be 

allowed to warm up 

2. Place separated fibres in corresponding 0.5 mL tube with BIOPS and proceed to wet 

weight procedure  

 

Bundle wet weights 

1. Fill a 1.5 mL tube with BIOPS until a dome of liquid covers the top 

2. Place tube in holder on scale and tare the scale 

3. With fine forceps remove first bundle from Eppendorf and using a Kim wipe, blot the 

bundle to remove excess liquid 

4. Very carefully place bundle in liquid on scale, making sure the forceps to not draw up any 

liquid 

5. Wait for scale to stabilize and record weight 

6. When done weighing, place back in 0.5 mL Eppendorf tube until all bundles have been 

weighed 

 

Permeabilization  

1. Once all bundles are weighed, switch bundles to permeabilization tubes (the ones that 

have saponin) using forceps or a gel loading pipette tip 

2. Place on nutator in the fridge for 30 minutes 
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a. Make sure all Eppendorf’s have the liquid mixing by ensuring that the air bubble 

is moving 

b. If air bubble appears stuck, invert Eppendorf 1-2 times to allow for movement and 

place back on nutator 

3. After 30 minutes, transfer bundles to corresponding wash tubes using gel loading pipette 

tip  

4. Place bundles in wash back on nutator in the fridge for 15 minutes 

a. Permeabilized bundles can remain in fridge in wash for up to 2 hours but will start 

to lose viability after that point so use bundles ASAP 

5. After 15-minute wash proceed to “Running an Experiment” 

Running an Experiment 

1. When fibres are done washing and chambers have been air phased, remove stoppers and 

place on top of O2k 

2. Add 5 uM blebbistatin and stop the stir bar pressing F11 for Chamber A and F12 for 

Chamber B 

3. Add fibre and loosely place stopper in chamber (do not push down at all) 

4. Turn stir bar back on by clicking F11 and F12 

5. Add a very small amount of O2 with syringe through capillary in stopper 

6. Wait until O2 concentration reaches ~350 and remove stopper, O2 concentration will 

continue to rise, when the levels begin to fall push stopper in all the way so there is a 

tight seal between the chamber and stopper 

7. Ensure there is no air bubble in the chamber 

8. If no air bubble, press F10 to shut off lights 

9. If there is an air bubble, remove stopper, add more buffer and repeat steps 5-8 

10. Wait for background to reach a steady state…this usually takes 10+ minutes 

11. To record when you add each substrate, by clicking “Control” and Left Clicking your 

mouse on the spot on the graph that you added a substrate you can make an event 

 

BIOPS BUFFER (Extracellular) 

Chemical Stock Solution Molecular 

Weight (g/mol) 

Final 

Concentration 

Addition to 2 

Litre Final 

Volume 

CaK2EGTA* 100 mM  2.77 mM 55.4 mL 

K2EGTA* 100 mM  7.23 mM 144.6 mL 

Na2ATP  605.24 5.77 mM 6.98 g 

MgCl2 • 6H2O  203.3 6.56 mM 2.67 g 

Taurine  125.1 20 mM 5.02 g 

Na2Phosphocreatine  327.14 15 mM 9.81 g 

Imidazole  68.1 20 mM 2.72 g 

Dithiothreitol 

(DTT) 

 154.2 0.5 mM 0.154 g 

MES Hydrate  195.2 50 mM 19.52 g 

*ALWAYS double check molecular weights for supplier-specific chemicals (n=m/M.W.) 
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BIOPS contains the following ion concentrations EXTRACELLULAR RANGE 

Ca2+ free 0.1 uM Rat: 

7.6 mM 

Mouse: 

1.3 mM 

Mg2+ free 1 mM   

Na+ 41 mM Human: 

133-143 mM 

K+ 20 mM Human: 

4.5 mM 

Cl- 13 mM Rat: 

160 mM 

Mouse: 

 95-120 mM 

MgATP 5 mM   

Ionic Strength 160 mM  

Osmolality  295 mOsm  

 

BUFFER Z (Intracellular) 

Chemical Molecular Weight 

(g/mol) 

Final Concentration Addition to 500 mL 

Final Volume 

K-MES 233.33 105 mM 12.26 g 

KCl 74.55 30 mM 1.12 g 

KH2PO4 136.08 10 mM 0.7 g 

MgCl2 • 6H2O 203.3 5 mM 0.51 g 

EGTA 380.35 1 mM 0.19 g 

BSA  5 mg/mL 2.5 g 

*ALWAYS double check molecular weights for supplier-specific chemicals (n=m/M.W.) 

Buffer Z contains the following ion concentrations INTRACELLULAR RANGE 

Ca2+ 0.0 uM Human: 

30 nM – 60 nM 

SR:  

5.7-20 mmol/L 

Free Ca2+ in SR 

0.2-0.5 mM 

Rat: 

7.76-11.11 ueq/g dry wt 

Mg2+ (total, not free) 5 mM  
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Na+ 0.0 mM Human: 

6-13 mM 

Rat:  

7.10-21.9 mmol/L 

K+ 145 mM Human:  

130 – 164 mmol/L 

Rat: 

117 – 149 mmol/L 

Cl- 40 mM Rat: 

4.97-16.57 mmol/L 

PO₄³⁻ 10 mM  

EGTA free 1 mM  
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B.7 Picrosirius Red (PSR) Staining Protocol 

Summary 

Picrosirius red stains collagen (red) and cytoplasm (yellow).  Haematoxylin stains nuclei (brown). 

Notes: 

• For Brightfield staining, using distilled water is fine.  For immunohistochemistry use 

deionized water. Deionized water is ultra-purified water that has no ions other than H+ 

and OH-. 

• Can also use isopropanol as a substitute for ethanol at all steps. 

• Stir PSR solution for ~24 hours continuously prior to use.  At least 4 hours if you want to 

use the same day. This helps prevent any precipitate from creating staining artefacts. 

• USE A HUMIFIED BOX for staining duration to prevent PSR from drying out 

 

Solutions and Reagents: 

 

Modified Harris Hematoxylin  

Harris Modified Method Hematoxylin Stain with Acetic Acid (Fisher Chemical Cat. No. SH26-

500D). 

 

Acidified Water: 

Glacial Acetic Acid (Fisher Chemical Cat. No. A38-500) ……………. 5 mL 

Distilled Water ………………………………………………………………………. 995 mL 

Make fresh. 

 

Working PSR: 

Direct Red 80 …………………………………………………………………………. 0.5 g 

Saturated aqueous solution of picric acid (1.3% in H2O) - 500 mL final volume of picric acid 

(usually can get away with 0.1 g of direct red to 100 mL of picric acid (comes stock) 

 

ALWAYS STAIN ALL YOUR SAMPLES AT THE SAME TIME IF YOU ARE MAKING 

COMPARISONS BETWEEN THEM. 

Procedure: 

Deparaffinize Sections 

1. Xylene (#1) for 2 minutes.  

2. Xylene (#2) for 2 minutes. 

3. Xylene (#3) for 2 minutes. 

• Always move the glass slide rack to a new xylene staining dish at each step. Do not 

backtrack 

• Just submerge the slides, no need to agitate 

• Xylene is a clearing agent that removes the paraffin 

Re-hydration in Ethanol 
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4. 100% Ethanol (#1) for 2 minutes. 

5. 100% Ethanol (#2) for 2 minutes. 

6. 95% Ethanol for 2 minutes. 

7. 70% Ethanol for 2 minutes. 

8. Distilled water for 2 minutes. 

Staining 

1. Stain in Modified Harris Hematoxylin for 10 minutes 

2. Wash in running distilled water until no more dye comes off 

• Rinse for 10 minutes under running distilled water or rinse with agitation and 

change water multiple times (i.e. 1-2 min) 

Grab histology lid (takeout containers) that has parchment paper taped to it. Add damp paper 

towel underneath it to keep the slides hydrated. Use uncalibrated 1000 uL pipette to add PSR to 

slides gently 

3. Stain in picrosirius red (pH >4) for 60 minutes. 

4. Dip excess PSR off on paper towel 

5. Quickly dip in acidified water. 

6. Wash in new acidified water with constant agitation for 2 minutes. (2 mL GAA per 398 

mL H2O) 

7. Repeat wash in new acidified water with constant agitation for 2 minutes. 

• Physically remove most of the water from the slides by vigorous shaking. 

8. 95% Ethanol for 2 minutes. 

• Use the 95% Ethanol from step 6.  Discard when finished. 

9. 100% Ethanol (#2) for 2 minutes. 

• Use the 100% Ethanol from step 5. 

10. 100% Ethanol (#1) for 2 minutes. 

• Use the 100% Ethanol from step 4. 

11. Xylene (#4) for 3 minutes.  

12. Xylene (#5) for 3 minutes. 

13. Keep samples in Xylene until you are ready to mount to keep them hydrated 

14. To mount: use glass pasteur pipette to dip into toluene bottle and put 3-4 drops on slide to 

cover all the sample surface area  

15. Place slide cover over the samples and press down gently using pen/pencil/tool with blunt 

end to remove all air bubbles 

16. Let this sit until toluene has stuck the slide cover to the slide (at least 2-3 hours) 

17. Mount with xylene-based mounting medium. 
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B.8 Hematoxylin and Eosin (H and E) Staining Protocol – Myocardial Disorganization 

Solutions and Reagents: 

Modified Harris Hematoxylin  

Harris Modified Method Hematoxylin Stain with Acetic Acid (Fisher Chemical Cat. No. SH26-

500D) 

1% Acid Alcohol Solution: 

1 M Hydrochloric acid (HCl) ……………………………………………………………. 1 mL 

70% Ethanol ……………………………………………………………………………. 100 mL 

Mix well. Make fresh. 

0.2% Ammonia Water Solution: 

Ammonium Hydroxide (Fisher Chemical Cat. No. A669-500) ……… ~8 drops 

Distilled water ………………………………………………………………………….. 200 mL 

Mix well. Make fresh. 

• 1 drop = ~50 μL 

Eosin B Stock Solution (1.0%): 

Eosin Y (Fisher Chemical Cat. No. E511-25) ………………………………. 10 g 

Phloxine B (Fisher Chemical Cat. No. P387-25) …………………………. 1 g 

100% Ethanol ……………………………………………………………………….. 800 mL 

Distilled Water …………………………………………………………………………. 200 mL 

Mix to dissolve and store at room temperature. 

Eosin B Working Solution (0.25%): 

Eosin B stock solution ……………………………………………………………. 200 mL 

Distilled Water ………………………………………………………………………. 200 mL 

80% Ethanol ………………………………………………………………………….. 600 mL 

Glacial Acetic Acid (Fisher Chemical Cat. No. A38-500) ……………. 5 mL 

Mix well and store at room temperature. 

 

ALWAYS STAIN ALL YOUR SAMPLES AT THE SAME TIME IF YOU ARE MAKING 

COMPARISONS BETWEEN THEM. 

Procedure: 

Deparaffinize Sections 

9. Xylene (#1) for 2 minutes.  

10. Xylene (#2) for 2 minutes. 

11. Xylene (#3) for 2 minutes. 

• Always move the glass slide rack to a new xylene staining dish at each step.  Do not 

backtrack. 

• Just submerge the slides, no need to agitate. 

• Xylene is a clearing agent that removes the paraffin. 

Re-hydration in Ethanol 

12. 100% Ethanol (#1) for 2 minutes. 
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13. 100% Ethanol (#2) for 2 minutes. 

14. 95% Ethanol for 2 minutes. 

15. 70% Ethanol for 2 minutes. 

16. Distilled water for 2 minutes. 

 

Staining 

17. Stain in Modified Harris Hematoxylin for 10 minutes. 

18. Wash in running distilled water until no more dye comes off. 

• Rinse for 10 minutes under running distilled water or rinse with agitation and 

change water multiple times (i.e. 1-2 min). 

19. 6-10 dips in Acid Alcohol Solution. 

20. Wash in running distilled water until no more dye comes off. 

• Rinse for 10 minutes under running distilled water or rinse with agitation and 

change water multiple times (i.e. 1-2 min). 

21. Dip in 0.2% Ammonia Water Solution until slide tissue sections are blue. 

22. Wash in running distilled water until no more dye comes off. 

• Rinse for 10 minutes under running distilled water or rinse with agitation and 

change water multiple times (i.e. 1-2 min). 

23. 6 dips in 70% Ethanol to rinse. 

• Use the 70% Ethanol from step 7.  Discard when finished. 

24. Counterstain in Eosin B Working Solution for 4 minutes. 

25. 95% Ethanol for 2 minutes. 

• Use the 95% Ethanol from step 6.  Discard when finished. 

26. 100% Ethanol (#2) for 2 minutes. 

• Use the 100% Ethanol from step 5.  Discard when finished. 

27. 100% Ethanol (#1) for 2 minutes. 

• Use the 100% Ethanol from step 4.  Discard when finished. 

28. Xylene (#4) for 3 minutes.  

29. Xylene (#5) for 3 minutes. 

30. Mount with xylene-based mounting medium. 
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B.9 Immunofluorescence (Paraffin-embedded Tissue Processing) 

Reagents 

1. TE buffer: 10 mM Tris/1 mM EDTA, pH=9 

2. 3% H2O2 (diluted by PBS) 

3. PBST: 1 L PBS + 1 mL Tween 20 

4. 3% BSA, 10% BSA 

5. HCl-EtOH: 500 uL HCl +200 mL 70% EtOH 

 

Step Purpose Operation 
Time 

Notes 

1  

De-paraffinizing 

Xylene 15 min  
2 Xylene 15 min 
3 Xylene 15 min 
4  

 

Re-hydrating 

100% Ethanol 1 min  
5 100% Ethanol 1 min 
6 95% Ethanol 1 min 
7 80% Ethanol 1 min 
8 70% Ethanol 1 min 
9 Wash ddH2O 2 min  

 

10 

 

Antigen Retrieval 

(microwave) 

 

TE buffer PH=9 
 

10 min 

Heating TE buffer vigorously, 

then place the rack with slides 

into the buffer and boiling 

for 10 
mins 

 

11 

Slow wash 
Tap water drip; replace 

ddH2O 

 

1 h 

Drop the tap water into the 

buffer very slowly（1 

drop/s） 
12 Wash PBS 3x5 min On rotator 

13 Wash PBS 3x5 min  

14 Wash ddH2O 5 mins  

 

15 

 

Blocking 
10% BSA diluted by 

PBST 

 

1 h 

For IF, use appropriate serum 
corresponding to primary 

antibody 

16 
Primary 
antibody 

incubation 

 4° overnight Keep the container moist, and 

protect from light 

17 Wash PBST wash 3x5 min  

 

18 

Secondary 

antibody incubation 

  

1 h 

 

Room temperature 

19 Wash PBST 3x5 min  
20 Wash ddH2O STOP  

21 Mount 
Mounting 

aqueous 

medium 

 If using permanent medium, 
please proceed the following 

steps. 

22  95% Ethanol 1 min  
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23 
 

De-hydrating 

95% Ethanol 1 min  
24 100% Ethanol 1 min  
25 100% Ethanol 1 min  
26 Xylene 15 min  
27 Xylene 15 min  
28 Mount Mounting  DAPI 
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B.10 Spectral Flow Cytometry (Chamber-specific) 

Materials list 

- 2x 50 mL flasks labelled ‘A #’ (mouse number) and ‘L #’ 

- 6 mL DMEM 

- 4 mL collagenase (2 mg/mL) 

- 170 uL hyaluronidase (1 mg/mL) 

- 75 uL elastase (1 mg/mL) 

- 90 uL DNase (1 mg/mL) 

- 30 mL EDTA buffer 

- How to make stock bottle (1 L) 

- Make in 1L ultrapure 18.2MΩ ddH2O 

- 7.5972 g NaCl 

- 0.37275 g KCl 

- 0.05999 g NaH2PO4 

- 2.383 g HEPES 

- 1.8016 g Glucose 

- 1.011 g BDM 

- 1.2515 g Taurine 

- 1.4612 g EDTA 

- Adjust to pH 7.8 using NaOH. Sterile filter. 

- 20 mL Perfusion buffer 

- How to make stock bottle (1 L) 

- Make in 1 L ultrapure 18.2MΩ ddH2O 

- 7.5972 g NaCl 

- 0.37275 g KCl 

- 0.05999 g NaH2PO4 

- 2.383 g HEPES 

- 1.8016 g Glucose 

- 1.011 g BDM 

- 1.2515 g Taurine 

- 0.095 g MgCl2 

- Adjust to pH 7.8 using NaOH. Sterile filter. 

- 2x 50 mL centrifuge tubes labelled ‘EDTA #’ and ‘Perf #’ 

- 4x shale plates labelled ‘EDTA #’, ‘Perf #’, ‘Atria #’, ‘LVFW #’ 

- 4x 2 mL Eppendorf tubes labelled ‘A U #’, ‘A FS #’, ‘L U #’, ‘L FS #’ 

- 2x 100-micron mesh funnel 

- 2x blunt Pasteur pipettes 

- 10 mL DMEM + 20% FBS 

- 5.2 mL FACS buffer 

- How to prepare stock bottle (made in fume hood): 

- 98 mL DPBS (no calcium or magnesium) 

- 2 mL FBS stock 

- 1 mM EDTA (0.0372 g) 

- 4 uL FC block 

- 200 uL antibody master mix 
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- Antibody master mix kept in dark in box in fridge 

- Stock antibody kept in dark in blue box in fridge 

- How to prepare stock: 

- 928.68 uL FACS buffer  

- 50 uL SB (super bright complete buffer) 

- Mix until red (homogenized) (sample master mix) 

- 0.83 uL CD45 

- 1.00 uL CD11b 

- 2.50 uL Ly6C 

- 1.25 uL MHCII 

- 1.25 uL CD64 

- 1.00 uL CD22c 

- 10.00 uL CCR2 

- 0.83 uL Ly6G 

- 1.66 uL F4/80 

- 2 uL live dead aqua stain 

- 800 uL intracellular fixation buffer  

 

Possibly add that this is done within a sterile laminar flow cabinet 

Setup 

1. Get 2 50mL flasks and label them ‘A #’ (mouse number) and ‘L #’ 

2. Get 2 50mL centrifuge tubes and label them ‘EDTA #’ and ‘Perf #’ 

3. Get 4 shale plates and label them ‘EDTA #’, ‘Perf #’, ‘Atria #’, ‘LVFW #’ 

 

1. Fill the ice bucket with ice. 

2. Place DMEM, collagenase, hyaluronidase, DNase, and 2 50 mL flasks labelled ‘A #’ 

and ‘L #’ in the ice bucket (to get to 4°C) and leave a parafilm square on top of each 

flask. 

3. Preset centrifuges to 4°C and 500 rcf, and make sure the water bath is set to 37°C. 

4. Grab EDTA and Perfusion buffers from the fridge and shake. 

5. Grab 2 50 mL tubes and fill 1 with 30 mL of EDTA and the other tube with 20 mL of 

Perfusion buffer. Place tubes in the 37°C water bath for ~10 minutes until pre-heated. 

Put your stock buffers back into the fridge. 

6. Place the 2 shale plates labelled ‘Atria’ and ‘LVFW’ into the ice bucket and fill each 

plate with 3 mL DMEM (Do not leave the stock bottle open). 

7. Set up your surgical station by taping down at least 2 sheets of paper towel 

side-by-side. Place a 15 mL centrifuge tube at the top center of the station with the 

opening facing towards you. Place a cotton swab with isoflurane in the tube. 

8. Make the enzyme mix by filling the 2 50mL flasks with (shake enzymes before use and 

cap the stock bottle each time): 

a. 2 mL collagenase each flask 

b. 85 uL hyaluronidase in each flask 

c. 75 uL elastase atria flask (vortex first) 

d. 45 uL DNAse each flask 



305 
 

According to the new Epelman protocol, the enzyme amount and concentration is 

edited. Each enzyme mix will be made in a 2 mL Eppendorf tube. 

a. 1.3 mL DMEM - Atria and Ventricles 

b. 150 µL Collagenase (2 mg/mL) (Worthington) - Atria and Ventricles 

c. 25 µL Hyaluronidase (1 mg/mL) (Sigma) - Atria and Ventricles 

d. 18 µL DNAse I (1 mg/mL) (Sigma) - Atria and Ventricles 

e. 75 uL Elastase (stock concentration) (Sigma) - ATRIA ONLY 

 

9. Prepare the mouse by placing the mouse into the weighing container on the balance. 

10. Heparin mouse with 0.2 mL per mouse subcutaneous, wait 5 minutes after injection. 

11. Label one 2 mL Eppendorf tube per shale plate. 

 

12. Setup a 7 mL EDTA, 10 mL EDTA, and a 3.5 mL perfusion buffer syringe. Place the 

extras of each buffer in the corresponding plate, making sure to leave enough for the 

wash. 

13. Place the mouse in the anesthesia container and add one cotton swab dipped in 

isoflurane into it. Place another cotton swab with iso into the surgical pad tube. 

14. Once the mouse is fully anesthetized place him onto the surgical pad with his snout in 

the tube then tape down his limbs. Press on his foot to make sure there is no toe reflex 

(pedal pain withdrawal reflex). If the mouse begins to wake up, place him back in his 

cage and reset the surgical pad. 

15. Begin surgery by cleaning the mouse’s abdomen with ethanol. 

16. Lift mouse abdomen skin with forceps and cut open with scissors. 

17. Lift mouse abdomen muscle and make a small incision with scissors. 

18. Use the incision to cut towards each armpit then open the chest using the clamp. 

19. Lift clamp and cut the diaphragm. 

20. Twist the clamp to open the chest cavity. 

21. Remove the pericardium with the forceps. 

22. Lift the right lung with the forceps and cut the arteries connecting it to the heart then 

remove the lung. 

23. Lift the heart with the forceps and cut the inferior vena cava. 

24. Insert the 7 mL EDTA syringe bevel side down into the right ventricle, making sure to 

keep it parallel to the right ventricle as you perfuse. Make sure not to shove the 

needle in too far and to inject slowly. Afterwards, soak up the excess blood with a 

Kim wipe. If the perfusion went correctly, the attached lungs should be white, and the 

liver should be lighter. 

25. Use curved forceps to clamp the aorta. 

26. Clean up the heart by getting rid of any connective tissue or lungs attached. 

27. Lift the heart with the curved forceps and cut the aorta to detach it from the body. 

28. Place the heart in the EDTA shale plate and prop it by placing the forceps handle in 

the container. 

29. Inject the left ventricle bevel side up with the syringe of 10 mL EDTA. Make sure to 
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keep the syringe parallel to the left ventricle and control the flow. 

30. Lift the heart out of the EDTA plate and wash the heart with the leftover tube of EDTA 

buffer, then transfer it into the perfusion buffer shale plate. 

31. Inject the left ventricle in the same hole as before with the syringe of 3.5 mL perfusion 

buffer bevel side down. Make sure to keep the syringe parallel to the left ventricle and 

control the flow (there should be little to no blood). 

32. Once done, release the clamp, put the lid on the plate, and clean any tools you plan to 

use again with ethanol and Kim wipes to prevent contamination with blood. 

33. Micro dissect using scissors and forceps until only the heart is left. 

34. Cut off each atrium from the rest of the heart and massage out any leftover blood using 

the forceps. Lift the atria out the plate with forceps and wash them with some of the 

leftover tube of perfusion buffer. Then place them into the DMEM in the ‘Atria’ shale 

plate and place that in the ice bucket. 

35. Cut off the top ¼ of the heart. Then cut off and remove the right ventricle. Cut open 

the left ventricle and remove the thick part (septum) that is leftover. Lift the left 

ventricle out the plate with forceps and wash it with the rest of the leftover tube of 

perfusion buffer. Place the left ventricle in the DMEM of the ‘LVFW’ shale plate and 

place that in the ice bucket. 

36. Weigh the atria by placing both in a weighing boat on the balance and record the result. 

Place them back in the plate and place the plate back in the ice bucket. Do the same with 

the left ventricle. 

37. Cut up the atria and ventricle into 1-2 mm2 pieces/ “paste” and funnel them into their 

respective flasks. Use forceps to place any pieces stuck in the funnel into their flask. 

Parafilm the flasks/tubes. 

38. Digest for 80 minutes at 37°C and 140 rpm by placing the flasks/Eppendorf tubes in 

the water bath/heated shaker. 

38b. Using the Epelman protocol, Eppendorf tubes with “pasted” chunks of 

tissue are taped to a shaker at 37°C at 140 rpm for 60 minutes 

39. Clean up the workspace with ethanol. 

40. After digestion is complete, record how long you let them digest and place the flasks 

in the ice bucket. 

41. Triturate the samples using a blunt pipette for each one. Filter the contents of the 

flasks into their respective 15 mL tubes through a 100-micron mesh. For the left 

ventricle, use a homogenizer/glass rods to get excess chunks into the mesh. Wash mesh 

with 5 mL of DMEM + 20% FBS. Shake tubes. 

42. Place the 15 mL tubes in the refrigerated centrifuge for 5 minutes at 4°C and 500 rcf. 

Afterwards, let it incubate on ice in the dark for 15 minutes to let other tissue/cells in 

suspension gravity settle. 

43. Aspirate each tube slowly without touching the side or bottom. Use a 1 mL pipette 

until 2.2 mL and resuspend fully. 

44. Move into prelabeled 2 mL Eppendorf tubes. 200 uL into the respective unstained 

tube. 2 mL into the respective full stained tube. Place tubes into the centrifuge for 5 
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minutes at 4°C and 500 rcf. 

45. Bring 1000 uL, 200 uL, and 1 uL pipettes and tips to the lab bench by the 2 mL 

tube centrifuge. Grab the FACS buffer from the fridge and place it in the ice 

bucket. 

46. After centrifuge, pour out liquid keeping the pellet. Resuspend with 100 uL FACS 

buffer. After resuspension add 1 uL of FC block and shake well. Incubate on ice in the 

dark for 15 minutes. 

47. Gently shake suspension and add 100 uL of the antibody master mix. Incubate for 30 

minutes on ice in the dark. Centrifuge for 5 minutes at 4°C and 500 rcf. 

48. Resuspend everything in 200 uL of FACS buffer. Add 1 uL of live dead aqua stain 

(viability stain) to the full stain samples. Incubate for 30 minutes on ice in the dark. 

Centrifuge for 5 minutes at 4°C and 500 rcf. 

49. Aspirate then resuspend everything in 200 uL of FACS buffer. Add 200 uL of 

intracellular fixation buffer to everything and shake. Incubate for 30 minutes on ice in 

the dark. Centrifuge for 5 minutes at 4°C and 500 rcf. 

50. Aspirate then resuspend the atria samples with 500 uL of FACS buffer and the left 

ventricle samples with 1 mL of FACS buffer. 

51. Store tubes in the dark at 4°C (in the white box in the fridge). 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



308 
 

B.11 Western Blotting Protocol 

1. Place clean plates washed in methanol in green stands on foam and make sure there is a 

tight seal 

2. Prepare running gel (1 column makes 2 gels) *DO NOT ADD TEMED UNTIL READY 

TO LOAD 

3. Using transfer pipette transfer running gel (with TEMED) until top of green door 

4. Using new transfer pipette on opposite end of plate add water to top of plate removing 

any bubbles 

5. Let set until left over running gel is hard 

6. Make Stacking Gel *DO NOT ADD TEMED UNTIL READY TO LOAD 

7. Make 1X RUNNING BUFFER (990 mL ddH20, 110 mL 10X Running Buffer) in 

graduated cylinder 

8. Go get samples in liquid nitrogen and thaw on ice 

9. Turn on heat block to 95C 

10. After 30 minutes, turn over gel holder to remove excess water, using square paper towel 

remove water from corner of gel and wipe plate clean 

11. Using Transfer pipette add stacking gel (with TEMED) to top of plate 

12. Insert comb starting from one end on angle, careful of splash 

13. Let set until left over stacking gel is hard  

14. Put standard on bench 

15. Vortex thawed samples 

16. In fume hood mix Laemmli’s buffer and 2-mercaptoethanol (100 uL 2-mer: 900 uL 

Laemmli) 

17. In new labeled tubes mix given quantities of water, Laemmli buffer mix and protein (see 

excel sheet) 

18. Boil for 5 minutes in heat block 

19. Remove combs from gels and transfer to tank 

20. Fill holders with 1X Running Buffer and then tank 

21. Load wells with given volume based on excel sheet with standard in first well always 

22. Put lid on at set volts to 160 and time to 40 min, press run 

23. Transfer Gels following steps 

24. Block for 1 hour at room temp in 15 mL Odyssey Blocking Buffer (50% BB, 50%TBS) 

25. Pour out blocking buffer into falcon tube and keep in fridge 

26. Cover membrane in Primary in fridge overnight 

27. Do 4x5 mins washes in TBST 

28. Cover membrane box in foil and wash in secondary at room temp for 1 hour 

29. 4x5 min washes in TBST 

30. Rinse in TBS then pour out and put fresh TBS to detect 
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WESTERN BLOTTING – PREPARATION OF BUFFERS 

 

10 X Running Buffer: 

 

 500 mL 1 L 2 L 

Tris 15 g 30 g 60 g 

Glycine 72 g 144 g 288 g 

SDS 5 g 10 g 20 g 

 

1 X Running Buffer:  10 X Running Buffer 100 mL 

    ddH2O   900 mL 

 

 

10 X Western Transfer Buffer: 

 

 500 mL 1 L 

Glycine 52.5 g 105 g 

Tris Base 22.5 g 45 g 

 

1 X Western Transfer Buffer : 10 X Transfer Buffer  80 mL 

     Methanol  160 mL 

     ddH2O   560 mL 

 

 

10 X TBS (Tris Buffered Saline): 

 

 500 mL 1 L 

Tris 12.1 g 24.2 g 

NaCl 40 g 80 g 

Adjust to pH 7.6 with HCl 

 

1 X TBST: 

 1 L 2 L 

10 X TBS 100 mL 200 mL 

dH2O 900 mL 1800 mL 

Tween 20 1 mL 2 mL 

Note: Ensure solution is stirring when adding Tween 
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Gel Preparation: 

Primary 

- Blocking Buffer 

- .1% Tween 

- .01% SDS 

Secondary 

- Blocking Buffer 

- .1% Tween 

- .01% SDS 

 

Isolate Protein from Tissue 

50 mL 2xSDS lysis buffer recipe 

50 mL Final Concentration 

6.8 mL of 1M Tris HCL (pH 6.8) 0.136 M 

20 mL of 10% SDS 4% 

10 mL of glycerol 20% 

13.2 mL of H2O  

5 protease inhibitor tablets   

Perry Homogenization Buffer: 200 mL solution at pH 7.0 

Amount Reagent Concentration Molecular Weight 

630.4 mg Tris/HCL 20 mM  157.60 

1.752 g NaCL 150 mM  58.44 

74.48 mg EDTA 1 mM 372.24 

76.07 mg EGTA 1 mM 380.35 

223 mg Na4O7P2 2.5 mM 446.06 

36.78 mg Na3VO4 1 mM 183.91 

2 mL Triton X-100 1%  

 Stacking Running 

5% 6% 8% 10% 12% 

ddH2O 6.8 mL 11.4 mL 10.6 mL 9.4 mL 8 mL 6.7 mL 

1.5 M Tris-Base, 

pH 8.8 

*** 5 mL 5 mL 5 mL 5 mL 5 mL 

1 M Tris-HCl, pH 

6.8 

1.25 mL *** *** *** *** *** 

30% Acrylamide 1.70 mL 3.4 mL 4 mL 5.3 mL 6.7 mL 8 mL 

10% SDS 100 μl 200 μl 200 μl 200 μl 200 μl 200 μL 

       

10% APS 100 μL 200 μL 200 μL 200 μL 200 μL 200 μL 

TEMED 20 μL 20 μL 20 μL 20 μL 20 μL 20 μL 
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Backx’ Homogenization Buffer 

 

10 uG muscle: 100 uL buffer 

 

Make sure buffer includes: 

1. 1 tablet/10 mL phosSTOP 

2. 1:200 protease inhibitors (50 uL for 10 mL total buffer) 

3. If tissue is less than 2 mg (atria), add 200 uL of 2xSDS lysis buffer and use glass 

homogenizer 

1. For ventricles (cut into ¼ pieces so that it is ~5 mg) and other tissue (over 2 mg, if atria 

are large), add 400 uL 2xSDS lysis buffer and use glass homogenizer 

- Homogenize using polytron homogenizer for 20 seconds at a time, 3 times (do not 

need to keep on ice all the time → room temperature is also fine) 

2. Boil samples at 100°C for 5 mins 

3. Centrifuge samples at 800 g for 10 mins (4°C) and keep supernatant in new tube (store in 

-80°C freezer) 

4. Save 5 uL of sample for protein assay  

Protein Assay – BCA 

1. Create standards by diluting BSA in homogenization buffer or water 

Standards (BSA): 

0 mg/mL (buffer) 

0.0625 mg/mL 

0.125 mg/mL 

0.25 mg/mL 

0.50 mg/mL 

1.00 mg/mL 

2. Dilute 5 uL of each sample in 45 uL of homogenization buffer  

3. Using a 96-well plate load in triplicates each standard and each sample  

4. Add 190uL of mixed solution (50:1 Solution A:Solution B) into each well of sample  

*Amount needed: (# of standards + # of unknowns) x (3 replicates) x (200 uL) 

5. Heat in oven for 30 mins at 37°C 
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B.12 Peroxiredoxin 3 (Prx3) Western Blot Sample Prep and Bradford Assay (CABG 

Study) 

1. RV and LV must be carefully separated and weighed, then quickly placed in PBS 

containing the alkylating agent, S-methyl methanethiosulfonate (MMTS) at 75 mM on 

ice 

2. Incubate sample in 75 mM tube for 10 min at room temperature  

Note: Make PBS-75 mM MMTS tubes beforehand (where tissue will incubate for 10 

mins at room temperature before being transferred to regular 1.5 ml Eppendorf tube to be 

flash frozen in liquid N2). ~400 uL of the PBS-MMTS solution per sample (assuming 

sample weight is ~15-40 mg)  

3. Remove sample from 75 mM MMTS tube and snap freeze in liquid N2 and store at 

−80 °C prior 

4. Homogenize muscle in 1x RIPA buffer (50 mM Tris-HCl PH 7.4, 150 mM NaCl, 

0.25% deoxycholic acid, 1% NP-40, 1 mM EDTA containing MMTS) at 75 mM with 

protease inhibitor and phosSTOP. For 10 mL homogenization (1x RIPA) buffer, add: 50 

uL protease inhibitor and 1 phosSTOP tablet. Mix well to fully dissolve 

5. Per sample (~15-30 mg weight), use ~250-400 uL RIPA for homogenization (use 

Sonicator or polytron homogenizer to homogenize thoroughly) 

6. Homogenate will be centrifuged at 12,000 g for 5 min and the supernatant collected (4°C 

on centrifuge)  

7. Protein concentrations determined using the Bradford assay (Note: BCA will NOT 

WORK) 

Protein quantification – Bradford 

1. Prepare protein standard curve and keep on ice 

2. Dilute experimental samples with PBS/ddH2O/or 75 mM RIPA buffer to fit the standard 

curve (dilute tissues 1 in 25 in ddH2O) 

3. Pipette 10 µl of each standard and sample solution into separate microtitre plate wells.  

4. Protein solutions are assayed in duplicate 

5. Add 250 µl of BradfordMX reagent to each well 

6. Incubate, at room temperature for 15 min (wrapped in tin foil). Absorbance will increase over 

time. Samples should incubate at room temperature for no more than 1 h.  

7. Run Bradford as you would normal BCA 

Calculate total protein in samples using standard curve. 

Sample prep: 

Sample prep once protein has been calculated using a BRADFORD reagent assay: 

 

 

 

 

 

 

 

https://www.sciencedirect.com/topics/medicine-and-dentistry/deoxycholic-acid
https://www.sciencedirect.com/topics/medicine-and-dentistry/edetic-acid
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• 4x bromophenol blue loading dye:  

Reagent  Volume (ml) 

1 M Tris-HCL pH 6.8  1.25 

Glycerol 3 

20 % SDS in dH2O 1 

Bromophenol blue 3 – 5 mg (tiny pinch on 

spatula) 

dH2O 3.75 

Amount loaded per well previously: 

30ug protein/well (15uL at 2ug/uL) 

 

Western Blotting Protocol (Prx3 Oxidation Assay) 

Note: Items in red denote deviation from standard Western blotting protocol 

Buffers 

• Resolving gel buffer - 1.5 M Tris buffer pH 8.8. Makes 1 L. 

181.71 g of Trizma Base dissolved in 800 mL ddH2O and then pH using HCl, then top up 

to 1 L (ensure the pH is still correct once at volume). Can be kept at room temperature. 

• Stacking gel buffer - 0.5 M Tris buffer pH 6.8. Makes 1 L. 

60.57 g of Trizma Base dissolved in 800 mL ddH2O and then pH using HCl, then top up 

to 1 L (ensure the pH is still correct once at volume). Can be kept at room temperature. 

• Loading dye buffer – 1 M Tris-HCl buffer pH 6.8. Makes 100 mL. 

12.12 g of Trizma Base dissolved in 80 ml ddH2O and then pH using HCl, then top up to 

100 mL (ensure the pH is still correct once at volume). Can be kept at room temperature. 

• 10% SDS. Makes 100 mL. 

10 g of SDS fully dissolved in 80 mL of ddH2O with gentle stirring and heating (approx. 

40-50°C), then top up to 100 mL. Can be kept at room temperature. 

• 10% APS. Makes 10 mL. 

1 g of APS fully dissolved in 10 mL of ddH2O, then divide into 500 µL aliquots and store 

at -20°C 

• 10x Tris Glycine for running buffer. Makes 1 L. 

30 g Trizma Base, 144 g Glycine, dissolved in 800 mL ddH2O with gentle stirring, and 

topped up to 1 L if needed. 

• 4x bromophenol blue loading dye: THIS IS NOT THE SAME AS TRADITIONAL 

HYBRID LAEMMLI BUFFER (NO BETA MERCAPTOETHANOL IN THIS 

LOADING DYE) 
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Reagent  Volume (mL) 

1 M Tris-HCL pH 6.8  1.25 

Glycerol 3 

20 % SDS in ddH2O 1 

Bromophenol blue 3 – 5 mg (tiny pinch on 

spatula) 

ddH2O 3.75 

 

• Semi-dry transfer buffers: 

Reagent Anode 1  Anode 2 Cathode 1 

Trizma base 36.34 g 3.02  

Methanol 200 mL 200 mL 200 mL 

ddH2O 800 mL 800 mL 800 mL 

6-amino n hexanoic 

acid 

  5.24 g 

pH 10.4 10.4 7.6 

 

• 10x TBS. Makes 1 L. 

24.2 g Trizma base, and 80 g of NaCl, dissolved in 800 mL, then top up to 1 L. 

•  0.1% TBST. Makes 1 L. 

100 mL of 10x TBS, 900 mL ddH2O, and 1 mL Tween 20, gently mixed. 

Cast Bio-Rad gels 

8. Set up gel casting frame using 0.75 mm or 1.5 mm plates. 

9. Recipe for resolving gel buffer for making 1.5 mm gels. TEMED to be added last and only 

once ready to cast the gels: 

 10% 

Reagent Vol for 2 x 1.5 mm 

gels 

ddH2O 8.14 mL 

Acryl/bis buffer (30%) 6.66 mL 

1.5 M tris Buffer pH 8.8  5 mL 

10 % SDS 0.2 mL 

10 % APS  0.1 mL 

TEMED  10 µL 

 

 10% 

Reagent Vol for 2 x 1.5 mm 

gels 

ddH2O 9.8 mL 

Acryl/bis buffer (40%) 5 mL 

1.5 M tris Buffer pH 8.8  5 mL 

10 % SDS 0.2 mL 

10 % APS  0.1 mL 
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TEMED  10 µL 

 

10. Pipette resolving buffer into each casting frame until filled to the desired level. Leave enough 

space for the stacking gel to be double the height of the wells. Add methanol to remove any 

bubbles, produce a smooth, straight top to the gel, and a seal to enable the gel to polymerise. 

11. Any small amount of resolving buffer left in the falcon tube can be used to see when the gel 

is fully set before adding stacking buffer, approximately 20 mins. 

12. Recipe for 3% stacking gel buffer: 

Reagent Vol for 2 x 1.5 mm 

gels 

ddH2O 4.1 mL 

Acryl/bis buffer (30%) 0.9 mL 

0.5 M tris Buffer pH 6.8  1.7 mL 

10 % SDS 70 µL 

10 % APS  50 µL 

TEMED  10 µL 

 

Reagent Vol for 2 x 1.5 mm 

gels 

ddH2O 4.325 mL 

Acryl/bis buffer (40%) 0.675 mL 

0.5 M tris Buffer pH 6.8  1.7 mL 

10 % SDS 70 µL 

10 % APS  50 µL 

TEMED  10 µL 

 

13. Pour off the methanol and rinse with water before adding stacking buffer to the brim. Push 

combs into the frame and leave to set, will take approximately 15 mins. 

14. Can store in the fridge for up to 4 days, in a wet paper towel, wrapped in foil/cling film. 

 

Sample preparation 

15. Switch on heat block to 95°C 

16. Prepare samples and any controls that are running to an appropriate amount of total protein to 

load, using ddH20 and loading dye – guideline for most samples is 10-30 µg depending on 

target looking to detect 

Note - Controls such as recombinant proteins need optimising as usually require very little 

amounts for detection alongside samples as are pure proteins 

17. Heat samples at 95°C for 5 mins 

18. Pulse spin samples to bring down any condensation 

19. Place gels into green/cream electrophoresis frames - If running 1-2 gels then use the frame 

with the electrode spikes, and if have 3-4 gels put the others in the frame with the flat 

electrodes. Ensure short plate is facing inwards. If running just 1 gel, then use the blank dam 

on the other side, making sure writing faces into the cassette 

20. Rest the bottom of the gels on the white semi-circle shelf and snap shut the frame 
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21. Dilute 10x running buffer with dH2O to give 1x running buffer (eg. 100ml of 10x running 

buffer with 900ml dH2O) 

22. Mix & pour into central chamber of electrophoresis unit, and check for leaks. If leaking, open 

and re-clamp the cassette and plates 

23. Fill outside chamber to the mark relevant to number of gels 

24. Load molecular weight marker (3-5 uL) and samples into each well 

25. Apply lid, connect to power pack and run gel at 160 mV until sample stacks and enters the 

resolving gel (~ 1 hour) 

Note – Voltage through the stacking and resolving gel is dependent on your sample, running 

conditions, percentage of gel, and quality of image required 

Semi-dry transfer 

26. Incubate PVDF membrane in methanol, and filter paper in relevant buffers: 

Soak in buffer: Number of medium 

filter paper (per gel) 

Cathode 1 5 

Anode 2 2 

Anode 1 4 

 

27. Assemble transfer sandwich on transfer cassette: 

Top 

Cathode 1 filter paper 

Gel 

Membrane 

Anode 2 filter paper 

Anode 1 filter paper 

Bottom 

 

28. Tighten the lid of the cassette evenly on both sides and run at 0.3 A for 1 h. If target is 

heavier than 100 kDa then longer transfer time is likely needed  

 

Antibodies used are Prx1 (Abcam ab41906), Prx2 (Abcam ab109367), Prx3 (Abcam ab73349), 

Prx4 (Abcam ab184167 and ab59542), Prx3-SO3 (Abcam ab16830). Generally, antibodies are 

diluted 1:1000 in 1% FSG containing 0.1% Tween-20. 

Immunoblotting 

29. Fill 2 plastic “biorad” dishes, one with methanol and one with transfer buffer 

30. Place 2 transfer packs in dish of transfer buffer and place membrane in dish of methanol 

31. After 2-3 minutes place first transfer pack on bottom of transfer case 

32. Place membrane in transfer buffer for 10-15 seconds 

33. Place membrane on top of transfer pack ensuring no air bubbles 

34. Remove short plate from gel and place gel face down on membrane 

35. Place second transfer pack on top of membrane 

36. Using roller, roll from one side of transfer pack to the other to remove air bubbles 

37. Hold firmly down in the middle of the transfer pack and remove excess liquid 
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38. Put lid on transfer case and run transfer (standard setting is 1.5 mm gel for 10 minutes) 

39. Following transfer remove membrane and place in dish with blocking buffer (50% Odyssey 

Blocking Buffer, 50% TBS) for 1 hour, rocking at room temperature 

40. After 1 hour pour blocking buffer back into falcon tube (it can be reused) and add primary 

antibody 

41. Place membrane in primary in fridge overnight, rocking in the morning remove primary and 

pour back into falcon tube (can be reused) 

42. Add TBST to dish and complete 3x5 minute TBST washes rocking at room temperature 

43. Add secondary antibody and leave rocking at room temperature for 1 hour 

44. Remove secondary and place back in falcon tube (can be reused) 

45. Complete 3 more 3x5 minute TBST washes 

46. Detect using LiCOR Infrared Imager 

 


