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Abstract 

 
Chemotherapy-induced muscle atrophy significantly impairs quality of life in cancer patients. 

While tumor-related inflammation partly explains cachexia-associated wasting, the mechanisms 

affecting myotubes and endothelial cells remain poorly understood. This thesis examines the 

catabolic effects of chemotherapy drugs and inflammatory cytokines on C2C12 myotubes and 

primary skeletal muscle endothelial cells. Myotubes were treated with CPT-11 (20 μg/mL), 5-

fluorouracil (50 μg/mL), leucovorin (10 μg/mL), IL-6 (20 ng/mL), and TNF-α (100 ng/mL). 

Treatment significantly reduced myofibrillar proteins, including MHC-1(−36%), tropomyosin 

(−65%), and troponin T (−76%), and suppressed anabolic signaling. SNAT1 and LAT1 expression 

increased by 78% and 127%, respectively. Endothelial cells exposed to the same agents at full and 

half doses (100% and 50%) for 24 and 48 hours showed heightened stress responses and 

upregulation of p53 and p21. Partial recovery was observed following treatment removal, though 

not fully restored. These findings reveal distinct chemotherapy-induced vulnerabilities in muscle 

and endothelial cells, offering insight into potential therapeutic strategies. 
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Chapter 1 General Introduction  

 
Chemotherapy, a major treatment for cancer, has transformed the prognosis for numerous 

patients, leading to significant improvements of survival rates (1). However, the treatment has 

major side effects. One of the most notable adverse effects of chemotherapy is muscle atrophy 

(2). Muscle atrophy refers to loss of muscle mass due to certain conditions such as ageing, 

chronic diseases or muscle disuse (3). The onset of chemotherapy-induced skeletal muscle 

atrophy has profound implications for patients, exerting a substantial impact on their quality of 

life, treatment tolerance, overall prognosis, and, notably, the metabolic and functional aspects of 

their bodies (4). 

Building upon this, cachexia increases these complications which is more than just severe 

muscle atrophy. Cachexia is a multifactorial syndrome marked by significant decrease in body 

weight due to lose in fat and muscle mass and is accompanied by fatigue. Although it's prevalent 

in various chronic illnesses, its connection with cancer is particularly concerning (5) This is not 

simply due to malnutrition but stems from a complex interplay of tumor progression, 

inflammation, and metabolic imbalances. With the onset of cachexia, patients find it even more 

intimidating to tolerate prolonged treatments, ultimately fading their survival chances (6).  

Moreover, skeletal muscle is a highly vascularized tissue, and its interaction with the 

local microvascular environment is essential for nutrient and oxygen delivery, metabolic 

exchange, and muscle regeneration. Endothelial cells, which line the blood vessels in skeletal 

muscle, are vital for maintaining vascular health and supporting muscle function (7–9). As 

shown in Figure 1, chemotherapy drugs travel through the bloodstream and reach the capillaries, 

where they can affect both the endothelial cells and the surrounding muscle fibers (10–12). The 
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figure highlights this area of contact, known as the endothelial and muscle fiber interface, where 

damage to small blood vessels may contribute to muscle loss (10,13–15). However, the response 

of endothelial cells to chemotherapy and inflammation has been studied much less than that of 

muscle cells. Understanding how chemotherapy independently affects endothelial cells is crucial, 

as endothelial dysfunction may exacerbate muscle damage or impair recovery. 

Figure 1. Skeletal muscle microvascular interface during chemotherapy exposure. 
Capillaries form an extensive network around muscle fibers. Chemotherapy circulating in 
the bloodstream reaches these capillaries, exposing both endothelial cells and adjacent 
myofibers to cytotoxic stress. Endothelial dysfunction may compromise perfusion, barrier 
function, and paracrine support, thereby contributing to chemotherapy-associated muscle 
wasting. Created with BioRender. 
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This thesis aims to investigate how a chemotherapy drug cocktail (CPT-11, 5-

fluorouracil, and leucovorin) combined with pro-inflammatory cytokines (IL-6 and TNF-α) 

affects skeletal muscle myotubes and skeletal muscle-derived endothelial cells. These 

chemotherapeutic agents act through complementary mechanisms that collectively suppress cell 

proliferation. Irinotecan (CPT-11) inhibits DNA replication by targeting topoisomerase I, an 

enzyme responsible for relaxing supercoiled DNA during replication, resulting in single-strand 

DNA breaks and cell cycle arrest (16). 5-Fluorouracil (5-FU), a pyrimidine analog, interferes 

with RNA processing and DNA synthesis by inhibiting thymidylate synthase, leading to 

impaired nucleotide production and cytotoxic stress (17,18). Leucovorin (folinic acid) is non-

toxic on its own but enhances the binding of 5-FU to thymidylate synthase, thereby amplifying 

its antitumor efficacy (19). This combination, commonly referred to as FOLFIRI, is widely used 

in colorectal cancer treatment protocols and provides a clinically relevant model of 

chemotherapy exposure for studying its effects on skeletal muscle and endothelial cells (20,21).  

In addition to chemotherapy, cells were exposed to the pro-inflammatory cytokines tumor 

necrosis factor-α (TNF-α) and interleukin-6 (IL-6), which are elevated in cancer patients due to 

tumor secretion and systemic inflammation. TNF-α activates NF-κB signaling, promoting 

muscle protein degradation and endothelial inflammation, while IL-6 acts through the 

JAK/STAT3 pathway to further enhance proteolysis and vascular stress (22–30). These 

cytokines were included to reproduce the inflammatory environment accompanying cancer and 

chemotherapy, allowing evaluation of how combined cytotoxic and inflammatory stimuli affect 

skeletal muscle and endothelial cell function. The concentrations used for chemotherapy drugs 

and cytokines in this study were selected based on previous in vitro work modeling clinically 

relevant plasma levels observed in patients receiving FOLFIRI treatment, which have been 
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shown to induce metabolic and catabolic responses in skeletal muscle and endothelial cells 

(4,22,27,28,31–39).  

Treatments were applied at two doses: a full dose equivalent to that used for C2C12 

myotubes and half a dose representing 50% of this concentration, and two durations (24 and 48 

hours) to capture early and progressive responses. Additionally, a recovery period following 

drug removal was included to assess whether cellular function could rebound. Importantly, this 

study examines these two cell types independently to establish a clearer understanding of their 

unique vulnerabilities and adaptations. By isolating their responses, this research lays the 

groundwork for future studies into endothelial-muscle crosstalk and potential therapeutic 

strategies to mitigate chemotherapy-induced muscle and vascular damage. 
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Chapter 2 Literature Review  

2.1 Skeletal Muscle and Health 

 
Skeletal muscle represents approximately 40% of total body mass and plays a critical role 

in both physical function and metabolic health (40) Beyond its primary function of facilitating 

locomotion through contraction and force generation, skeletal muscle is essential for the 

regulation of glucose homeostasis, fatty acid metabolism, and protein turnover (41). As the 

body’s primary reservoir for amino acids, muscle supports numerous physiological functions and 

contributes significantly to overall energy balance (40,42). 

The maintenance of muscle mass is not only important for physical strength and mobility 

but is also closely linked to long-term health outcomes. Loss of muscle mass, whether due to 

aging (sarcopenia), disease, or inactivity, can impair quality of life and increase the risk of 

morbidity and mortality (43). Loss of muscle mass is often seen in chronic illnesses such as 

cancer or cardiovascular disease, where it is associated with worsened prognosis and increased 

complications (44,45). Therefore, developing strategies to maintain and strengthen skeletal 

muscle is crucial for overall health (43,46,47) 

Given the importance of skeletal muscle for health, understanding the factors that 

regulate its maintenance and growth is essential. Muscle mass is primarily regulated by protein 

turnover, which is the continuous process of muscle protein synthesis (MPS) and muscle protein 

breakdown (MPB) (48,49). The balance between these two processes determines whether muscle 

mass is gained, maintained, or lost. When MPS exceeds MPB, muscle mass increases, leading to 

an anabolic state. Conversely, when MPB outpaces MPS, muscle mass declines, resulting in a 

catabolic state (50). 
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2.1.1 Factors Regulating Skeletal Muscle Anabolism 

Skeletal muscle anabolism refers to the process of building and synthesizing muscle 

tissue. This process is critical for muscle growth and maintenance and is influenced by a 

combination of factors including nutrition, resistance exercise, and hormonal signaling (48,51). 

These factors interact to repair damaged fibers, promote hypertrophy, and sustain muscle mass, 

particularly in response to mechanical stress and the body’s metabolic demands (52,53). 

Nutrition and Resistance Exercise play an integral role in muscle anabolism. Adequate 

dietary protein intake, especially essential amino acids (EAAs), is necessary for the synthesis of 

new muscle proteins. Among the EAAs, branched-chain amino acids (BCAAs) leucine, 

isoleucine, and valine are particularly vital, with leucine being the most effective in stimulating 

anabolic pathways like mTORC1 (48). Resistance exercise complements these nutritional effects 

by imposing mechanical stress on muscle fibers, activating key anabolic signaling cascades. 

Studies demonstrate that resistance exercise increases muscle sensitivity to amino acids, 

enhancing protein synthesis when combined with post-exercise protein intake (48,54). 

Growth Factors and Hormonal Regulation further amplify anabolic responses. Insulin-

like growth factor 1 (IGF-1), secreted in response to growth hormone (GH), plays a pivotal role 

in muscle growth (55,56). IGF-1 activates the Akt/mTOR pathway, a major regulator of protein 

synthesis and cell growth, and promotes satellite cell activation, essential for muscle repair and 

regeneration (53,57). Testosterone also contributes significantly by increasing protein synthesis 

and reducing muscle protein breakdown (58,59). Post-exercise testosterone elevation enhances 

anabolic responses, driving hypertrophy over time (60). Additionally, insulin facilitates the 

uptake of amino acids into muscle cells and inhibits proteolysis, helping maintain a positive 

protein balance crucial for muscle growth (54,61). 
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2.1.2 Mechanisms Regulating Skeletal Muscle Growth and Anabolic Pathways  

 To increase anabolic state in skeletal muscle, hormones such as insulin, growth hormone, 

and testosterone must activate specific signaling pathways to enhance muscle protein synthesis 

(62,63). It is crucial to understand these pathways, as they play a significant role in long term 

growth and maintenance of muscle tissue. Skeletal muscle anabolism is coordinated by signaling 

through IGF1-Akt, Mechanistic (mammalian) Target of Rapamycin Complex 1 (mTORC1) 

(57,62,64–66).  

2.1.2.1 IGF-Akt Pathway and Its Role in Muscle Anabolism 
 

The IGF-Akt pathway is a critical signaling mechanism that promotes skeletal muscle 

anabolism by facilitating protein synthesis and inhibiting protein degradation (64,66–68). This 

pathway is initiated when insulin-like growth factor 1 (IGF-1) binds to its receptor on the muscle 

cell membrane (69). Upon binding, the receptor activates insulin receptor substrate 1 (IRS1), 

which undergoes phosphorylation and subsequently activates phosphoinositide 3-kinase (PI3K). 

PI3K generates the lipid messenger phosphatidylinositol 3,4,5-triphosphate (PIP3), which 

recruits both Akt and 3-phosphoinositide-dependent protein kinase-1 (PDK1) to the plasma 

membrane. PDK1 phosphorylates Akt at threonine-308 (Thr308), while mTOR complex-2 

phosphorylates Akt at serine-473 (Ser473) (70,71). 

Once phosphorylated, Akt becomes fully activated and plays a pivotal role in transmitting 

anabolic signals (71). Akt promotes muscle growth by activating downstream targets that 

regulate protein synthesis, most notably mTORC1, while also inhibiting processes that lead to 

protein degradation, such as the FoxO transcription factors (53,72). By coordinating these 

processes, the IGF-Akt pathway ensures a balance between protein synthesis and breakdown, 
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contributing to the maintenance and growth of skeletal muscle in response to anabolic signals, 

such as exercise and nutrient intake (51,57) . 

2.1.2.2 mTORC1 Signaling and Its Role in Muscle Anabolism 
 

The mTORC1 pathway is the primary effector of the IGF-Akt signaling cascade and 

plays a central role in regulating muscle anabolism (55,70,72–75). As it illustrated in figure 2, 

insulin signaling through the insulin receptor substrate-1 (IRS-1) activates the phosphoinositide 

3-kinase (PI3K)/Akt signaling pathway, subsequently activating mTORC1. Activated Akt 

inhibits the TSC1/TSC2 complex, which normally suppresses mTORC1 via inhibition of Rheb, a 

crucial activator of mTORC1 (76). Additionally, amino acids, particularly branched-chain amino 

acids (BCAAs), facilitate mTORC1 activation through the sestrin2/GATOR and Ragulator 

complexes, enabling the localization of mTORC1 to the lysosomal surface where it becomes 

fully activated (73,74). 

Once activated, mTORC1 phosphorylates key downstream targets that promote protein 

synthesis, notably S6 kinase 1(S6K1) (77). Phosphorylated S6K1 increases ribosome biogenesis 

and translation efficiency, enhancing protein synthesis capacity essential for muscle growth and 

repair (78). Furthermore, mTORC1 phosphorylates the ribosomal protein S6, directly 

augmenting translational efficiency of specific mRNAs crucial for muscle cell hypertrophy 

(78,79). Another downstream target, 4E-BP1, when phosphorylated by mTORC1, releases 

eukaryotic initiation factor 4E (eIF-4E), allowing efficient initiation of mRNA translation and 

further supporting anabolic processes (80,81). 

Together, the coordinated actions of insulin/IRS-1/Akt signaling, amino acid sensing, and 

subsequent activation of mTORC1 and its downstream effectors, including S6K1, S6, and 4E-

BP1, ensure efficient muscle protein synthesis, maintenance, and hypertrophy (figure 2) (76,82). 
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 Figure 2. Integrated regulation of mTORC1 signaling in skeletal muscle anabolism. Insulin 
stimulation activates the IRS-1/PI3K/AKT signaling cascade, which inhibits the TSC1/TSC2 
complex, relieving its suppression on Rheb, a direct activator of mTORC1. Simultaneously, amino 
acids, particularly BCAAs, promote mTORC1 translocation to the lysosomal membrane via the 
sestrin2/GATOR and Regulator complexes, enabling full activation. Activated mTORC1 
phosphorylates downstream effectors such as S6K1, ribosomal protein S6, and 4E-BP1 to enhance 
ribosome biogenesis, mRNA translation, and protein synthesis, thereby supporting muscle growth 
and hypertrophy. Created with BioRender. Redrawn and inspired by Mann et al. (82). 
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2.1.2.3 Role of Capillaries and Endothelial Cells in Nutrient Transport and Muscle 

Anabolism 

Capillaries, the smallest blood vessels, play a crucial role in the transport of nutrients and 

oxygen to muscle tissue and metabolic waste removal (83–86). They form an extensive network 

surrounding muscle fibers, ensuring efficient exchange of nutrients such as amino acids, glucose, 

and oxygen, which are essential for muscle anabolism (15,83,85–87). The muscle capillaries are 

formed a continuous endothelium. The endothelial cells cover the inner surface of these 

capillaries regulate the permeability of the capillary walls, controlling the passage of nutrients 

into the muscle (84). This process is vital for supporting protein synthesis, which fuels muscle 

growth and repair (88). In addition to nutrient delivery, capillaries are also responsible for 

removing metabolic waste products such as carbon dioxide, ammonia, and lactate, which 

accumulate during muscle activity. Efficient waste clearance is essential for maintaining cellular 

homeostasis and preventing metabolic stress. Therefore, proper nutrient delivery and metabolic 

waste removal are especially important during periods of increased metabolic demand, such as 

after resistance exercise or muscle injury (87,89,90). 

In response to stimuli such as exercise, the capillary endothelium plays a key role in 

sensing changes in contractile activity and initiating vasodilation. Endothelial cells release nitric 

oxide (NO), a signaling molecule that induces vasodilation, defined as widening the blood flow, 

and thereby increases blood flow to active muscles, boosting oxygen and nutrient delivery to 

sustain muscle anabolism (91–93). Additionally, endothelial cells also drive angiogenesis, the 

formation of new capillaries, which becomes especially important during muscle hypertrophy 

when enlarging fibers require a richer nutrient supply (94–96). This vascular adaptation ensures 

that muscle tissue is well-supplied and capable of maintaining an anabolic state over time. 
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2.1.3 Factors Regulating Skeletal Muscle Catabolism 

 
Muscle catabolism refers to the breakdown of muscle tissue, where protein degradation 

exceeds protein synthesis, leading to a loss of muscle mass and strength (97,98). This process is 

particularly prominent in conditions such as aging and muscle disuse, where anabolic signaling 

pathways become downregulated, while catabolic processes dominate (98–100). Key drivers of 

muscle catabolism include the activation of the ubiquitin-proteasome system (UPS) and the 

autophagy-lysosome pathway, which promote the breakdown of muscle proteins (98,100). The 

imbalance between muscle protein synthesis and degradation results in the gradual loss of 

muscle fibers, leading to muscle atrophy. Two of the most common contributors to this state of 

muscle breakdown are aging and physical inactivity, which can occur due to a lack of muscle use 

or immobilization (97–101). 

2.1.3.1 Aging and Sarcopenia 
 

As individuals age, the risk of muscle catabolism increases significantly, a condition 

referred to as sarcopenia (102,103). This age-related muscle wasting is driven by a decline in 

anabolic pathways such as the IGF-Akt-mTORC1 signaling cascade. With advancing age, the 

Akt signaling becomes less efficient, leading to the activation of FoxO transcription factors, 

which stimulate the expression of genes involved in protein degradation. These factors promote 

the ubiquitin-proteasome system (UPS), a primary mechanism of protein breakdown, and the 

autophagy-lysosome pathway, which contributes to the degradation of cellular components 

(104,105). 

In addition to these molecular changes, aging is often associated with chronic low-grade 

inflammation, a condition known as inflammaging. Pro-inflammatory cytokines, such as TNF-α 

and IL-6, become elevated with age, further enhancing catabolic pathways (24,29,30,106,107). 
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This increase in inflammation suppresses anabolic signaling, exacerbating muscle degradation 

and reducing the body’s ability to maintain muscle mass. The result is a steady decline in muscle 

size and strength, contributing to frailty, decreased mobility, and reduced quality of life in 

elderly populations (24,26,27,29–31,39,106,107). 

2.1.3.2 Muscle Disuse and Atrophy 
 

Muscle disuse is another significant contributor to muscle catabolism, occurring when 

muscles are not actively engaged over a prolonged period (108,109). This condition is commonly 

observed in individuals experiencing prolonged bed rest, immobilization due to injury, or leading 

sedentary lifestyles (108,109). When muscles are not used regularly, anabolic signaling, 

particularly through the mTORC1 pathway, is significantly reduced. This decline in protein 

synthesis creates an imbalance where muscle protein breakdown becomes more prominent, 

leading to muscle atrophy (101,108,110). 

Disuse also results in increased expression of myostatin, a negative regulator of muscle 

growth, which further inhibits the mTORC1 pathway and prevents muscle recovery and growth 

(111–114). The reduction in muscle activity also decreases blood flow and nutrient delivery to 

muscle tissue, impairing the muscle’s ability to sustain protein synthesis (115,116). Over time, 

this leads to a loss of muscle mass, strength, and endurance (115,117). In cases of long-term 

disuse, the effects can be severe, leading to significant muscle wasting and impaired physical 

function, which is difficult to recover from without targeted interventions (117–122). 

 
2.1.3.3 Chemotherapy-Induced Muscle Atrophy 

The FOLFIRI chemotherapy drug cocktail consisting of CPT-11 (irinotecan), 5-

fluorouracil, and leucovorin contributes to skeletal muscle atrophy through its cytotoxic effects 
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(123). Chemotherapy drug cocktail provokes oxidative stress and systematic inflammation 

leading to the activation of catabolic pathways such as the ubiquitin proteasome and autophagy 

(123,124). Proinflammatory cytokines, including TNF-α and IL-6, rise during treatment, further 

accelerating muscle protein degradation while suppressing anabolic signaling and producing 

substantial muscle loss (24–27,29,30). This depletion of muscle mass contributes to cancer 

cachexia; a complex syndrome defined as muscle wasting and disrupted metabolic homeostasis. 

(5,24,26,29,125). Notably, it is critical to recognize that muscle degradation does not begin 

solely with chemotherapy treatment (126). Tumors themselves secrete pro-inflammatory 

cytokines such as TNF-α and IL-6, which contribute to systemic inflammation and activate 

catabolic signaling in skeletal muscle, the combination of chemotherapy driven and tumor 

related inflammatory mechanisms produce a synergistic effect that accelerates muscle loss and 

limits the capacity for repair (25,27,32,106,127).  

 

2.1.3.4 Overlap Between Catabolic Conditions 

Although sarcopenia, muscle disuse, and chemotherapy-induced muscle loss are caused 

by different factors, they share several key molecular pathways that leads to skeletal muscle 

wasting (99,118,128). In all three conditions, FoxO transcription factors become activated and 

stimulates the expression of Atrogin-1 and Murf1, two enzymes involved in breaking down 

muscle proteins (97,105). This results in increased activity of the ubiquitin-proteasome and 

autophagy-lysosome pathways which are responsible for protein degradation. Moreover, chronic 

inflammation characterized by elevated levels of pro-inflammatory cytokines, further amplifies 

catabolic process in skeletal muscle.  
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This occurs in part through activation of the JAK/STAT3 pathway, where phosphorylated 

STAT3 up regulates catabolic pathways such as atrogin-1, and MuRF1, thereby accelerating the 

ubiquitin-proteasome system and autophagy while diminishing protein synthesis 

(24,31,101,107). Furthermore, TNF-α signals through TNF-R1 to generate reactive oxygen 

species and activate NF-κB, which likewise increases UPS component expression and suppresses 

mTORC1-mediated anabolism (24,105–107,112). These cytokine-driven catabolic cues are 

compounded by chemotherapy-related oxidative stress that further impairs mitochondrial 

function and promotes proteolysis.  Continuous activation of IL-6-STAT3 and TNF-α-NF-κB 

signaling contributes to the progressive cachexia seen in many patients undergoing 

chemotherapy (25,27,29,106,124,129,130).  

 

2.2 Endothelial Cells and Their Role in Vascular and Skeletal muscle 
2.2.1 Skeletal Muscle Microvasculature 

Skeletal muscle contains a dense and intricately organized microvascular network that is 

essential for sustaining its high metabolic demands (131). This network is composed primarily of 

capillaries, small-diameter vessels formed by a single layer of endothelial cells surrounded by a 

basement membrane and pericytes (131,132). These capillaries are closely aligned with 

individual muscle fibers, enabling efficient exchange of oxygen, glucose, amino acids, and other 

metabolites between blood and muscle tissue (83,85). 

The capillary-to-fiber ratio varies across muscle types, with oxidative (type I) fibers 

exhibiting higher capillary density than glycolytic (type II) fibers, reflecting their differential 

reliance on aerobic metabolism (133,134). At rest, only a portion of these capillaries are 
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perfused, but during exercise or stress, perfusion increases dramatically through the opening of 

previously non-flowing capillaries and increased red blood cell velocity. Although capillaries 

themselves cannot vasodilate, they respond dynamically to changes in flow and metabolic cues 

via endothelial signaling (86,135,136). The functional integrity of the capillary network plays a 

crucial role in skeletal muscle performance, as capillarization significantly impacts oxygen and 

nutrient delivery to muscle fibers, supports mitochondrial density, and enhances the muscle’s 

oxidative capacity (87,131,133,134,137).  

In addition to nutrient and oxygen delivery, capillaries play an active role in immune 

surveillance and inflammatory regulation. Endothelial cells within the capillary wall sense 

inflammatory cytokines such as TNF-α and IL-6, which trigger signaling cascades that modulate 

vascular tone and permeability (27,29,138–141). This increased permeability facilitates the 

extravasation of immune cells from the circulation into the muscle interstitium during injury or 

infection (28–30,138–141). Moreover, endothelial cells express adhesion molecules (e.g., 

ICAM-1, VCAM-1) in response to inflammatory stimuli, promoting leukocyte adhesion and 

transmigration. Through these mechanisms, the capillary network serves not only as a pathway 

for nutrient exchange but also as a key regulator of immune cell trafficking and local 

inflammatory responses in skeletal muscle (27,29,138–141). 

2.2.2 Endothelial Cells in Microvascular Regulation 

Angio-adaptation refers to the dynamic and coordinated remodeling of the skeletal 

muscle microvasculature in response to physiological stimuli (137,142,143). This process is 

regulated by two key cellular players: skeletal muscle fibers, which release angiogenic factors 

(angiokines), and skeletal muscle endothelial cells (SMECs), which respond to these cues and 
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serve as the principal structural and functional components of capillaries. This bidirectional 

communication ensures that vascular remodeling is closely aligned with the metabolic and 

functional demands of the muscle (96,137,142–144). Beyond nutrient regulation, endothelial 

cells serve as paracrine signaling, secreting growth factors and cytokines that influence nearby 

myofibers and immune cells. Through crosstalk with muscle tissue, endothelial cells contribute 

to fiber maintenance, muscle tone, and basal trophic support. These microvascular regulatory 

functions underpin the muscle’s capacity to adapt to both physiological and pathological stimuli, 

establishing endothelial cells as key guardians of skeletal muscle homeostasis 

(131,133,135,137,145–147). 

2.2.3 Endothelial Response to Mechanical Stimuli and Muscle Health 

Endothelial cells are highly responsive to mechanical stimuli, such as shear stress from 

blood flow and mechanical loading during exercise. These forces stimulate the production of 

vasodilators like NO, which improve blood flow, and growth factors like VEGF, which promote 

angiogenesis, the formation of new capillaries. Angiogenesis is essential for maintaining 

vascular networks in skeletal muscle, particularly during hypertrophy or repair following 

exercise or injury (90,93,148–152) .  

Endothelial cells also interact directly with skeletal muscle fibers, supporting muscle 

growth and repair by ensuring adequate nutrient and oxygen supply. This interaction is mediated 

through signaling pathways, such as VEGF-driven angiogenesis and NO pathways, which 

enhance vascular and metabolic support for muscle tissues (131,137,148,149,153). Importantly, 

the Akt pathway plays a central role in these processes. Akt activation in skeletal muscle 

promotes VEGF-A expression (154). while in endothelial cells, Akt signaling facilitates NO 
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synthesis through phosphorylation of endothelial nitric oxide synthase (eNOS) and supports 

endothelial survival, migration, and lumen formation (155,156). Through its downstream 

effectors, including mTOR, Akt integrates angiogenic and anabolic signals, linking vascular 

remodeling with muscle protein synthesis and growth (154,156,157)  

Additionally, endothelial cells rely on autocrine VEGF-A signaling to maintain survival, 

regulate metabolism, and promote angiogenic behavior under stress conditions (156,158–160). 

This autocrine loop ensures sustained endothelial function and vascular stability during periods 

of high metabolic demand, further supporting skeletal muscle homeostasis (156–160). 

2.2.4 Endothelial Mediated Signaling Pathways in Skeletal Muscle Health 

VEGF plays a central role in endothelial-mediated support for skeletal muscle health. 

Produced by endothelial cells in response to physical activity and low oxygen levels, VEGF 

stimulates angiogenesis, ensuring that growing or repairing muscle tissue has sufficient vascular 

supply to meet metabolic demands. This process is particularly important during muscle 

hypertrophy and recovery (82). 

Among angiogenic regulators, VEGF-A functions as a potent pro-angiogenic signal, 

whereas Thrombospondin-1 (THBS-1) exerts angiostatic effects. Experimental deletion of 

VEGF-A in skeletal muscle reduces capillary density and impairs endurance performance, 

underscoring its critical role in vascular remodeling. In contrast, THBS-1 deletion has been 

associated with increased capillarization, reinforcing its function as a negative regulator of 

skeletal muscle angio-adaptation (143,144,161). 

Disruptions in these signaling pathways, whether through inflammation, oxidative stress, 

or therapeutic interventions such as chemotherapy, can compromise endothelial function and 
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contribute to skeletal muscle dysfunction. These maladaptive changes are explored further in the 

following sections. 

2.3 Endothelial Dysfunction and Muscle Atrophy 

 
2.3.1 Chemotherapy-Induced Endothelial Dysfunction 

Chemotherapy-induced stress in endothelial cells often activates the p53 pathway, a key 

regulator of cellular responses to DNA damage. Upon activation, p53 upregulates p21, a cyclin-

dependent kinase inhibitor that induces cell cycle arrest or apoptosis. This response compromises 

endothelial integrity, contributing to capillary rarefaction and impaired muscle perfusion (162).  

Chemotherapy has been shown to damage vascular endothelial cells, leading to impaired 

blood vessel function and reduced nitric oxide (NO) availability, and triggers vascular 

inflammation, all of which negatively impact skeletal muscle health (14,149,163). These changes 

disrupt the balance of vascular homeostasis and reduce delivery of oxygen and nutrient to 

skeletal muscle. As a result, endothelial apoptosis, inflammation, and impaired blood vessel 

function exacerbate the loss of skeletal muscle mass during cancer treatment (14,164). 

 
2.3.1.1 Endothelial Apoptosis and Vascular Complications (14,149,163) 

Chemotherapy induces oxidative stress in endothelial cells, generating excessive reactive 

oxygen species (ROS) that damage cellular components, including mitochondrial membranes, 

nuclear DNA, and cytoskeletal proteins (14,163,165). This oxidative burden promotes 

endothelial apoptosis, compromising vascular integrity and reducing capillary density. As a 

result, reduced blood flow makes it harder for muscles to get enough oxygen and nutrients, 

which leads to further muscle loss (14,163).   
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 Furthermore, endothelial apoptosis disrupts angiogenic signaling pathways, such as 

those mediated by vascular endothelial growth factor (VEGF), thereby reducing the muscle’s 

capacity to adapt to physiological stress or injury. VEGF plays a critical role in endothelial 

survival through autocrine signalling mechanisms that regulates metabolism and autophagy 

(147,149,166). Nitric oxide (NO), another key signaling molecule, also supports endothelial cell 

function by promoting vasodilation and cellular resilience. Chemotherapy-induced depletion of 

NO impairs vasodilation and contributes to inadequate nutrient delivery, creating a hypoxic and 

nutrient-deficient environment that accelerates atrophy (149,166). 

2.3.1.2 Increased Inflammation and Cytokine Release 

Endothelial cells subjected to chemotherapy increase their production of pro-

inflammatory cytokines such as interleukin-6 (IL-6), tumor necrosis factor-alpha (TNF-α), and 

interleukin-1 beta (IL-1β) (14,23,25,138,139,141,167). These cytokines perpetuate vascular 

inflammation, further compromising endothelial function. The release of inflammatory mediators 

also activates systemic catabolic pathways, such as the ubiquitin-proteasome system (UPS) and 

autophagy-lysosome pathways, which drive muscle protein degradation (23,138,141,168). 

Increased cytokine release from dysfunctional endothelial cells contributes to the 

recruitment and activation of immune cells, amplifying the inflammatory environment. This 

inflammation suppresses anabolic signaling in skeletal muscle by inhibiting the Akt/mTOR 

pathway while promoting the activation of FOXO transcription factors and muscle-specific E3 

ligases, such as MuRF1 and Atrogin-1 (14,23,25,138,139,141,167). The combined effects of 

vascular inflammation and cytokine release create a feedback loop that exacerbates both 

endothelial dysfunction and muscle atrophy.  
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2.3.2 Endothelial-Myotube Crosstalk and Chemotherapy-Induced Muscle Atrophy 

The interaction between endothelial cells and skeletal muscle fibers is crucial for 

coordinating muscle maintenance. Thos intercellular crosstalk involves the steady exchange of 

growth factors, cytokines, and nutrients, endothelial cells help to regulate muscle protein 

synthesis, angiogenesis, and metabolic demand (151). This cooperative signaling network allows 

endothelial cells to actively support muscle health through the secretion of anabolic mediators 

such as IGF-1 and VEGF (169–171). 

Chemotherapy disrupts this communication by impairing endothelial function, reducing 

availability of these signals, and weakening nutrient support to myofibers (169–171). Even in the 

absence of direct myofiber damage, this breakdown in vascular muscle signaling compromises 

anabolic pathways and contributes to the progression of muscle atrophy (123,169). 

 

2.3.2.1 Chemotherapy-Induced Disruption of Protein Synthesis 
 

Endothelial dysfunction induced by chemotherapy interferes with the delivery of key 

nutrients and signaling molecules required for muscle protein synthesis. Endothelial cells 

produce growth factors, such as insulin-like growth factor-1 (IGF-1), which activate anabolic 

signaling pathways in skeletal muscle, including the AKT/mTOR axis (123,148,168,172). 

Chemotherapy reduces the secretion of these factors, suppressing muscle protein synthesis and 

contributing to muscle atrophy (14,122,173). 

Moreover, vascular dysfunction impairs the transport of amino acids, glucose, and 

oxygen to muscle fibers, which are essential substrates for protein synthesis and energy 

production (53,72,122,174). Reduced capillary perfusion and nutrient transport hinder the ability 

of skeletal muscle to repair and grow, particularly during periods of metabolic stress or following 
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exercise. The diminished supply of nutrients exacerbates the muscle’s catabolic state, 

accelerating the loss of muscle mass and function (53,72,122,174). 

2.3.2.2 Endothelial-Mediated Catabolic Pathways 
 

Endothelial dysfunction promotes catabolic signaling pathways in skeletal muscle 

through the release of inflammatory cytokines and ROS. Studies have shown that exposure of 

endothelial cells to TNF-α and IL-1β leads to elevated ROS levels and FOXO1 activation, which 

upregulates the expression of muscle specific E3 Ligases such as MuRF1 and Atrogin-1 in 

neighboring muscle cells (23,101,105,175). Additionally, ROS generated in endothelial cells 

under stress can impair nitric oxide signaling and activate FOXO-dependent pathways that 

promote proteolysis in muscle tissue. This leads to the induction of the ubiquitin-proteasome 

system and enhanced autophagy, contributing to the degradation of cellular proteins and 

organelles (61,114,121,138).  

In addition to these catabolic signaling cascades, the BCKD (branched-chain α-ketoacid 

dehydrogenase) complex controls BCAA oxidation and is regulated by phosphorylation through 

BCKD kinase (BDK). Changes in BCKD activity or phosphorylation status within endothelial 

cells may alter BCAA flux, energy production, and nutrient signaling, potentially affecting 

muscle metabolism during stress conditions such as chemotherapy (82).  

In parallel, dysfunctional endothelial cells impair angiogenesis by disrupting VEGF 

signalling (143,150,177). Chemotherapy suppresses VEGF signaling, limiting the ability of 

muscle tissue to adapt to increased metabolic demands (92,176,178).For instance, studies have 

shown that treatment with agents such as doxorubicin or 5-flurouracil significantly reduces 

VGEF-A expression in endothelial cells, leading to impaired angiogenesis and reduced capillary 

density in muscle tissue (169,179). This downregulation is mediated through increased oxidative 
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stress and suppression of HIF-1α, a key transcription factor that drives VEGF-A expression 

under hypoxic conditions (169,179). The resulting impairment of vascular remodeling restricts 

nutrient and oxygen supply to growing or regenerating myofibers, further worsening muscle 

atrophy.  
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Chapter 3 Rationale, Objective and Hypotheses  

3.1 Rationale 

The overarching goal of this thesis is to investigate how a combination of chemotherapy 

drugs (CPT-11, 5-FU, and leucovorin) and pro-inflammatory cytokines (IL-6 and TNF-α) affect 

skeletal muscle cells and skeletal muscle-derived endothelial cells, examining their impact on 

anabolic signaling, amino acid metabolism, and cellular stress responses under different 

conditions. IL-6 and TNF-α were included to mimic the inflammatory environment present in 

cancer and during chemotherapy, where elevated circulating cytokines activate STAT3- and NF-

κB-mediated catabolic pathways in skeletal muscle. Incorporating these cytokines allowed the 

in-vitro model to better represent the combined cytotoxic and inflammatory stress that 

contributes to muscle wasting in vivo. Treatments were applied at two concentrations, full dose 

(equivalent to concentration  used in C2C12 models) and half of this concentration, across two 

time points (24 h and 48 h) to capture both immediate and progressive effects. A post-treatment 

recovery phase was also included to determine whether cellular function, assessed using the 

same markers, could partially rebound after drug withdrawal. While the interaction between 

these cell populations is of growing interest, this thesis examines them independently to establish 

foundational knowledge that can inform future studies on their potential crosstalk.  

Previous work in our laboratory has shown that chemotherapy disrupts anabolic 

signaling, amino acid transport, and myotube morphology in L6 myotubes. Building on these 

findings, the present study investigates similar outcomes in C2C12 myotubes while expanding 

the model to include primary skeletal muscle derived endothelial cells, inflammatory cytokines, 

and a defined recovery phase. These additions allow the study to explore chemotherapy related 
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muscle loss within a broader biological context, incorporating both muscle cells and the 

microvascular environment. 

3.2 Objectives  

This research focused on two primary experimental models: C2C12 myotubes and skeletal 

muscle endothelial cells. For C2C12 myotubes, the objective was to evaluate the impact of 

chemotherapy and cytokines on myotube morphology, anabolic signaling pathways, BCAA 

metabolism, and amino acid transporter expression across treatment durations, and to assess how 

these markers behaved after treatment withdrawal during the recovery phase. For endothelial 

cells, the objective was to determine the response of stress-related signaling markers (p53, p21) 

to chemotherapy and cytokine treatment at both full and half doses, as well as to examine 

whether these markers returned toward baseline following drug removal. Together, these 

objectives aimed to capture both immediate and recovery-phase adaptations in two distinct but 

interrelated cell types, providing insight into cell-specific responses to chemotherapeutic and 

inflammatory stressors. 

3.3 Hypothesis  

1. This study hypothesizes that exposure to a chemotherapy drug cocktail combined with 

inflammatory cytokines will impair cellular homeostasis in both skeletal muscle 

myotubes and endothelial cells through disruptions in protein turnover and stress-

response pathways.  

2. In C2C12 myotubes, treatment will reduce myofibrillar protein abundance, disrupt 

anabolic signaling, and alter amino acid metabolism. 
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3. During the recovery phase, markers of anabolic signaling and amino acid metabolism in 

C2C12 myotubes are expected to show partial reversal toward baseline, with incomplete 

recovery after full-dose treatments compared to half-dose treatments. 

4. In endothelial cells, treatment will activate stress-related pathways, reflected by increased 

expression of p53 and p21 

5. Full-dose treatments in endothelial cells are anticipated to induce a more pronounced 

stress response and exhibit less recovery compared to half-dose treatments, 

demonstrating a dose- and time-dependent effect, with greater impairments expected at 

48 hours than at 24 hours. 

6. During the recovery phase, stress marker expression (p53, p21) in endothelial cells is 

expected to decline toward baseline, with more complete recovery after half-dose 

treatments compared to full-dose treatments. 
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4.1 Materials and Methods  

 
4.1.1-Reagents 

 
For C2C12 cells, Dulbecco's Modified Eagle's Medium (DMEM) was purchased from 

Sigma Aldrich (#D5796-500). Growth media (GM) was made by supplementing DMEM with 

10% fetal bovine serum (FBS 12483-020,) and 1% Antibiotic and Antimycotic reagent (#15240-

062) purchased from Gibco. Differentiation media (DM) was made by supplementing 1% 

Antibiotic-Antimycotic and 2% horse serum (#26050088) purchased from Gibco. Phosphate 

buffered saline (PBS #311-010-CL) and trypsin (25200-056) were purchased from Gibco. 

Protease inhibitor cocktail (#P8340), Phosphate (#P5726) inhibitor cocktail, interleukin-6 (IL6, 

#19646), irinotecan hydrochloride (CPT-11, #I1406), 5-Flurouracil (5-FU, #F6627), folinic acid 

calcium salt hydrate (Leucovorin, #F7878) and dimethyl sulfoxide (DMSO, #D5879) were 

purchased from Sigma Aldrich. TNF-Alpha was purchased from R&D systems (#80-235). 

Radioactive valine (14C -valine, #ARC0678) was purchased from American radiolabelled 

chemicals.  

For the primary skeletal muscle microvascular Endothelial cells, the medium was 

prepared using Endothelial Cell Medium with Supplement Kit (Cell Biologics, Cat. No. M1168). 

The supplement kit included: Endothelial Cell Growth Supplement (0.5 mL), heparin (0.5 mL), 

fetal bovine serum (FBS, 25 mL), antibiotic-antimycotic solution (5 mL), vascular endothelial 

growth factor (VEGF, 0.5 mL), Epidermal Growth Factor (EGF, 0.5 mL), and Hydrocortisone 

(0.5 mL). In addition, 5ml of GlutaMAX  (Gibco, Cat. No. 35050-061) was added to the 500 ml 

of media. Trypsin, included in the kit, was used for subculturing the endothelial cells. Gelatin 

Type A (BioShop, Cat. No. 771.500) was used to coat culture flasks. PBS, trypsin, protease and 



  28  

phosphatase inhibitor cocktails, IL-6, TNF-α, CPT-11, 5-FU, Leucovorin, and DMSO were the 

same as described above for C2C12 cells.  

 
4.1.2-Cell Culture Procedure for C2C12 Myotubes and Endothelial Cells  

 

C2C12 mouse myoblasts were obtained from ATCC (CRL-1772). These myoblasts were 

cultured in growth medium (GM) and incubated at 37°C with 5% CO₂. When cells reached 70-

80% confluency, they were subcultured, typically every other day. Two days before the 

experiment began (day -2), cells were plated in 6-well plates (with a surface area of 9.5 cm2) at a 

density of 200,000 cells per well, corresponding to approximately 31,000 cells/cm2 for western 

blot and BCKD assay. For immunofluorescence studies, cells were seeded 12-well plates (with a 

surface area of 3.8 cm2) at a density of 100,000 cells per well, which also corresponds to 

approximately 31,000 cells/cm2. Once confluency was achieved (day 0), the medium was 

switched to differentiation medium (DM). The horse serum in DM, which has less proliferative 

factors compared to that of FBS, slows down the proliferation of myoblasts, providing the ability 

for myotubes to differentiate rather than proliferate. This medium was replaced every 48 hours 

until day 5, by which time myotubes were fully formed and prepared. schematic summarizing 

this procedure is shown in figure 4.1. 

Primary skeletal muscle microvascular endothelial cells derived from C57BL/6 mouse 

skeletal muscle (Cell Biologics, Cat. No. C57-6220) were received cryopreserved at passage 3. 

Cells were thawed in a 37°C water bath and transferred into T75 flasks pre-coated with 1.5% 

Gelatin Type A (BioShop, Cat. No. GEL771.500). For details on the coating procedure, refer to 

Appendix F. Cells were cultured in growth media prepared using the Endothelial Cell Medium 
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with Supplement Kit and were expanded up to passage 6 for experiments and seeded at a density 

of 9,500 cells/cm², corresponding to approximately 57,000 cells per well in 6-well plates and 

~712,500 cells per T75 flask. 

 

 

Figure 4.1. Summary of C2C12 myotube culture and treatment protocol. C2C12 myoblasts were 
seeded in 6-well plates at day –2 and maintained in growth medium until ~80% confluency (day 
0), after which differentiation medium was introduced to promote myotube formation. 
Differentiation continued until day 5, when fully formed myotubes were treated with a 
chemotherapy drug cocktail (FOLFIRI) and inflammatory cytokines. Created with BioRender. 

 

4.1.2.1 Chemotherapy and Cytokine Treatments  

This study used FOLFIRI chemotherapy regimen, consisting of CPT-11, 5-fluorouracil 

(5-FU), and leucovorin. Stock solutions were prepared by dissolving 50 mg of CPT-11 and 50 

mg of 5-FU each in 1 mL of DMSO, while 20 mg of leucovorin was dissolved in 1 mL of 

double-distilled water (ddH₂O). For cytokines, 5,000 ng of interleukin-6 (IL-6) and 25,000 ng of 
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tumor necrosis factor-alpha (TNF-α) were each dissolved in 1 mL of ddH₂O. The concentrations 

used for chemotherapy drugs and cytokines in this study were selected based on previous in vitro 

work modeling clinically relevant plasma levels observed in patients receiving FOLFIRI 

treatment, which have been shown to induce metabolic and catabolic responses in skeletal 

muscle and endothelial cells (4,22,27,28,31–39). The cytokine concentrations (20 ng/mL IL-6 

and 100 ng/mL TNF-α) were chosen based on commonly used ranges reported in multiple 

studies that model inflammatory conditions in skeletal muscle and endothelial cell cultures 

((24,28,33,38)). 

On day 5 of differentiation, C2C12 myotubes were treated in 6-well plates with 2 mL per 

well of a differentiation medium containing the chemotherapy-cytokine cocktail. The final 

concentrations used were 20 µg/mL CPT-11, 50 µg/mL 5-FU, 10 µg/mL leucovorin, 20 ng/mL 

IL-6, and 100 ng/mL TNF-α (24,33,35–38,107). Treatments were applied for either 24 hours 

(DC-24) or 48 hours (DC-48). A recovery condition (DC+Rec) involved 24 hours of treatment 

followed by PBS wash and a 24-hour incubation in fresh, drug and cytokine-free differentiation 

media to assess the potential for recovery. The experimental design for C2C12 cells is illustrated 

in figure 4.2  
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Figure 4.2 Experimental design for C2C12 myotube treatments and harvesting timeline. On 
day 5 of differentiation, C2C12 myotubes were treated in 6-well plates with 2 mL per well of 
differentiation medium containing a chemotherapy-cytokine cocktail (CPT-11: 20 µg/mL, 5-FU: 
50 µg/mL, leucovorin: 10 µg/mL, IL-6: 20 ng/mL, and TNF-α: 100 ng/mL). Treatments were 
administered for either 24 hours (DC-24) or 48 hours (DC-48). A recovery condition (DC+Rec) 
consisted of 24 hours of drug exposure followed by two PBS washes and a 24-hour incubation in 
drug- and cytokine-free differentiation medium to assess recovery potential. Following the 
designated incubation periods, myotubes were harvested for analysis at 24 hours, 48 hours, or 24 
hours post-recovery. Created with BioRender. 

 

Endothelial cells were treated with the same chemotherapy and cytokine combination at 

either full dose (100%) or half dose (50%). The 100% dose matched the concentrations used for 

C2C12 myotubes, while the 50% cocktail contained 10 µg/mL CPT-11, 25 µg/mL 5-FU, 5 

µg/mL leucovorin, 10 ng/mL IL-6, and 50 ng/mL TNF-α. Each well contained 2 mL of 

endothelial growth medium with the appropriate drug combination. Stock volumes were 

calculated and added directly to the medium as described in Appendix A.  
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Endothelial cell treatments were organized into the following conditions: vehicle control 

(V), half-dose treatment (DC-Half) or full-dose treatment (DC-Full) for 24 or 48 hours, and 

recovery conditions following each treatment. In recovery conditions, cells were washed twice 

with PBS after treatment and incubated in normal endothelial growth medium for 24 hours. As a 

result, the total duration was 48 hours for 24-hour treatment followed by recovery and 72 hours 

for 48-hour treatment followed by recovery. The experimental design for endothelial cell 

treatments is illustrated in figure 4.3. 

Figure 4.3 Schematic representation of the endothelial cell experimental design. figure A 
shows the 24-hour treatment groups, and figure B shows the 48-hour treatment groups. Endothelial 
cells were exposed to chemotherapy drugs (CPT-11, 5-FU, leucovorin) and inflammatory 
cytokines (TNF-α, IL-6) at two different concentrations: 50% (DC-Half) and 100% (DC-Full), 
corresponding to half and full doses, respectively. In recovery conditions (DC+Rec), cells were 
first treated for 24 or 48 hours, then washed twice with PBS and incubated with normal drug- and 
cytokine-free endothelial growth media for an additional 24 hours. This resulted in a total treatment 
period of 48 hours for 24h + recovery groups and 72 hours for 48h + recovery groups. 

A 
 

B 
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4.2 Harvesting Cells and Western Blotting  

 
Myotubes in each treatment were washed in 1mL PBS and 100μL lysed (lysis buffer 

containing 1mM EDTA, 2% SDS, 25 mM Tris-HCL pH 7.5, 10μL/mL protease inhibitor 

cocktail, 10μL/mL phosphatase inhibitor cocktail, and 1mM DTT). A scraper was utilized to 

gather the cells and Cell lysates were repeatedly passed through a 1mL syringe, prior to being 

stored at -20 until analysis. Protein concentration of each sample was determined by using the 

Pierce BCA Protein Assay Kit (Thermo fisher, cat#23225). Samples (~25ug) were loaded onto 

10 or 15% SDS-PAGE gels, with the chosen percentage based on the molecular weights of the 

proteins being studied. Following the gel electrophoresis, proteins were transferred onto PVDF 

membranes. The effectiveness of the transfer was determined via Ponceau S staining. 

Molecular weight markers (in kDa) were annotated on each Ponceau-stained membrane 

to verify transfer efficiency and confirm band migration prior to blocking. The same membrane 

was reused only when the target proteins had different molecular weights, ensuring that 

previously detected bands did not overlap with the new targets. In such cases, membranes were 

washed several times with TBST before incubation with a new primary antibody. When 

additional proteins of similar molecular weights were required, new membranes were run using 

the same set of samples and replicates to maintain consistency in data comparison. This approach 

ensured accurate detection across all proteins while preserving membrane integrity and 

reproducibility of results. 

 All membranes were blocked in a solution of 5% milk powder in TBST at room 

temperature for 1h. The membranes were then washed in TBST (3x5 minutes), followed by an 

overnight incubation at 4°C with primary antibodies of interest seen below: 
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Primary Antibody Dilution Purchased from Secondary Antibody 

Gamma-Tubulin 1:1000 Sigma Aldrich #T6557 Anti-Mouse  

MHC  1:500 DSHB #MF-20 Anti-Mouse  

Troponin 1:400 DSHB (JLT-12) Anti-Mouse  

Tropomyosin 1:400 DSHB (CH1) Anti-Mouse  

Ph-S6K1 (Thr389) 1:1000 Cell Signaling (#9234) Anti-Rabbit  

Ph-S6 (Ser235/6) 1:2000 Cell Signaling #4858 Anti-Mouse  

Ph-Akt (Ser473) 1:2000 Cell Signaling #4060 Anti-Rabbit  

BCAT2 1:1000 ProteinTech #16417-1-AP Anti-Rabbit  

BCKD 1:1000 Sigma Aldrich #90198 Anti-Rabbit 

Ph-BCKD (Ser293) 1:1000 Sigma Aldrich #40368 Anti-Rabbit  

BDK 1:1000 Thermo Fisher #PA5-31455 Anti-Rabbit  

Akt  1:1000 Cell Signaling #4691 Anti-Rabbit 

S6K1 1:1000 Cell Signaling #9202 Anti-Rabbit 

SNAT-1 1:1000  Cell Signaling #36057 Anti-Rabbit 

LAT-1 1:500 Invitrogen #PA5-50485 Anti-Rabbit 

P53  1:1000 Cell Signaling #32532 Anti-Rabbit 

P21  1:1000 Cell Signaling #64016 Anti-Rabbit 

 

The following day, membranes were washed (3x5 minutes in TBST) and then incubated 

in anti-rabbit (CST #7074) or anti-mouse (CST #7076) secondary antibodies conjugated to HRP 

at 1:10000 dilution in a solution of TBST mixed with 5% milk powder. The incubation lasted for 

3 hours. After the incubation period, the membranes were washed again, and an HRP chemical 
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luminescent substrate (BioRad, #1705060S) were applied to each membrane prior to signal 

detection using the BioRad ChemiDoc XRS+ system. Image Lab software was used to quantify 

images.  

 

4.3 Immunofluorescence Microscopy: Measuring Myotube Diameter  

 
In this study, C2C12 myoblasts were cultured on glass coverslips situated in 12-well 

plates (Fisher Scientific #092815-9). These cells grow until they achieve a confluence level of 

90-100% (Day 0), at which point the growth media (GM) is replaced with differentiation 

medium (DM) to initiate myotube formation. On Day 5, myotubes were treated with 2 mL/well 

of either 1.4uL/mL of DMSO (Vehicle 24 or vehicle 48) or chemotherapy (20μg/mL CPT-11, 

50μg/mL 5-Fluorouracil, 10μg/mL Leucovorin) and cytokines (20 ng/mL IL-6 and 100 ng/mL 

TNF-alpha) for 24 (DC-24) and 48 hours (DC-48). In a separate group, myotubes were treated 

for 24h with chemotherapy and cytokines, but then washed in PBS and treated with DM for an 

additional 24h (DCW).  

Following treatment, the medium was discarded, and each well was rinsed twice with 1 

mL of PBS under sterile conditions. Subsequently, cell fixation was carried out by adding 1 mL 

of 4% paraformaldehyde (PFA) in phosphate-buffered saline (PBS) to each well, ensuring full 

coverage of the coverslips, and letting it sit for 10 minutes at room temperature with a gentle 

rocking motion. After fixation, the cells were permeabilized by treating them with 1 mL of 

0.03% Triton X-100 in PBS per well, also at room temperature, for 10 minutes. Following 

permeabilization, a PBS wash was administered to each well. The samples were then blocked 

with 400μL per well of 10% horse serum in PBS, at room temperature, for one hour to prevent 

non-specific binding. 
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Post-blocking, the coverslips are incubated overnight with a primary antibody solution 

directed against myosin heavy chain (MHC), prepared at a concentration of 2.5μg/ml in a 

solution containing 1% bovine serum albumin (BSA) in PBS at room temperature. Following 

this incubation period, the coverslips are treated with 500μL per well of Texas Red-conjugated 

anti-mouse IgG secondary antibody, preceding the application of DAPI staining to visualize 

nuclei. Finally, the prepared samples are mounted onto glass slides for microscopic examination. 

Imaging of the slides is conducted using the EVOS FL Auto microscope (from Life 

Technologies), using integrated EVOS FL Auto software for capturing images.  

4.4 BCKD Activity Assay 

Following 24 or 48 hours of chemotherapy and cytokine treatment, myotubes were 

washed twice with PBS (Wisent, #311-010-CL) and replaced with 200 µL of fresh 

differentiation media (DM). The BCKD activity assay was then initiated by adding 856 µL of 

Krebs Ringer Buffer (KRB) supplemented with 1 mg of thiamine hydrochloride and 61 µL of 

radioactive reaction mix to each well. Filter paper wicks (1.3 cm × 2 cm), pre-soaked with 60 µL 

of 2M NaOH, were suspended over each well using clear Scotch tape (3M), to trap the released 

14CO₂. Plates were sealed tightly and incubated at 37°C for 1 hour. After incubation, the filter 

wicks were carefully removed and transferred to scintillation vials (Perkin-Elmer, #6008118) 

containing 3.5 mL of scintillation fluid (Ecoscint A, National Diagnostics, #LS-273) for 

radioactivity measurement. Additionally, 100 µL of media from each well was collected and 

transferred into separate scintillation vials with 3.5 mL of Ecoscint A for analysis of total 

released CO₂. Remaining contents in the wells were aspirated, rinsed twice with cold PBS, and 

lysed in 100 µL of lysis buffer for protein assay to quantify protein levels in each condition. For 

more information on the process, refer to Appendix C. 
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This procedure employed 14C-L-valine as the radiolabeled substrate to trace BCKD 

activity. The resulting CO₂, generated through BCKD-mediated decarboxylation, was captured 

on NaOH-soaked filter paper wicks. Valine was specifically chosen because its corresponding 

keto acid, KIV (α-ketoisovalerate), serves as the preferred substrate for the BCKD complex (76). 

The radiolabeled bicarbonate trapped on the wicks was measured by scintillation counting and 

expressed as counts per minute (CPM), which was subsequently converted to mol CO₂ per µg of 

protein based on protein assay results. For more information on the conversion process, refer to 

Appendix D. 

4.5 Graphical Representation of Western Blots and Statistics  

Statistical analysis was conducted using GraphPad Prism 10 software. Each data set 

represents biological replicates (n=3 or 5 independent experiments) which technical triplicates of 

each condition within experiments. Data distributions are variance homogeneity were assessed 

using Brown-Forsythe and Bartlett’s test, which confirmed equal variances across groups. One 

way ANOVA was performed using Tukey’s multiple comparisons to test differences among 

means between vehicle and chemotherapy-cytokines treated groups. Tukey's post‐hoc tests was 

used to determine statistically significant differences among means. Data were presented as 

mean ± SEM. Significance was determined as p < 0.05. 

 

4.6 Additional information on protein measurements and isoforms: 

The monoclonal antibody MF-20 recognizes a conserved epitope common to all skeletal 

muscle myosin heavy chain (MHC) isoforms, allowing quantification of total MHC content 

regardless of fiber type. Myosin heavy chain 1 (MHC1), encoded by the MYH1 gene, is a major 

structural and contractile protein that binds actin and drives muscle contraction through ATP 
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hydrolysis (180,181). The JLT-12 antibody (DSHB) selectively detects fast skeletal muscle 

troponin T isoforms and does not cross-react with slow isoforms. Troponin T (TnT) anchors the 

troponin complex to tropomyosin, while Troponin I (TnI) acts as the inhibitory subunit that 

blocks actomyosin ATPase activity in the absence of calcium, and Troponin C (TnC) binds 

calcium ions to trigger contraction. Each of these subunits exists in distinct isoforms (fast, slow, 

and cardiac), which differ in calcium sensitivity and contraction kinetics (182,183). 

Collectively, these antibodies provided a comprehensive measure of myofibrillar protein 

composition, capturing both total MHC content and fast-type contractile protein expression in 

response to chemotherapy and cytokine treatments.  
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Results  

Chemotherapy Drugs and Cytokines Induce Myotube Atrophy and Reduce Myofibrillar 
Protein Abundance 

Immunofluorescence staining for myosin heavy chain (MHC-1) revealed that 

chemotherapy and cytokine treatment significantly reduced myotube diameter by 26% and 29% 

in the DC-24h (drug and cytokine treatment for 24 hours) and DC-48h (drug and cytokine 

treatment for 48 hours) groups, respectively, compared to vehicle (figure 4.4 A–C). Although the 

DC+Rec group showed a slight increase in myotube diameter, this change was not statistically 

significant, and the number of nuclei remained unchanged across all treatment groups (figure 4.4 

A-C). Western blot analysis of myofibrillar proteins showed differential reductions across 

treatment conditions (figure 4.4 D-F). MHC-1 levels decreased notably in both DC-24h and DC-

48h compared to vehicle, while DC+Rec showed a slight reduction (figure 4.1D). Troponin-T 

levels were most reduced in DC-48h, with a partial restoration observed in DC+Rec, though still 

lower than vehicle (figure 4.4 E). Tropomyosin was significantly lower in DC-24h and DC-48h 

compared to vehicle, and also remained reduced in DC+Rec (figure 4.4 E). All protein levels 

were normalized to Ponceau S (figure 4.4 D–F). The MHC-1 antibody used to measure total 

myosin heavy chain across all isoforms, while Troponin specifically recognizes fast skeletal 

troponin T. Therefore, the observed reductions indicate loss of overall myofibrillar proteins, with 

a greater effect on fast-type contractile components, consistent with chemotherapy-associated 

muscle atrophy. 

Relative to the vehicle group, there was a reduction in myofibrillar protein abundance in 

myotubes that were treated with the drug-cytokine combination for 48 hours (DC-48h). 

Downward trend was observed in MHC-1, with levels decreasing by approximately 35% in DC-
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24h, 36% in DC-48h compared to vehicle (figure 4.4 D). Although there was no significant 

difference among the DC+Rec group in MHC-1 levels, there was a reduction by 27% compared 

to vehicle (figure 4.4 D). Troponin levels were significantly reduced, showing a 76% decrease in 

DC-48h and 65% in DC+Rec compared to vehicle (p < 0.05), suggesting partial recovery of 

troponin expression (figure 4.4 E). Tropomyosin expression significantly decreased by 65% in 

the DC-24h group and 67% in the DC-48h group (p < 0.05) compared to vehicle, with a 51% 

reduction in DC+Rec that did not reach statistical significance but showed a trend (p ≤ 0.1) 

(figure 4.4 F). 

  



  41  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

  

400 um 400 um

400 um 400 um

400 um 400 um

400 um400 um

Texas Red (10X)  DAPI (10X)  Merged (10X)  

 Vehicle 
 
 
 
 
 
 
  DC-24  
 
 
 
 
 
  DC-48 
 
 
 
 
 
DC+Rec 

A 

B C 



  42  

 

 

 

  

 

  

  

 

 

 

 

 

 

 

 

Figure 4.4 Chemotherapy and cytokine treatment reduces myotube diameter and myofibrillar protein 
expression. Myotubes were treated with a combination of chemotherapy drugs (20 µg/mL CPT-11, 
50 µg/mL 5-Fluorouracil, 10 µg/mL Leucovorin) and inflammatory cytokines (20 ng/mL IL-6, 
100 ng/mL TNF-α) or vehicle (DMSO, referred as V) for 24 h (DC 24h), 48 h (DC 48h), or treated 
for 24 h followed by 24 h recovery in differentiation media (DC+Rec). (A) Immunofluorescence 
staining for myosin heavy chain-1 (MHC-1), which is stained with Texas Red, and DAPI-labeled 
nuclei (Bar, 400 μM). Quantification of myotube diameter (B) and number of nuclei per 
myotube (C). Western blot analysis (D–F) and quantification of MHC-1 (D), troponin-T (E), and 
tropomyosin (F), normalized to Ponceau S. Troponin-T and tropomyosin levels were significantly 
decreased in DC 48h groups compared to vehicle, with partial recovery in DC+Rec. Data are 
presented as mean ± SEM from n = 4 independent experiments with at least three technical 
replicates per condition. *p < 0.05 vs. vehicle. MHC-1, myosin heavy chain-1; DAPI, 4′,6-
diamidino-2-phenylindole; V, vehicle; DC, drug + cytokine; Rec, recovery; h, hours; DMSO, 
dimethyl sulfoxide. 
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Chemotherapy drugs and inflammatory cytokines suppress anabolic signaling with partial 

recovery after treatment removal 

Combined treatment with chemotherapy drugs (FOLFIRI) and pro-inflammatory cytokines (IL-6 

and TNF-α) suppressed key anabolic signaling pathways in C2C12 myotubes, including 

upstream (Akt) and downstream (S6K1 and S6) targets of mTORC1. 

Phosphorylated S6K1 (ph-S6K1) levels, shown in figure 4.5A, did not differ significantly 

between treatment groups. However, total S6K1 protein levels (figure 4.5B) were significantly 

reduced at 48 hours (–48% vs. vehicle; p < 0.05), and remained similarly suppressed in the 

DC+Rec group (–44% vs. vehicle). Consequently, the ratio of ph-S6K1 to total S6K1 (figure 

4.5C) progressively increased with treatment duration: +33% at 24h, +88% at 48h, and +149% in 

the recovery group, although this increase was not statistically significant (p > 0.05; figure 4.5C), 

this might indicating a potential relative enhancement of phosphorylation efficiency despite total 

protein loss. 

We examined another anabolic signaling protein, Akt, which acts upstream of mTORC1. 

Although changes in Akt phosphorylation were not statistically significant, there was an 

interesting trend across the treatment groups. Phosphorylated Akt (ph-Akt, Ser473) levels (figure 

4.5D) showed a decreasing trend at 24h (–60%) and 48h (–35%) relative to the vehicle, 

suggesting possible inhibition of upstream signaling. Total Akt protein levels (figure 4.5E) 

remained stable. The ph-Akt/total Akt ratio (figure 4.5 F) exhibited a modest increase in the 

DC+Rec group (+7.2%) compared to vehicle, indicating a trend toward recovery following 

treatment removal. 
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Phosphorylated ribosomal protein S6 (ph-S6, Ser235/236; figure 4.5G), a downstream 

target of mTORC1, showed no statistically significant differences between each condition (p > 

0.05). However, there was a clear trend of decreased phosphorylation: –28% at 24h and –65% at 

48h compared to vehicle. In the recovery group (DC+Rec), ph-S6 levels remained suppressed (–

50%), suggesting that chemotherapy and cytokine treatment may impair mTORC1 signaling, 

with only partial recovery observed following treatment removal. 
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Figure 4.5 Chemotherapy and cytokine treatment suppress anabolic signaling in C2C12 
myotubes. C2C12 myotubes were treated with chemotherapy and inflammatory cytokines for 24h 
(DC-24), 48h (DC-48), or for 24h followed by a 24h recovery period in normal differentiation 
media (DC+Rec). (A–C) Phosphorylated S6K1 (ph-S6K1; A) levels remained unchanged across 
all treatment groups. In contrast, total S6K1 protein levels (B) were significantly reduced at 48h 
and in the recovery group compared to vehicle (p = 0.0274 and p = 0.0453, respectively). As a 
result, the ph-S6K1 to total S6K1 ratio (C) increased across all conditions, although this trend was 
not statistically significant (p > 0.05). (D–F) Phosphorylated Akt (ph-Akt; D) showed a decreasing 
trend at 24h and 48h, while total Akt protein (E) remained stable. The ratio of ph-Akt to total Akt 
(F) showed a non-significant increase in the DC+Rec group (p > 0.05). (G) Phosphorylation of 
ribosomal protein S6 (ph-S6) was reduced at 24h and 48h and remained suppressed during 
recovery, though these changes were not statistically significant (p > 0.05). Representative 
Western blot images and Ponceau S loading controls illustrate band expression for each target 
protein. Data are shown as mean ± SEM (n = 3). *p < 0.05 vs. vehicle. 
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Chemotherapy and Inflammatory Cytokines Enhances BCAA Catabolism  

Decreases in amino acid levels, particularly BCAA, intrigued us to explore BCAA 

catabolism in C2C12 myotubes. Protein expression of BCAT2 showed a moderate increase at 

48h (+21%) that was not statistically significant, while a decrease (–21%) was observed in the 

drug recovery (DC+Rec) group (figure 4.6A). BDK expression, which inhibits BCKD through 

phosphorylation, showed similar trend as BCAT2 for DC48 and DC+Rec, where it was elevated 

by 57% at 48 hours and declined by 21% in the DC+Rec group compared to vehicle, though 

these changes were not significant (figure 4.6B). Likewise, phosphorylation of BCKD 

normalized to Ponceau staining showed no significant differences (figure 4.6C). However, when 

normalized to total BCKD, phosphorylation at Ser293, which suppresses enzymatic activity, was 

reduced at 48 hours by 55% (p = 0.0682) and remained suppressed in the DC+Rec group 

(figure4.6E). Interestingly, BCKD activity, measured by the release of ¹⁴CO₂ from ¹⁴C-labeled 

valine, significantly increased in the DC+Rec group compared to vehicle (figure 4.6F).  
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Figure 4.6 Chemotherapy and Inflammatory Cytokines Enhance BCAA Catabolism. C2C12 
myotubes were treated with chemotherapy and inflammatory cytokines for 24h (DC-24), 48h (DC-
48), or for 24h followed by a 24h recovery period in normal differentiation media (DC+Rec). 
Samples were harvested and immunoblots (A–E), along with quantified data for BCAT2 (A), BDK 
(B), and phosphorylated BCKD normalized to Ponceau (C), total BCKD normalized to Ponceau 
(D), and the ratio of ph-BCKDSer293 to total BCKD (E), which showed a decrease in the DC+Rec 
group compared to vehicle (p = 0.0682). BCKD activity, measured by the release of 14CO₂ from 
14C-labeled valine (F), significantly increased in the DC+Rec group compared to vehicle. Data are 
presented as mean ± SEM from n = 4 independent experiments, each with at least three technical 
replicates. p < 0.05. V, Vehicle; DC, Drug + Cytokines; DC+Rec, Drug + Cytokines followed by 
Washout and Recovery; h, hours. 

 

Increased SNAT-1 and LAT-1 Expression following Chemotherapy and inflammatory 
Cytokines treatment  

Chemotherapy and inflammatory cytokines significantly increased the expression of 

amino acid transporters SNAT1 and LAT1 in C2C12 myotubes. SNAT1 protein levels were 

significantly elevated at DC 48h compared to vehicle (+78%, p < 0.05) and also compared to DC 

24h (+48%, p < 0.05; figure 4.7 A). In the DC+Rec group, SNAT1 expression declined slightly 

(–29% vs. 48h), but remained higher than vehicle (+49%), although this difference was not 

statistically significant (p > 0.05), indicating only partial reversal following drug removal. LAT1 

expression remained unchanged at 24h and 48h but was significantly increased in the DC+Rec 

group (+127% vs. vehicle, p < 0.05; figure 4.7B). These findings indicate that chemotherapy and 

cytokines enhance amino acid transporter expression, potentially reflecting increased demand for 

amino acid uptake under stress conditions.   
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Figure 4.7 Chemotherapy and Inflammatory Cytokines Increase Amino Acid Transporter 
Expression. C2C12 myotubes were treated with chemotherapy and inflammatory cytokines for 
24h (DC-24), 48h (DC-48), or for 24h followed by a 24h recovery period in normal differentiation 
media (DC+Rec). Samples were harvested and immunoblots were performed. Western blot 
analysis showing SNAT1 (A) and LAT1 (B) expression levels in C2C12 myotubes. SNAT1 
expression was significantly increased in the DC 48h group compared to vehicle and DC 24h (p < 
0.05). LAT1 levels remained unchanged at 24h and 48h but were significantly elevated in DC+Rec 
relative to vehicle (p < 0.05). Protein levels were normalized to Ponceau S. Data are presented as 
mean ± SEM (n = 3). p < 0.05 vs. vehicle. Representative Western blot images are shown below 
each bar graph. 
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Upregulation of Stress-Responsive Markers in Skeletal Muscle Microvascular Endothelial 
Cells Following Chemotherapy and Pro-Inflammatory Cytokine Treatment 

Chemotherapy and inflammatory cytokines significantly increased the expression of the 

cancer-associated stress markers p53 and p21 in mouse skeletal muscle microvascular 

endothelial cells. The cells were treated with chemotherapeutic agent FOLFIRI and Pro-

inflammatory cytokines at two different dosages, followed by a 24-hour recovery period 

(DC+Rec), assessed at two different tumpepoints:24 and 48 hours, as described in the methods 

section (figure 4.3). After 24 hours of treatment, p53 levels rose by +917% in the DC-Half group 

and +504% in the DC-Full group compared to vehicle (p < 0.01; figure 4.8 A). Interestingly, the 

expression was lower in DC-Full compared to DC-Half (–40.6%, p < 0.05) at 24 hours. 

Following 24-hour recovery, p53 levels declined in both recovery groups (–71.6% in DC-Half + 

Rec and –56.4% in DC-Full + Rec), but remained above vehicle, indicating that the stress 

response had not fully recovered after drug removal. At 48 hours, p53 expression remained 

elevated (+497% in DC-Half and +369% in DC-Full vs. vehicle; p < 0.01) (figure 4.8B), with a 

slight reduction in the full-dose group (–21.5%, p < 0.05). Recovery groups showed a decrease in 

p53 (–77.8% in DC-Half + Rec, –55.1% in DC-Full + Rec), but expression levels did not fully 

recover, supporting residual activation of the stress response pathway (figure 4.8B). 

p21 expression (figure 4.8C) showed a similar pattern. At 24h, p21 increased by +561% 

in DC-Half and +466% in DC-Full compared to vehicle (p < 0.01), with slightly lower 

expression in the full-dose condition (–14.4% vs. DC-Half, p < 0.05, figure 4.8C). Moreover, at 

48h, p21 levels remained high (+468% in DC-Half and +491% in DC-Full vs. vehicle, figure 

4.8D), with a small but significant increase in the full-dose group (+3.9%, p < 0.05). In the 
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recovery groups, p21 declined (–62.6% in DC-Half + Rec and –23.4% in DC-Full + Rec), but 

remained elevated, particularly in DC-Full + Rec (+353% vs. vehicle; p < 0.05; figure 4.8D). 

Total Akt expression remained relatively unchanged across all timepoints and treatment 

conditions. Neither the 24-hour nor 48-hour treatments resulted in statistically significant 

changes in Akt levels. Similarly, no significant differences were observed following the recovery 

periods, indicating that Akt protein abundance was largely unaffected by the chemotherapy and 

cytokine treatments (figure 4.8E).  

  

Po
nc

ea
uS

 

Po
nc

ea
uS

 

P53 --50kDa 

P53 --50kDa 

B A 

-250 kDa  

-150 kDa 

-100 kDa 

-75 kDa 

-50 kDa 

-37 kDa 

-25 kDa 
-20 kDa 
 

 

 

-250 kDa  

-150 kDa 

-100 kDa 

-75 kDa 

-50 kDa 

-37 kDa 

-25 kDa 
-20 kDa 
 

 

 



  52  

  

  

Po
nc

ea
uS

 

Po
nc

ea
uS

 

Po
nc

ea
uS

 

P21 
P21 -20kDa 

Po
nc

ea
uS

 

-20kDa 

C D 

E F 

-75kDa -75kDa Akt  Akt  

-250 kDa  

-150 kDa 

-100 kDa 

-75 kDa 

-50 kDa 

-37 kDa 

-250 kDa  

-150 kDa 

-100 kDa 

-75 kDa 

-50 kDa 

-37 kDa 

-250 kDa  

-150 kDa 

-100 kDa 

-75 kDa 

-50 kDa 

-37 kDa 

-25 kDa 
-20 kDa 
 

 

 

-250 kDa  

-150 kDa 

-100 kDa 

-75 kDa 

-50 kDa 

-37 kDa 

-25 kDa 
-20 kDa 
 

 

 



  53  

 

 

 

 

 

 

 

 

 

 

  

Figure 4.8 Chemotherapy and cytokine treatment increases p53 and p21 expression in endothelial 
cells, with only partial return to baseline after recovery, and reduced total Akt levels. Mouse 
skeletal muscle microvascular endothelial cells were treated with chemotherapy (FOLFIRI) and 
inflammatory cytokines (IL-6 and TNF-α) for 24 or 48 hours at half (DC-Half) or full (DC-Full) 
doses. Additional groups were allowed to recover in normal endothelial growth media for 24 
hours following treatment and PBS wash (DC-Half + Rec, DC-Full + Rec). Figure (A–B) p53 
protein levels were significantly increased at both 24h (A) and 48h (B), especially in DC-Half 
groups. Expression decreased in recovery groups but remained above vehicle levels. Figure (C–
D) p21 expression followed a similar pattern, with strong increases at 24h (C) and continued 
elevation at 48h (D). Recovery groups showed lower expression than treatment groups but did 
not return completely to vehicle levels. Figure (E–F) Total Akt levels remained steady during 
treatment (24h, E; 48h, F) but dropped noticeably in all recovery groups at both timepoints. 
Representative western blots and Ponceau S loading controls are shown below each graph. Data 
are presented as mean ± SEM (n = 3). *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001 vs. 
indicated comparisons.  
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Discussion  
 

This study investigated the impact of FOLFIRI chemotherapy in combination with pro-

inflammatory cytokines (IL-6 and TNF-α) on skeletal muscle and endothelial cells to better 

understand mechanisms contributing to cancer-associated cachexia. Using C2C12 myotubes, we 

measured changes in anabolic signaling and BCAA metabolism, while in primary skeletal 

muscle microvascular endothelial cells we focused on stress-responsive pathways. The goal was 

to determine how these treatments disrupt cellular homeostasis and whether short-term recovery 

could reverse these effects. The findings indicate that chemotherapy and inflammation impair 

both muscle integrity and vascular function through complementary but distinct mechanisms, 

ultimately converging on pathways that limit anabolic capacity and metabolic resilience. 

One of the most notable observations in this study was the impaired anabolic signaling 

pathway. Total S6K1 protein levels were significantly reduced following 48 hours of treatment, 

indicating suppression of mTORC1 activity. Although the ratio of ph-S6K1 to total S6K1 

increased, this likely reflects a compensatory adjustment to the drop in total S6K1, rather than an 

actual boost in anabolic signaling. Since the phosphorylated form did not increase and total 

S6K1 was reduced, mTORC1’s ability to support protein synthesis may still be impaired. These 

findings are consistent with prior reports (98,123,184) that emphasize how a higher ph/total ratio 

can sometimes reflect stoichiometric shifts rather than enhanced activity. Phosphorylated Akt 

levels remained unchanged across treatment groups, suggesting that the upstream IGF/PI3K/Akt 

pathway may not be the primary site of disruption under these conditions. Although it was not 

statistically significant (p > 0.05) but the downward trend in Akt phosphorylation after treatment 

and its partial rebound during recovery suggest an early impairment in Akt activation rather than 
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its degradation, since total Akt levels were preserved. These findings, in conjunction with 

reductions in downstream effectors like S6K1 and S6, indicate that anabolic signaling may be 

disrupted at multiple levels along the IGF-Akt-mTORC1 cascade. The lack of correspondence 

between stable Akt phosphorylation and suppressed downstream mTORC1 targets supports prior 

reports (98,184), which propose that nutrient sensing signals and cellular stress, rather than 

growth factor input alone, may dominate mTORC1 regulation under stressed skeletal muscle 

conditions. 

The observed anabolic deficits were accompanied by alterations in BCAA catabolic 

regulation. While expression levels of BCAT2 and BDK remained stable, phosphorylated BCKD 

at ser293, normalized to total BCKD, showed a decreasing trend, indicating potential activation 

of BCKD through dephosphorylation. This aligns with the significant increase in BCKD enzyme 

activity observed in the recovery group, suggesting that post-treatment, myotubes may engage in 

elevated BCAA oxidation as part of a metabolic recovery process. This adaptation likely reflects 

a metabolic strategy to generate energy when anabolic signalling is supressed, and nutrient stress 

intensifies. By enhancing BCKD activity, cells can funnel BCAA derived carbon skeletons into 

the TCA cycle as acetyl-CoA and succinyl-CoA, supporting ATP production under conditions 

where glucose or lipid oxidation may be limited. This shift could serve as an adaptive 

mechanism to fuel mitochondrial energy production during recovery or reflect a delayed 

response to upstream catabolic stress (98,112,123). 

The analysis of amino acid transporter expression further supports this hypothesis. 

SNAT1 expression significantly increased at 48 hours and remained elevated in the recovery 

condition, indicating enhanced uptake of small neutral amino acids during and after treatment. 
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LAT1 expression, which facilitates large neutral amino acid uptake including BCAAs, was 

increased only during the recovery phase. This pattern may suggest that the cellular machinery 

upregulates transporter systems post-treatment to replenish intracellular amino acid pools 

depleted during chemotherapy-induced stress, potentially restoring the building blocks for 

protein synthesis and repair. 

While our previous lab study by Dr. Stephen Mora presented a reduction in SNAT1 and 

LAT1 expression using L6 myotubes treated with FOLFIRI (185), our findings in C2C12 cells 

showed the opposite trend. These contrasting outcomes likely stem from differences in cell line 

characteristics and experimental design. C2C12 myotubes, derived from mouse tibialis anterior 

muscle, are insulin-sensitive and express the GLUT4 glucose transporter, which may enhance 

anabolic responses and nutrient uptake compared to L6 myotubes, which lack GLUT4. 

Additionally, our experimental model incorporated both chemotherapy and inflammatory 

cytokines (IL-6 and TNF-α), whereas Mora’s study investigated chemotherapy alone. The 

inclusion of cytokines may have intensified cellular stress and triggered adaptive responses, such 

as upregulation of amino acid transporters (24–27). These combined factors likely contributed to 

the observed differences in SNAT1 and LAT1 expression between the two studies. 

In summary, our study indicates how chemotherapy and inflammation impair skeletal 

muscle homeostasis. While some compensatory mechanisms, such as transporter upregulation 

and increased BCKD activity, may offer limited recovery capacity, the persistent disruption of 

anabolic signaling and structural protein integrity underscores the challenge of restoring muscle 

function in cachexia.  
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The parallel experiments in primary endothelial cells revealed a distinct yet 

complementary pattern of disruption centered on stress-responsive signalling rather than direct 

suppression of anabolic pathways. Exposure to chemotherapy and cytokines significantly 

elevated P53 and P21 expression. The upregulation of p53 observed in both the DC-Half and 

DC-Full groups at 24 and 48 hours highlights its central role as a molecular sensor of genotoxic 

and inflammatory stress. While recovery led to partial downregulation of p53, levels did not 

return to vehicle baseline, suggesting sustained transcriptional activity even after drug 

withdrawal. This prolonged p53 activation is consistent with its known role in promoting 

senescence, cell cycle arrest, or apoptosis pathways that could all potentially impair endothelial 

cell function (186–188). 

Interestingly, p53 and p21 expression were consistently higher in the DC-Half group 

compared to the DC-Full condition, despite the latter involving a higher intensity of 

chemotherapy and cytokine exposure. This pattern indicates a dose-dependent but non-linear 

response, where increasing stress does not necessarily result in a proportional increase in stress 

marker expression. One possible explanation is that moderate levels of stress, such as those in 

DC-Half, activate protective pathways like the p53–p21 signaling pathway to promote DNA 

repair, cell cycle arrest, and cellular adaptation (186,187,189,190). However, under more intense 

treatment conditions, as seen in DC-Full, this response may become impaired. 

At higher doses, the stress burden may exceed a critical threshold, leading to partial loss 

of function or damage in endothelial cells. This could reduce the number of cells capable of 

mounting a full stress response. Previous studies have shown that high levels of DNA damage or 

oxidative stress can reduce the expression of p53 target genes through mechanisms such as 
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chromatin remodeling, protein degradation, or the activation of other forms of cell death (189–

191). This supports a threshold-based model, where lower levels of stress engage adaptive 

signaling, while higher doses overwhelm the system and result in reduced transcriptional 

activity. This concept is also reflected in other studies showing that high-dose chemotherapy can 

blunt p53 activity in endothelial cells due to mitochondrial dysfunction, ATP depletion, or 

epigenetic changes (14,90,141,187,188,190,192,193).  

Importantly, studies by Dr. Roudier have demonstrated the role of  p53 in capillary 

rarefaction during muscle unloading. Their work reported that p53 (TP53) expression is 

upregulated in the soleus muscle during atrophy, alongside upregulation of the anti-angiogenic 

factor thrombospondin-1 (THBS1) (194,195). These findings, indicate that persistent p53 

activation can impair angiogenic potential by promoting anti-angiogenic signalling (194,195). In 

skeletal muscle, such a response compromises capillary maintenance and remodeling, reducing 

perfusion and potentially exacerbating muscle wasting (196). Our observation of sustained p53 

activation in endothelial cells suggests that chemotherapy-induced stress may trigger a similar 

anti-angiogenic environment, contributing to vascular dysfunction in cachexia. 

Additionally, Akt signaling, a major regulator of anabolic pathways, negatively controls 

p53 stability through its interaction with MDM2, the primary ubiquitin ligase targeting p53 for 

degradation (70,155,188,197,198). Akt-mediated phosphorylation of MDM2 promotes its 

nuclear localization, where it binds to and targets p53 for ubiquitination and proteasomal 

degradation. This regulatory relationship suggests that a reduction in Akt activity, as observed 

under chemotherapy and pro-inflammatory cytokine conditions, may contribute to sustained p53 

activation and reinforcing anti-angiogenic signaling and endothelial stress responses 
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(71,155,156,188,197,198) Notably, our C2C12 data showed a downward trend in Akt 

phosphorylation after treatment, suggesting that similar upstream impairments may occur in both 

cell types. This shared disruption of Akt signaling may represent a unifying mechanism linking 

impaired muscle anabolism to endothelial dysfunction during cachexia. 

Although our study did not directly distinguish between apoptosis, senescence, or cell 

cycle arrest in treated endothelial cells, the concurrent upregulation of p21 indicates a phenotype 

consistent with prolonged cell cycle arrest and possible senescence. This sustained growth arrest, 

even after the recovery period, may impair the proliferative capacity and barrier integrity of 

endothelial cells, increasing permeability or structural instability. Given the specialized 

continuous endothelium of skeletal muscle capillaries, such dysfunction could compromise 

nutrient and oxygen delivery to myofibers, further linking vascular impairment to muscle 

atrophy (151,177,193,196). Interestingly, total Akt expression remained relatively stable during 

active treatment, suggesting that acute Akt-mediated survival signaling may be preserved in the 

short term. Taken together, these findings suggest that chemotherapy and inflammatory stressors 

elicit a sustained activation of p53/p21 signaling in skeletal muscle endothelial cells, which may 

hinder angiogenic remodeling and contribute to vascular rarefaction. These molecular changes 

could represent a key mechanistic link between endothelial dysfunction and the progression of 

cancer-associated muscle wasting. Further studies evaluating markers of apoptosis, senescence, 

and endothelial permeability will be essential to delineate the specific outcomes of p53 activation 

in this context (163,165,187,193,196,199–201). 

Overall, this study provides new insight into how chemotherapy and inflammatory 

cytokines disrupt skeletal muscle homeostasis through combined effects on myotubes and 
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endothelial cells. By examining both anabolic signaling and BCAA metabolism in C2C12 

myotubes alongside stress-responsive pathways in endothelial cells, we identified Akt–p53 

signaling as a potential mechanistic link between impaired muscle anabolism and vascular 

dysfunction. These findings emphasize that cachexia is not solely a myofiber-driven process but 

involves vascular adaptations that may exacerbate metabolic stress and limit recovery. From a 

translational perspective, targeting pathways that preserve endothelial integrity and muscle 

anabolic capacity may represent a promising strategy to mitigate chemotherapy-induced muscle 

wasting and improve patient outcomes. Future work incorporating co-culture models and in vivo 

validation will be critical for advancing these therapeutic concepts. 
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Limitations and Future Directions 

 

This study highlights the catabolic effects of chemotherapy and cytokines on myotubes 

and stress responses in endothelial cells; however, several limitations should be noted. 

The in vitro design, while useful for isolating cell-specific effects, lacks the physiological 

complexity of in vivo systems, and treatments were applied separately, leaving endothelial-

myotube crosstalk unexplored. 

Some recovery trends were non-significant, likely due to limited sample size, and only 

two fixed doses were tested. Notably, endothelial cells tolerated full-dose chemotherapy, 

suggesting future studies may prioritize this dose, while the stronger stress response at half dose 

warrants investigation into possible non-linear effects. 

Future research should use co-culture or conditioned media models, extend recovery 

periods, and include metabolic and functional assays. Our findings also support exploring 

interventions such as anti-inflammatory agents or amino acid supplementation to preserve 

muscle and vascular integrity during chemotherapy. 

Additionally, future work should evaluate molecular pathways that link endothelial stress 

responses to signaling dysregulation. Specifically, it would be valuable to measure 

phosphorylated Akt and phosphorylated MDM2 (pMDM2) in skeletal muscle endothelial cells to 

determine whether reduced Akt activity could limit MDM2 activation, leading to stabilization 

and upregulation of p53. This approach could provide insight into the mechanistic balance 

between pro-survival and pro-apoptotic pathways in endothelial cells exposed to chemotherapy 

and inflammatory stress. 
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Chapter 8 Appendix  

 

Appendix A- In Vitro Drug and inflammatory cytokine Dosages  

 
To prepare treatment media, each well was filled with 2 mL of chemotherapy-cytokine cocktail 

or vehicle control. With a total of 12 wells (two 6-well plates), 9 wells required treatment and 3 

were assigned as vehicle controls. Therefore, 18 mL of cocktail was needed for the treatment 

group, and 6 mL for the vehicle group. To ensure sufficient volume for pipetting and to avoid 

shortages, an additional 2 mL was added to each group, resulting in a final volume of 20 mL for 

the drug cocktail and 8 mL for the vehicle control. 

 

Figure A1. Experimental timeline for myotube differentiation and chemotherapy-cytokine treatment. 
Myoblasts were seeded and allowed to proliferate until ~80% confluence (Day 0), after which cells 
were switched to differentiation media to form myotubes (Day 0–Day 5). At Day 5, myotubes 
were treated with a chemotherapy drug cocktail (FOLFIRI: CPT-11 [20 μg/mL], 5-fluorouracil 
[50 μg/mL], and leucovorin [10 μg/mL]) combined with pro-inflammatory cytokines (IL-6 [20 
ng/mL] and TNF-α [100 ng/mL]) for 24 or 48 hours. Created with BioRender. 
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Drug Stock Solutions: 
 

CPT-11 (Sigma, #I1406): 50 mg dissolved in 1 mL DMSO (Sigma, #D5879) 

• Weigh 50 mg of CPT-11 on thin filter paper 
• Transfer into a 1.5 mL Eppendorf tube 
• Add 1 mL of DMSO and vortex to dissolve 
• Aliquot into 30μL amounts and store at −20°C  

 
5-FU (Sigma, #F6627): 50 mg dissolved in 1 mL DMSO 

• Weigh 50 mg of 5-FU on thin filter paper 
• Transfer into a 1.5 mL Eppendorf tube 
• Add 1 mL of DMSO and vortex to dissolve 
• Aliquot into 30μL amounts and store at −20°C  

 
Leucovorin (Sigma, #F7878): 20 mg dissolved in 1 mL ddH₂O 

• Weigh 20 mg of leucovorin on thin filter paper 
• Transfer into a 1.5 mL Eppendorf tube 
• Add 1 mL of ddH₂O and vortex to dissolve 
• Aliquot into 30μL amounts and store at −20°C  

 
IL-6 (Sigma-Aldrich, #19646): 5,000 ng dissolved in 1 mL ddH₂O 

• Reconstitute 5μg of IL-6 in 1 mL of ddH₂O 
• Vortex gently to dissolve 
• Aliquot into 50μL volumes and store at −20°C 

 
     TNF-α (R&D Systems, #80-235): 25,000 ng dissolved in 1 mL ddH₂O 

• Reconstitute 25μg of TNF-α in 1 mL of ddH₂O 
• Vortex gently to dissolve 
• Aliquot into 50μL volumes and store at −20°C 

 
Working Concentration Calculations (based on 20 mL total volume for 9 wells): 
 

• CPT-11: 20 µg/mL → (20 µg/mL × 20 mL) ÷ 50,000 µg/mL = 8μL 
• 5-FU: 50 µg/mL → (50 µg/mL × 20 mL) ÷ 50,000 µg/mL = 20μL 
• Leucovorin: 10 µg/mL → (10 µg/mL × 20 mL) ÷ 20,000 µg/mL = 10μL 
• IL-6: 20 ng/mL → (20 ng/mL × 20 mL) ÷ 5,000 ng/mL = 80μL 
• TNF-α: 100 ng/mL → (100 ng/mL × 20 mL) ÷ 25,000 ng/mL = 80μL 
• Vehicle Control (for 3 wells, 8 mL total): 

• Add 1.4 μL/mL of DMSO to differentiation media 
• 1.4μL × 8 mL = 11.2μL of DMSO to 8 mL of DM 
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Appendix B – Immunofluorescence Microscopy (In-vitro) Materials:  

• 12-well plates (Petrie stores)  

• Sterile autoclaved tweezers  

• Cover Slips (Fisher Scientific, #12-54618CIR-2)  

• PBS (Wisent, #311-010-CL)  

• 4% Paraformaldehyde (Sigma, #6148)  

• Triton X-100 (MP Biomedicals, LLC, #M2528)  

• Bovine Serum Albumin (Biotech, #9048-46-9)  

• Horse Serum (Gibco, #26050-088)  

• MHC-1 primary antibody (Development Hybridoma, #MF 20 – s)  

• Fluorochrome Secondary Antibody (Vector Labs, Vectashield, #TI-1000W0901)  

• DAPI Mounting Medium (Vector Labs, Vectashield, #H-1200)  

Protocol:  

1. Sterilize cover slips by autoclaving them. Place a single cover slip into each well of a 12- 

well plate using sterile autoclaved tweezers.  

2. Plate C2C12 myoblasts in the 12-well plate on top of cover slips. Grow myoblasts 

according to regular procedure.  

3. When cells are confluent, change to differentiation medium.  

4. Change medium every 24-48 hours until day 4 or 5 when myotubes are ready for 

treatment. On day 5, treat cells with the chemotherapy drug cocktail and inflammatory 

cytokines according to regular protocol.  

5. Remove medium and rinse each well 2X with 1mL of PBS.  

6. Fixing the cells: Inside the fume hood, add 1 mL of 4% paraformaldehyde (PFA in PBS) 

to each well to fix the cells. Gently rock the plate for 10 minutes at room temperature. 

Since the cells are light-sensitive, cover the plate with aluminum foil during this step. 

After 10 minutes, carefully aspirate the PFA and dispose of it in the designated waste 

container within the hood. 

• Sample Calculation for PFA  

• 4% PFA was already made in the lab, therefore, I did not have to make this. It is 

in 50 ml test tube at -20 C freezer.  
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• 11996.4ul of PBS  

• 3.6uL of Triton  

7. Do 3X quick rinse in PBS with 1mL/well.  

8. PERMEABILIZATION: Permeabilize the cells by adding 1mL/well of 0.03% Triton X-

100 in PBS. Incubate for 5 minutes.  

• Sample Calculation for Triton X-100 (To make 12mLs). Can make this in a 15mL 

test tube.  

• Triton is highly viscous at room temperature. To reduce its viscosity and make it 

easier to handle, transfer the required amount into a small beaker and microwave 

for approximately 30 seconds. 

9. WASHING: Remove Triton solution and wash 5X, 1mL/wash, 5minutes/wash.  

10. Blocking: Thaw a horse serum. Incubate with 400μL/well of blocking solution: 10% 

horse serum in PBS. Block at 37°C for 1hour with periodic swirl.  

• Sample Calculation for blocking solution (to make 5mLs)  

- 480uL of horse serum  

- 4320uL of PBS  

11. Primary Antibody: Add sufficient amount of diluted antibody, ~500μL/well. (MHC-1 

from DSHB #MF-20, 2.5μg/mL diluted in 1% BSA in PBS). Incubate overnight at 4°C 

with gentle rocking.  

o Sample calculation for primary antibody (to make 7mLs)  

§ 5,425 uL of PBS  

§ 700 uL of 1% BSA  

§ 875 uL of MHC primary  

• For MHC, 2.5ug/mL (conc we want) x 7mLs (total volume) / 20 

ug/mL (this value is conc on MHC tube) = 875 uL  

12. Wash: Decant and save primary antibody. Do one quick rinse in PBS and then 3X wash 

in PBS, 5minutes/wash with gentle rocking.  
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13. Secondary Antibody: Dilute secondary antibody (Texas Red anti-mouse IgG, raised in 

horse). Dilute 1:100 with 1% BSA in PBS. After removing PBS from washing (step 12), 

add 500μL/well of the diluted secondary antibody and incubate for 2hour, room 

temperature on a rocker. Make sure to keep the wells covered and protected from light 

using aluminum foil. This is to ensure that no photo-damage takes place on the 

fluorochromes of the secondary antibody.  

• Sample calculation for secondary antibody (to make 5.5mLs)  

- 5445uL of PBS  

- 55uL of 1% BSA  

- 55uL of secondary (anti mouse, horse raised)  

14. WASH: Remove secondary antibody and wash 5X, 10minutes/wash in PBS.  

15. MOUNTING: Take appropriately labelled microscope slides. Put a drop of mounting 

medium on each slide. The mounting medium contains DAPI (to stain the nucleus) and 

antioxidants to prevent oxidation of the fluorochromes.  

16. With a pair of tweezers, take the cover slip out and invert the slip on the mounting 

medium. Ensure the side on which the cells are face the DAPI mounting medium.  

17. MICROSCOPY: Observe under the microscope.  
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Appendix C – In-vitro BCKD Activity Assay Materials and Protocol 

Materials: 

• Heat Pad 

• PBS (Wisent, #311-010-CL) 

• 1 mL Syringes (Petrie Stores) 

• Cell Scraper 

• Eppendorf Tubes (Petrie Stores) 

• 6-Well Cell Culture Plates (Petrie Stores) 

• Clear Scotch Tape 

• Scintillation Vials (Perkin-Elmer, #6008118) 

• Scintillation Fluid (Ecoscint A, National Diagnostics, #LS-273) 

• Filter Paper Wicks (1.3 cm × 2 cm) 

• 2M NaOH 

• Heated Incubator (Non-shaking) 

• Growth Media (GM), made by supplementing AMEM (Wisent Inc, #310-010-CL) with 

10% FBS (Gibco, #12483-020) and 1% Antibiotic (Gibco, #15240-062) 

• Krebs Ringer Buffer (KRB): 856 µL/well 

• Thiamine Hydrochloride (Sigma, #T1270): 1 mg/856 µL of KRB 

• Valine (Sigma, #V0513) 

• Radioactive Valine (Perkin Elmer, #NEC291EU050UC) 

• Lysis Buffer 

Protocol: 

1. C2C12 myotubes were seeded in 6-well plates at 200,000 cells/well and grown to day 0. 

Cells were differentiated and treated according to experimental conditions. 

2. Prepare taping and filter paper wicks: 

o Four pieces of tape per 6-well plate: one for the long side with three wicks, three 

small pieces for the short side (one wick each) 

3. Prepare KRB (856 µL/well) supplemented with thiamine hydrochloride (1 mg/856 µL) 

4. Prepare 61 µL/well of reaction mix (radioactive; wear PPE and use radioactive bench) 
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5. In sterile conditions, aspirate the media from each well and replace with 200 µL of fresh 

DM 

6. Move the plate to the radioactive bench 

7. Add 856 µL/well of KRB + thiamine hydrochloride 

8. Add 61 µL/well of reaction mix 

9. Add two filter paper wicks with 60 µL of 2M NaOH in the center of designated control 

wells 

10. Mount tape strips across the 6-well plate to suspend the filter paper wicks above each 

well; secure properly to avoid gaps 

11. Place the lid on the plate and wrap it securely with clear tape to avoid contamination 

12. Incubate at 37°C, 0 rpm for 1 hours 

13. Meanwhile, label scintillation vials and fill with 3.5 mL scintillation fluid; also prepare 

lysis buffer and labeled Eppendorf tubes 

14. After incubation, carefully remove the tape-wick assembly 

15. Use forceps to transfer filter wicks into scintillation vials 

16. Aspirate remaining media and rinse each well twice with ice-cold PBS 

17. Add 100 µL of lysis buffer to each well 

18. Harvest cells for protein content quantification 
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Appendix D – In-vitro BCKD Activity Assay Calculations  

The activity of the BCKD enzyme was quantified by measuring the amount of radiolabeled 

carbon dioxide (^14CO₂) released during the decarboxylation of ^14C-valine. This ^14CO₂ was 

captured on NaOH-soaked filter paper wicks and quantified using a scintillation counter. The 

radioactivity was initially measured as counts per minute (CPM), which reflects the number of 

decay events detected by the counter per minute. However, because scintillation counters do not 

detect every decay event, CPM underestimates the actual radioactivity. To obtain a more 

accurate measurement, CPM was converted to disintegrations per minute (DPM) by 

correcting for the instrument’s counting efficiency, which was assumed to be 45% in this 

experiment. 

Step 1: CPM to DPM Conversion 

DPM = CPM ÷ 0.45  
Example: If CPM = 1350 → DPM = 1350 ÷ 0.45 = 3000 

Step 2: DPM to Moles of CO₂ 

Using the known conversion: 

• 1 µCi = 2.22 × 10⁶ DPM 
• Specific activity of ^14C-valine = 62 mCi/mmol 

mol CO₂ = DPM ÷ (2.22 × 10⁶ × 62) 
Example: 3000 ÷ (2.22 × 10⁶ × 62) = 2.2 × 10⁻⁸ mol CO₂ 

Step 3: Normalize to Protein 

Protein content was measured using the BCA assay, and the final result was expressed as: 

mol CO₂ per µg protein = mol CO₂ ÷ total protein in µg 
Example: 2.2 × 10⁻⁸ ÷ 20 = 1.1 × 10⁻⁹ mol/µg 
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Appendix E - Preparation of 1.5% Gelatin Solution  

 

Materials 

• Gelatin Type A (BioShop, Cat. No. GEL771.500) 

• Double-distilled water (ddH2O) 

• Heat resistant glass container with lead  

• Magnetic stirrer and stir bar 

• Autoclave (liquid cycle) 

 

Procedure 

1. Weigh 1.5 g of Gelatin Type A using a scale. 

2. Add gelatin to a heat-resistant glass container and adjust the final volume to 100 mL with 

ddH₂O. 

3. Place a sterile magnetic stir bar in the container and stir the solution on a magnetic stirrer. 

4. Transfer the container to the autoclave room and autoclave on the liquids cycle until the 

gelatin is fully dissolved and sterilized. (gelatin will not dissolve and homogenize into the 

ddH20 if this step is not done). 

5. After autoclaving, allow the solution to cool to room temperature before use. 

6. Store the prepared gelatin solution at 4°C. 

(notes: only open the bottle in the sterile fume hood)  
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Appendix F – Gelatin Coating Procedure  

To coat plasticware with 1.5% Gelatin for Culturing Mouse Skeletal Muscle Microvascular 
Endothelial cells:  

Coating Procedure: 

1. In the sterile fume hood Add 1 mL of gelatin solution to each well of a 6-well plate, or 3 

mL to a T75 flask. 

2. Tilt to ensure entire surface is coated. 

3. Incubate at room temperature for 5 minutes. 

4. Aspirate and discard the gelatin solution. 

5. Wash it once with 1× PBS. 

6. Add complete Endothelial Cell Medium and equilibrate in the incubator before adding 

cells. 

 


